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Abstract
The effect of nanoparticle surface coating characteristics on colloidal stability in solution is a critical parameter in understanding the

potential applications of nanoparticles, especially in biomedicine. Here we explored the modification of the surface of poly(ethyl-

ene glycol)-coated superparamagnetic iron oxide nanoparticles (PEG-SPIOs) with the synthetic pseudotannin polygallol via inter-

polymer complexation (IPC). Changes in particle size and zeta potential were indirectly assessed via differences between PEG-

SPIOs and IPC-SPIOs in particle velocity and scattering intensity using near-field light scattering. The local scattering intensity is

correlated with the distance between the particle and waveguide, which is affected by the size of the particle (coating thickness) as

well as the interactions between the particle and waveguide (related to the zeta potential of the coating). Therefore, we report here

the use of near-field light scattering using nanophotonic force microscopy (using a NanoTweezerTM instrument, Halo Labs) to de-

termine the changes that occurred in hydrated particle characteristics, which is accompanied by an analytical model. Furthermore,

we found that altering the salt concentration of the suspension solution affected the velocity of particles due to the change of dielec-

tric constant and viscosity of the solution. These findings suggest that this technique is suitable for studying particle surface changes

and perhaps can be used to dynamically study reaction kinetics at the particle surface.
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Introduction
Nanotechnology is an increasingly integral part of modern

medicine, predominantly in the fields of cell labeling, gene and

drug delivery, molecular imaging, and biosensors [1-4]. Nano-

particles can be manipulated or modified to fulfill a specific,

engineered purpose, partially through changing the surface

chemistry or surface coating of the particle. As such, changes in

particle surface properties are often important in determining

whether the particles are appropriate for use in various applica-

tions [5-16]. Due to the difficulty in predicting nanoparticle be-

havior in a biological environment, there is a need for newer
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Figure 1: Optofluidic chip is secured in a chip cassette and is permanently bonded to three optical fibers, which deliver laser light to the three wave-
guides on the chip surface. The chip also has a microfluidic channel with inlet and outlet holes.

techniques to evaluate changes at the particle surface in varied

solvents [7,17,18]. In this work, we present one potential appli-

cation of near-field light scattering-based nanophotonic force

microscopy used to evaluate changes in particle surface and size

by examining the self-assembly of interpolymer complexed

superparamagnetic iron oxide nanoparticles (IPC-SPIOs).

Nanophotonic force microscopy pushes particles against a

waveguide surface, optically trapping the particles by light

confinement [10,19,20]. The evanescent fields are created by

the waveguide, and there are four forces operating on the field:

the gradient force (trapping force), scattering force, coating

force, and drag force (Figure 1) [21]. Nanoparticles are either

trapped in the evanescent field and reside in a potential well or

escape the potential well via Brownian motion due to inade-

quate trapping force [22]. The potential well is the sum of all

forces, and it is generated by both the optical trapping force and

surface repulsion of the nanoparticle [23]. The motion and be-

havior, i.e., velocity and local scattering intensity, of trapped

nanoparticles is characteristic of the particle properties. When

nanoparticles are trapped, the local refractive index of the wave-

guide is changed, which produces a local increase in intensity,

and high-speed imaging of trapped nanoparticles allows for

measurement of interactions between trapped nanoparticles and

the waveguide. A higher intensity signal is created by a particle

in close proximity to the waveguide, while a lower intensity

signal results when the particle is located a greater distance

away from the waveguide. The local intensity is used to deter-

mine the particle equilibrium height (repulsion distance), poten-

tial energy (scattering force), and contact surface force (gradient

force) for individually trapped nanoparticles. Additionally,

unlike most techniques available today, nanophotonic force

microscopy measures the velocity of nanoparticles to determine

interactions between the waveguide and particles that are corre-

lated with the surface properties of individual particles.

A recent study by Hristov and colleagues established that near-

field light scattering using the nanophotonic force microscope

can be used to measure the size of bare silica and PEG-coated

silica nanoparticles very accurately [24]. PEGylation of the

nanoparticle slightly altered the particle’s surface chemistry and

increased the attraction between the nanoparticle and wave-

guide. Researchers attributed the increased diffusion of PEG-

ylated particles towards the waveguide to the slight reduction in

particle surface charge (zeta potential) after PEGylation [24].

This study provided evidence that the nanophotonic force

microscope is efficient in characterization of polymer-coated

nanoparticles. However, due to the fact that the nanoparticle

scattering intensity depends on the dielectric constant of the ma-

terial, multicomponent particle coatings, especially those on

metallic or metal oxide materials such as those studied here,

make finite measurement of the particle size more arduous with

nanophotonic force microscopy. Here we report a simpler

method to determine changes in particle characteristics based on

particle velocity analysis.

Particles that have been coated with complexed polymers travel

at a different velocity when compared to uncoated/single layer

coated nanoparticles, complicating the analysis of the size of

such particles. The surface properties and size collectively de-

termine the interaction of the particles with the waveguide and

detected local intensity. To this end, three classes of particles,

namely uncoated superparamagnetic iron oxide nanoparticles,

polyethylene glycol-coated superparamagnetic iron oxide nano-

particles, and interpolymer complex-superparamagnetic iron

oxide nanoparticles, were studied for changes in collective size

and surface properties using an analysis of particle velocity on

the waveguide.

Superparamagnetic iron oxide nanoparticles (SPIOs) have been

extensively studied due to their unique chemical, physical, ther-
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Figure 2: (A) Near-field light scattering with relevant forces acting on the particle. (B, C) Trapped particles with different surface properties move
along the waveguide with an equilibrium height determined by the balance of surface repulsion and optical trapping forces.

mal, and mechanical applications in areas such as cell labeling,

tissue repair, drug delivery, magnetic resonance (MR) contrast,

and hyperthermia [25-29]. The properties of SPIOs vary consid-

erably based on the particle size and surface coating, properties,

which also greatly affect the particles’ in vivo biodistribution

and effectiveness in biological applications [30,31]. During

circulation, it is generally understood that larger nanoparticles

have a shorter biological half-life and are cleared by the reticu-

loendothelial system [32]. For biomedical purposes, SPIOs

must be biocompatible, colloidally stable, and well-dispersed in

physiological buffers, which is often accomplished by surface

modification of the magnetic nanoparticles with biocompatible

polymers such as poly(ethylene glycol) (PEG) [32,33]. PEG and

PEG-containing copolymers tend to increase the circulation

time of nanoparticles by reducing opsonization [32,34]. A poly-

meric pseudotannin has been designed to mimic natural tannin

structures and form nanoscale interpolymer complexes with

PEG via hydrogen bonding as a novel coating for SPIO magnet-

ic resonance contrast agents [35-37]. The stability of these com-

plexes is highly dependent on the plurality of the hydrogen

bonds between PEG and pseudotannin [35,36]. In this study,

photonic chips were provided by Optofludics, Inc. (Figure 1).

We hypothesized that the complexation of PEG-SPIOs and

pseudotannin would greatly change the surface properties of the

particles, and we used nanophotonic force microscopy to

observe this change (Figure 2). Furthermore, recent work by

Kong et al. demonstrated the combination of nanophotonic

force microscopy combined with surface enhanced Raman

spectroscopy (SERS) to enable trapping and chemical charac-

terization of individual metallic nanoparticles [38]. Although

not done in the present study, a combined approach using our

methods and those of Kong et al. may be a powerful tool for

dynamic studies of reaction kinetics at the particle surface that

result in changes in particle size, dielectric constant, or surface

chemistry, which is of particular interest in protein adsorption to

nanoparticles for biomedical applications.

Results and Discussion
Size, morphology, and elemental analysis of
nanoparticles
Transmission electron microscopy (TEM) was used to image

uncoated SPIOs and PEG-SPIOs; the results are shown in

Figure 3. Although the particles were aggregated as a result of

the drying process, uncoated SPIOs exhibited spherical mor-

phology (Figure 3A). After PEGylation, PEG-SPIOs showed a

gray halo around the SPIO core as a result of PEGylation

(Figure 3B). Using the TEM images, the mean and standard

deviation of the particle size for uncoated SPIOs and the

PEG coating thickness of PEG-SPIOs were measured to be

13 ± 3 nm (n = 66) and 4 ± 1.0 nm (n = 25), respectively.

Images of the IPC-SPIOs were not obtainable because of the

continuous degradation of the polymer coating under the elec-

tron beam exposure. The energy dispersive X-ray spectroscopy

(EDS) spectrum of the uncoated SPIOs (Figure 3C) showed

peaks corresponding to iron (Fe) and oxygen (O), as expected,

while the TEM grid and Si (Li) detector caused peaks for

carbon (C), copper (Cu), and silicon (Si). These EDS data did

not show any additional elemental peaks from impurities.

Additionally, scanning electron microscopy (SEM) was used to

image uncoated SPIOs, PEG-SPIOs, and IPC-SPIOs, as shown

in Figure 3D–F. The particles were moderately spherical, with

an average diameter of 18 ± 2 nm (n = 20) for uncoated SPIOs,

30 ± 6 nm (n = 20) for PEG-SPIOs, and 39 ± 5 nm (n = 20) for

IPC-SPIOs. There was a gradual increase in size with the addi-

tion of the polymer coatings on the SPIOs.

Hydrodynamic diameter and zeta potential of
nanoparticles
Dynamic light scattering (DLS) was used to measure the hydro-

dynamic diameter, polydispersity index, and zeta potential (ζ).

The mean hydrodynamic diameter of the samples increased

with the addition of PEG and polygallol to the complexation.

The polydispersity index of uncoated SPIOs was 0.16, which
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Figure 3: TEM images of uncoated SPIOs (A), PEG-SPIOs (B) with scale bar of 20 nm. EDS spectrum of uncoated SPIOs (Fe3O4) (C). SEM images
of uncoated SPIOs (D), PEG-SPIOs (E), and IPC-SPIOs with PEG and polygallol (F). PEG-SPIOs (n = 66) and uncoated SPIOs (n = 25) were
measured to calculate the mean size of the particles and PEG coating thickness in the TEM images, respectively.

was greater than that of PEG-SPIOs and IPC-SPIOs, likely due

to aggregation and polydispersity of the sample synthesized

using the co-precipitation method. The zeta potential of the

uncoated SPIOs is strongly negative (−50 mV), while the zeta

potential of PEG-SPIOs is slightly higher (−45 mV) due to the

neutral PEG shielding the SPIO core. The thicker coating layer

of PEG-pseudotannin on IPC-SPIOs shielded the charge even

more (−26 mV).

Particle characterization via nanophotonic
force microscopy
The NanoTweezerTM system was used to analyze uncoated

SPIOs, PEG-SPIOs, and IPC-SPIOs. Each particle sample was

mixed with 1% pluronic (Pluronic F-68) before injection into

the waveguide. The uncoated SPIOs stuck to the waveguide and

could not be analyzed further, while the light scattered from

PEG-SPIOs and IPC-SPIOs was imaged, as the laser pushed the

trapped nanoparticles across the waveguide (Figure 4). The par-

ticle velocity across the waveguide was measured using succes-

sive frames, and the light intensity from scattering was also

measured.

For a given laser input power, the measured scattering intensity

was similar for both PEG-SPIOs and IPC-SPIOs (Figure 5A),

with a similar spread of the data. When the intensity measure-

ments were used to calculate the size distributions using a

Rayleigh scattering model that assumed that the lowest ob-

Figure 4: Microscopy images of PEG-SPIOs in aqueous solution. The
laser pushes the trapped nanoparticles across the waveguide via scat-
tering force (pushing force). The frames above capture the movement
of trapped nanoparticles over different time points.

served intensity corresponds to the particle diameter of a single

uncoated SPIO (13 nm) measured by TEM, the calculated parti-

cle diameter for uncoated SPIOs, PEG-SPIOs, and IPC-SPIOs

was very similar. However, this calculation neglects the differ-
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Figure 5: (A) Intensity and velocity distributions of PEG-SPIOs (n = 47) and IPC-SPIOs n = 51), presented as box plots.

Table 1: Hydrodynamic diameter, polydispersity index (PDI), and zeta potential (ζ) of uncoated SPIOs, PEG-SPIOs, IPC-SPIOs with PEG and poly-
gallol measured in triplicate using a Malvern Zetasizer ZS instrument. The diameters also were measured by TEM and SEM.

Diameter,DLS (nm) PDI, DLS ζ, DLS (mV) Diameter, TEM (nm) Diameter, SEM (nm)

Uncoated SPIOs 57.2 ± 2.7 0.161 −50.5 ± 0.5 12.95 ± 3.7 (n = 66) 18.3 ± 1.8 (n = 20)
PEG-SPIOs 72.6 ± 0.3 0.107 −45.6 ± 1.0 3.61 ± 1.0 (n = 25)

(coating thickness)
30.2 ± 5.6 (n = 20)

IPC-SPIOs 112.9 ± 0.5 0.082 −26.0 ± 0.3 – 38.8 ± 5.2 (n = 20)

ence in refractive index of the inorganic iron oxide nanoparticle

core and the hydrated polymeric coating. Therefore, the parti-

cle diameter calculated for PEG-SPIOs and IPC-SPIOs with this

method was not in agreement with the diameter measured using

dynamic light scattering (Table 1).

The distribution of velocity of individual particles (in microme-

ters per second (Figure 5B)) revealed that PEG-SPIOs moved

significantly faster across the waveguide than IPC-SPIOs and

also had a wider distribution in velocity. The spread of the

velocity data amongst individual PEG-SPIO particles agrees

with the larger polydispersity index measured for PEG-SPIOs

as compared to IPC-SPIOs (Table 1). IPC-SPIOs likely experi-

enced increased physical interaction with the waveguide sur-

face compared with PEG-SPIOs, thereby decreasing their

velocity, as is explored in the analytical model below. The in-

creased interaction observed suggested that IPC-SPIOs were

also less colloidally stable. According to the zeta potential data

(Table 1), uncoated SPIOs and PEG-SPIOs have a highly nega-

tive charge, −50 mV and −45 mV, which is capable of initi-

ating a strong electrostatic repulsion between the nanoparticles

and the negatively charged waveguide. However, unlike PEG-

SPIOs, uncoated SPIOs likely stuck to the waveguide owning to

the absence of surface modification. Without a surface coating,

which acts like a lubricant or spring, the uncoated SPIOs are at-

tracted to the waveguide by the gradient force (attraction force)

without the repulsive coating force to counterbalance the inter-

action. Moreover, IPC-SPIOs with a charge of −26 mV have a

weaker electrostatic repulsion, which contributes to slower

movement when compared to PEG-SPIOs. The details of these

interactions are explored in the analytical model that follows.

Analytical model for velocity vs intensity
We have developed a preliminary model to describe the effect

of surface coating on a nanoparticle’s motion across the wave-

guide. As an example, we consider a particle and waveguide

under an exponentially decaying repulsive force (e.g., electro-

static repulsion). We begin by equating the electrostatic repul-

sion force between the waveguide and coated nanoparticle,

which exponentially decays as distance from the surface is in-

creased, Fcoat = F0 exp(−γz), with the optical trapping force,

Ftrap = [(2πα/c)·(∂I/∂z)], where z is the particle–waveguide sep-

aration, F0 is the force required to completely compress the

coating whereby the particle touchs the waveguide, γ is the
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Fcoat force decay constant, α is the particle polarizability, c is

the speed of light, and I is the local intensity of the laser light at

the location the nanoparticle. Assuming the evanescent field

behaves as I = Imax exp(−βz), we obtain the following expres-

sion for z after expanding about an average height above the

waveguide, zave:

(1)

where αave is the average polarizability of a particle. The ob-

served scattered light intensity from the nanoparticle, Pmic, is

given by Pmic = B·I·σscat, where B is a constant dependent on

the observation conditions (e.g., the numerical aperture of the

lens, exposure time). Assuming Rayleigh theory, the scattering

cross section σscat is proportional to α2, and by substitution we

obtain:

(2)

As the particle approaches the waveguide surface, z decreases

and Pmic increases at a rate that is inversely proportional to γ, a

measure of the coating strength. The more repulsive the interac-

tion between the nanoparticle and waveguide, the higher the

value of γ, representing a higher quality coating of the nanopar-

ticle. Implicit in Equation 2 is that the variation in scattered

light observed experimentally is due primarily to variations in

σscat, which in this case is due to differences in particle size as

well as the particle’s dielectric constant, rather than the

particle’s position in the evanescent field. If we expect varia-

tions in z to be ±10 nm, then with I = Imax exp(−βz), the varia-

tion in scattered light due to position is ≈10%, which is ≈100×

less than observed in the experiment. In previous studies

(Hristov et al., 2017), the particle material was held constant

while varying the size, which permits analysis of particle size

based on variations in z [24]. Since that approach is not possible

with these particles due to the change in dielectric constant with

particle coating, we instead used the observed scattered light to

normalize propulsive forces and subsequently elucidated the

effect of particle–waveguide interactions on velocity.

The propulsion force is the summation of scattering and absorp-

tion forces, Fprop = Fabs + Fscat = (σscat + σabs)I/c, where σscat

and σabs are the scattering and absorption cross section, respec-

tively. The interaction between the particle and waveguide sur-

face is represented by a friction force, Ffric, which is a complex

function of numerous dynamic properties. We use a simple ap-

proach, assuming Ffric is inversely proportional to height and

increases linearly with velocity (Ffric = Av/z, where A is a con-

stant and v is the velocity). By equating Ffric and Fscat:

(3)

Combining Pmic = B·I·σscat with Equation 3 yields a relation-

ship between the velocity and observed scattered light, which

we expand about an average velocity vave as

(4)

In Equation 4, we assumed that the ratio of σabs/σscat varies less

strongly than y and σscat (reflected in Pmic). From Rayleigh

theory, σscat varies with α2 while σabs/σscat varies roughly with

α. While this assumption will add noise, it should be small in

comparison with the overall effect. For non-absorbing dielec-

tric particles, the above result is exact. Since the propulsive

force can be normalized to the observed light, this approach can

be used to discriminate differences in particle–waveguide inter-

actions independent of our knowledge of particle properties

(e.g., size or refractive index) or how they explicitly vary in the

sample.

Figure 6A and Figure 6B show the measured and predicted vari-

ation in observed velocity of individual particles across the

waveguide versus the intensity of scattered light, with the

prediction resulting from Equations 1–4, using values of

β = 0.01 nm−1 and γ = 0.1 nm−1 and 0.2 nm−1 [24]. PEG-SPIOs

have a higher value of γ than IPC-SPIOs, meaning there is a

greater repulsive force between the negatively charged wave-

guide and PEG-SPIOs. This repulsive force is related to parti-

cle surface chemistry and charge, particle size, and particle

dielectric constant. The zeta potential and size data in Table 1

correspond to this conclusion, with the IPC-SPIOs having a zeta

potential closer to neutral and a larger size than PEG-SPIOs.

Given data obtained here, this system provided qualitative

information on particle coating quality. However, this method

needs to be refined further to accurately discern specific

changes in particle size and surface properties.

Analytical model for velocity vs solute
concentration
Additionally, we have developed a preliminary model to

describe the effect of the salt concentration (salinity) of the

solution on a nanoparticle’s velocity across the waveguide. For

spherical particles smaller than the wavelength of light [39-42],

momentum transfer of incident photons triggers scattering and

absorption forces exerted on the particles, directing particle
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Figure 6: Velocity vs intensity. (A) Velocity of individual PEG- and IPC-coated SPIOs vs measured scattering intensity. (B) Predicted variation in the
observed velocity for well coated (red) and poorly coated (black) particles from Equations 1–4 using γ = 0.2 nm−1, γ = 0.1 nm−1, and β = 0.01 nm−1

used for well coated, poorly coated, and evanescent field, respectively.

movement along the laser waveguide [20]. To simplify the

model, the particles are considered as non-absorbing dielectric

particles, only optical scattering acts on the particle,

(5)

where the particle polarizability is α = [3V(ε − εs)/(ε + 2εs)], V

is the particle volume, ε and εS are the dielectric constants of

the particle and solution, respectively, and I is the local intensi-

ty.

As the particle travels in solution, a drag force also acts on the

particle along the opposite direction of the laser waveguide. Ac-

cording to Stokes’s Law, the drag force can be written as,

(6)

where η is the solution viscosity, r is the particle radius and v is

the particle velocity.

When a particle enters the evanescent field and is trapped by the

gradient force, it can be transported along the direction of the

laser waveguide at the speed v. By equating the scattering force

and the drag force, we obtain,

(7)

If we set Q = [(9cλ4ηr) / (4π2α2εs)], then Equation 7 can be

rewritten as,

(8)

Based on the Jones–Dole equation, the solution viscosity η can

be expressed by the solvent viscosity η0 and the solute concen-

tration C as,

(9)

where A is a positive constant that depends on the electrostatic

forces on the ions and B is the Jones–Dole coefficient, which is

an empirical constant correlating ion–solvent interactions. In

Equation 9, the solution viscosity η increases proportionally as

the solute concentration C increases.

On the basis of the Stogryn model, the solution dielectric con-

stant (permittivity), εs, is inversely proportional to the solute

concentration, C [43,44]. As the solute concentration C in-

creases, the solution dielectric constant εs decreases, thus the

particle polarizability α also decreases [45]. Taking the relation

between the solute concentration C and the solution viscosity η,

the solution dielectric constant εs and the particle polarizability

α can be related in Equation 8, where Q is proportional to the

solute concentration C. Additionally, using Equation 6, the

drag force was calculated form the particle velocity and

theoretical solution viscosity. The 10× PBS was approximated

as a salt solution containing 1.37 M sodium chloride.

Equation 6 was fitted using published empirical data [46]. The

calculations assumed an average particle radius of 100 nm. For

the same type of particle with given salt concentrations,

20 μL > 10 μL > 3 μL > 1 μL of 10× PBS, this trend agrees

with our experimental data as shown in Figure 7.
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Figure 7: Measured velocity and drag force of the same particle in solution with different salt concentrations. For salt concentrations
C1 > C2 > C3 > C4, the relation between particle velocity and measured drag force exhibits the relation as shown in the figure.

Conclusion
Near-field light scattering can be used to effectively measure

changes in nanoparticle surface properties and size, as was

demonstrated here using uncoated SPIOs, PEG-SPIOs, and

IPC-SPIOs. The relationship between nanoparticle coating

properties and the velocity of particles in either water or

aqueous solutions with varying salt concentrations were

explored. We described analytical models explaining the effect

of surface–waveguide interactions on the velocity of particles

across the waveguide in both water and salt-containing solu-

tions. Although there is large scattering in the experimental

data, the location of populations of particles in the velocity

versus intensity plots generally agree with the analytical

models; further refinement of the technique is necessary to

develop a more reliable technique. Although not studied in the

present work, this technique holds promise for dynamic studies

of reaction kinetics at the particle surface that result in changes

in particle size, dielectric constant, or surface chemistry, which

is of particular interest in protein or biomolecule binding to

nanoparticles for biomedical applications.

Experimental
Materials for nanoparticle synthesis
The metallic precursors iron(II) chloride (FeCl2), iron(III) chlo-

ride (FeCl3), N,N’-diisopropylcarbodiimide (DIC), 4-dimethyl-

aminopyridine (DMAP), dimethyl sulfoxide (DMSO), dichloro-

methane (DCM), dimethylformamide (DMF), Pd black, sodium

ascorbate, sodium carbonate (Na2CO3) and dextrans were pur-

chased from Sigma-Aldrich (St. Louis, MO, USA). Ammoni-

um hydroxide (28–30 wt %) was purchased from BDH (Poole,

Dorset, UK). Poly(ethylene glycol) 6000 (PEG 6000) was pur-

chased from Alfa Aesar (Heysham, UK). Sodium phosphate

monobasic and dibasic were purchased from Amresco (Solon,

OH, USA). Tribenzyloxybenzoic acid (TBBA) was purchased

from Tokyo Chemical Industry. N2 purged deionized (DI) water

was used throughout the entire experiment. All chemicals used

were of analytical grade.

Synthesis of pseudotannin polygallol
The synthesis of the pseudotannins consisted of conjugating

benzyloxy benzoic acids (BBA) to a linear dextran backbone

and converting those BBAs to phenols via a palladium (black)

catalyzed deprotection reaction, creating a brush-like poly-

phenol [47-51]. The conjugation of BBAs used an optimized

Steglich esterification to bind the carboxyl groups on the BBAs

to the free hydroxyl groups on 40 kDa dextran. For this study,

tribenzyloxybenzoic acid (TBBA) was used as the phenolic pre-

cursor, resulting in a polygallol polymer [35-37].

Synthesis of interpolymer complexed
(IPC)-SPIOs
One mmol FeCl2 was added dropwise to 2 mmol FeCl3 in

50 mL DI water under magnetic stirring [26,52-54]. The solu-

tion was heated to 80 °C, and 30 mL of 1 M NH4OH solution

was added dropwise. After adding ammonia, the mixture was

left for 5 h to approach completion. The solution was cooled to

room temperature, sonicated for 1 h, and washed with DI water

via centrifugation and magnetic decantation until the pH was

around 8. The first 5 min of the centrifugation were done at

2,000 rcf followed by 10 min at 20,000, 35,000, and 50,000 rcf,

respectively, for each of the three centrifugations. Finally,

the nanoparticles were resuspended in DI water to create a

5 mg/mL solution.

For PEGylation, PEG 6 kDa was dissolved in DI water and

mixed with suspended SPIOs (1 mg/mL) in a 1:1 ratio [33]. The
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particles were stirred for 24 h at 800 rpm and were separated via

magnetic decantation; the supernatant was decanted. The solu-

tion was washed three times with DI water to remove excess

polymer. PEG-SPIOs (1 mg/mL in water) and polygallol

(1 mg/mL) were vortexed in a 1:1 volume ratio for 1 h. Finally,

1 M of pH 7.2 phosphate buffer solution was added into the

mixture in a 9:1 ratio to convert the hydrogen bonds between

PEG and polygallol for the complexation reaction.

Transmission electron microscopy and
energy dispersive X-ray spectroscopy
Transmission electron microscopy (TEM, JEOL JEM 2100F,

Japan) was performed at a voltage of 200 kV to assess the size

and morphology of the synthesized particles. Several drops of

the diluted samples were placed on the surface of an ultrathin

carbon film on lacey carbon support film grid (400 mesh, Ted

Pella Inc., Redding, CA). During TEM imaging, energy disper-

sive X-ray spectroscopy (EDS) was used for a quantitative

elemental analysis of uncoated SPIOs (Fe3O4). ImageJ soft-

ware (NIH, Bethesda, MD) was used to measure the mean di-

ameter of the particles from TEM images.

Scanning electron microscopy
Uncoated SPIOs, PEG-SPIOs, and IPC-SPIOs were character-

ized by field-emission scanning electron microscopy (FE-SEM,

Supra 55 VP, Carl Zeiss, Thornwood, NY) with an accelerating

voltage of 2 kV. Each dried sample was placed on a metallic pin

stub with adhesive and was coated with carbon (Cressington

208C High Vacuum Turbo Carbon Coater, Ted Pella Inc.).

Dynamic light scattering and zeta potential
The hydrodynamic diameter, size distribution, polydispersity

index (PDI), and zeta potential of each sample was determined

by dynamic light scattering (DLS, Zetasizer, Malvern NanoZS,

Worcestershire, UK) at room temperature. For DLS, all sam-

ples were suspended in water at a SPIO concentration of

0.05 mg/mL and placed in a DTS1070 folded capillary cuvette

cell (Malvern Instruments, Worcestershire, UK).

Near-field light scattering system (NLS)
A near-field evanescent field was generated by a single-mode

Fabry–Pérot coherent laser diode that was coupled into a silicon

nitride waveguide (Optofluidics) and was capable of trapping

metallic nanoparticles in solution on the waveguide surface. A

microscope with a high frame rate CMOS camera (1,500 fps,

Basler acA2000-165 µm) was used to measure the intense scat-

tered light (local intensity) from trapped metallic nanoparticles.

A 1064 nm laser (NanoTweezerTM instrument, Optofluidics,

maximum 350 mW) was used to produce the evanescent field

by coupling the laser beams into the waveguide with an optical

fiber. The samples were drawn through the system and traveled

through the nanophotonic trap. The flow direction of the sam-

ple is perpendicular to the length of the nanophotonic trap. The

flow rate was restricted to 10 μL/min range using a propor-

tional integral derivative (PID) controller and an in-line flow

rate sensor. Nanoparticles that flow closer to the waveguide are

usually trapped within the evanescent field and are pushed

along the waveguide by laser radiation pressure. NLS custom

software package was used to image and analyze the trapped

nanoparticles by tracking each particle, measuring the particle

density and generating the potential energy well analysis. In the

salt concentration model, different concentrations of 10× PBS

buffer in 10 mL DI water were used to investigate velocity and

drag force (i.e., each of the groups are labelled with a volume

that corresponds to the volume in μL of 10× PBS buffer in

10 mL water). In order to measure PEG-SPIOs, 1% pluronic

(Pluronic F-68) surfactant was added to all solutions. Uncoated

SPIOs were unstable under the same conditions as PEG-SPIOs

and IPC-SPIOs, so we measured these particles in water.

Waveguide and microfluidic chip
As previously described by Kong et al., the microfluidic chips

are 1 cm2 silicon substrates with silicon nitride (Si3N4) wave-

guides patterned by standard microfabrication techniques [38].

The waveguide is composed of rectangular cross-sections with

height of 250 nm and width 600 nm, which are cladded by SiO2

(3 μm above and 5 μm below) across the whole chip except for

a 200 × 200 μm experimental window in the center region of

the chip (Figure 1). During the experiment, the topmost

cladding layer is removed, permitting interaction between the

samples and exposed waveguide. Each chip is comprised of

three waveguides, which allows for experimental redundancy.

The distance between each waveguide at the input edge is 1 mm

and after the experiment window, the waveguide converges to a

corner of the chip near the output edge where transmitted light

is collected by a photodetector. Three polarization-maintaining

optical fibers are supported by a silicon v-groove array and are

optically aligned to the three waveguides permanently bonded

to the chips. Each chip has two through-holes for fluidic access.

Fluid lines are attached to the chip through the o-rings that are

sealed around the through-holes on the back of the chip. There-

fore, flow control is attained through a pressure-regulated

vacuum pump. The microfluidic chips can be reused by

washing with buffer of 1% pluronic F-68 surfactant in 0.22 μm

filtered deionized water.

Acknowledgements
Funding for  th is  work was  provided by the  NIH

(1R21EB017504-01) and the Analytics and Diagnostics Labora-

tory at Binghamton University. We would like to thank Abbey

Weith for her assistance with nanophotonic force microscopy

experiments and initial data gathering.



Beilstein J. Nanotechnol. 2018, 9, 1228–1238.

1237

ORCID® iDs
Yizhong Liu - https://orcid.org/0000-0003-3335-5628
Sebastian R. Freeman - https://orcid.org/0000-0001-8890-145X
Amber L. Doiron - https://orcid.org/0000-0002-6963-0989

References
1. Mahmoudi, M.; Hosseinkhani, H.; Hosseinkhani, M.; Boutry, S.;

Simchi, A.; Journeay, W. S.; Subramani, K.; Laurent, S. Chem. Rev.
2011, 111, 253–280. doi:10.1021/cr1001832

2. Desai, N. AAPS J. 2012, 14, 282–295. doi:10.1208/s12248-012-9339-4
3. Goodwill, P. W.; Saritas, E. U.; Croft, L. R.; Kim, T. N.; Krishnan, K. M.;

Schaffer, D. V.; Conolly, S. M. Adv. Mater. 2012, 24, 3870–3877.
doi:10.1002/adma.201200221

4. Rai, M.; Ingle, A. P.; Birla, S.; Yadav, A.; Santos, C. A. D.
Crit. Rev. Microbiol. 2016, 42, 696–719.
doi:10.3109/1040841X.2015.1018131

5. Gupta, A. K.; Gupta, M. Biomaterials 2005, 26, 3995–4021.
doi:10.1016/j.biomaterials.2004.10.012

6. Grassian, V. H. J. Phys. Chem. C 2008, 112, 18303–18313.
doi:10.1021/jp806073t

7. Lundqvist, M.; Stigler, J.; Elia, G.; Lynch, I.; Cedervall, T.;
Dawson, K. A. Proc. Natl. Acad. Sci. U. S. A. 2008, 105, 14265–14270.
doi:10.1073/pnas.0805135105

8. He, C.; Hu, Y.; Yin, L.; Tang, C.; Yin, C. Biomaterials 2010, 31,
3657–3666. doi:10.1016/j.biomaterials.2010.01.065

9. Sperling, R. A.; Parak, W. J. Philos. Trans. R. Soc., A 2010, 368,
1333–1383. doi:10.1098/rsta.2009.0273

10. Verma, A.; Stellacci, F. Small 2010, 6, 12–21.
doi:10.1002/smll.200901158

11. Albanese, A.; Tang, P. S.; Chan, W. C. W. Annu. Rev. Biomed. Eng.
2012, 14, 1–16. doi:10.1146/annurev-bioeng-071811-150124

12. Mahaling, B.; Katti, D. S. Int. J. Pharm. 2016, 501, 1–9.
doi:10.1016/j.ijpharm.2016.01.053

13. Zhou, X.; Fang, C.; Lei, W.; Du, J.; Huang, T.; Li, Y.; Cheng, Y.
Sci. Rep. 2016, 6, 34574. doi:10.1038/srep34574

14. Jiang, W.; Wang, Q.; Qu, X.; Wang, L.; Wei, X.; Zhu, D.; Yang, K.
Sci. Total Environ. 2017, 574, 771–780.
doi:10.1016/j.scitotenv.2016.09.150

15. Kurtz-Chalot, A.; Villiers, C.; Pourchez, J.; Boudard, D.; Martini, M.;
Marche, P. N.; Cottier, M.; Forest, V. Mat. Sci. Eng. C 2017, 75, 16–24.
doi:10.1016/j.msec.2017.02.028

16. Tse, W. H.; Gyenis, L.; Litchfield, D. W.; Zhang, J. J. Biomater. Appl.
2017, 31, 1087–1096. doi:10.1177/0885328216684651

17. Cedervall, T.; Lynch, I.; Lindman, S.; Berggård, T.; Thulin, E.;
Nilson, H.; Dawson, K. A.; Linse, S. Proc. Natl. Acad. Sci. U. S. A.
2007, 104, 2050–2055. doi:10.1073/pnas.0608582104

18. Saptarshi, S. R.; Duschl, A.; Lopata, A. L. J. Nanobiotechnol. 2013, 11,
No. 26. doi:10.1186/1477-3155-11-26

19. Bendix, P. M.; Jauffred, L.; Norregaard, K.; Oddershede, L. B.
IEEE J. Sel. Top. Quantum Electron. 2014, 20, 15–26.

20. Schein, P.; Ashcroft, C. K.; O'Dell, D.; Adam, I. S.; DiPaolo, B.;
Sabharwal, M.; Shi, C.; Hart, R.; Earhart, C.; Erickson, D.
J. Lightwave Technol. 2015, 33, 3494–3502.
doi:10.1109/JLT.2015.2440216

21. Maragò, O. M.; Jones, P. H.; Gucciardi, P. G.; Volpe, G.; Ferrari, A. C.
Nat. Nanotechnol. 2013, 8, 807–819. doi:10.1038/nnano.2013.208

22. Bergeron, J.; Zehtabi-Oskuie, A.; Ghaffari, S.; Pang, Y.; Gordon, R.
J. Visualized Exp. 2013, 71, e4424. doi:10.3791/4424

23. Hotze, E. M.; Phenrat, T.; Lowry, G. V. J. Environ. Qual. 2010, 39,
1909–1924. doi:10.2134/jeq2009.0462

24. Hristov, D. R.; Ye, D.; de Araújo, J. M.; Ashcroft, C.; DiPaolo, B.;
Hart, R.; Earhart, C.; Lopez, H.; Dawson, K. A. Nanoscale 2017, 9,
4524–4535. doi:10.1039/C6NR09331K

25. Wang, Y.-X. J.; Hussain, S. M.; Krestin, G. P. Eur. Radiol. 2001, 11,
2319–2331. doi:10.1007/s003300100908

26. Thorek, D. L. J.; Chen, A. K.; Czupryna, J.; Tsourkas, A.
Ann. Biomed. Eng. 2006, 34, 23–38. doi:10.1007/s10439-005-9002-7

27. Cha, E.-J.; Jang, E. S.; Sun, I.-C.; Lee, I. J.; Ko, J. H.; Kim, Y. I.;
Kwon, I. C.; Kim, K.; Ahn, C.-H. J. Controlled Release 2011, 155,
152–158. doi:10.1016/j.jconrel.2011.07.019

28. Issa, B.; Qadri, S.; Obaidat, I. M.; Bowtell, R. W.; Haik, Y.
J. Magn. Reson. Imaging 2011, 34, 1192–1198. doi:10.1002/jmri.22703

29. Huang, J.; Zhong, X.; Wang, L.; Yang, L.; Mao, H. Theranostics 2012,
2, 86–102. doi:10.7150/thno.4006

30. LaConte, L. E. W.; Nitin, N.; Zurkiya, O.; Caruntu, D.; O'Connor, C. J.;
Hu, X.; Bao, G. J. Magn. Reson. Imaging 2007, 26, 1634–1641.
doi:10.1002/jmri.21194

31. Duan, H.; Kuang, M.; Wang, X.; Wang, Y. A.; Mao, H.; Nie, S.
J. Phys. Chem. C 2008, 112, 8127–8131. doi:10.1021/jp8029083

32. Jokerst, J. V.; Lobovkina, T.; Zare, R. N.; Gambhir, S. S.
Nanomedicine (London, U. K.) 2011, 6, 715–728.
doi:10.2217/nnm.11.19

33. Masoudi, A.; Hosseini, H. R. M.; Shokrgozar, M. A.; Ahmadi, R.;
Oghabian, M. A. Int. J. Pharm. 2012, 433, 129–141.
doi:10.1016/j.ijpharm.2012.04.080

34. Chen, H.; Paholak, H.; Ito, M.; Sansanaphongpricha, K.; Qian, W.;
Che, Y.; Sun, D. Nanotechnology 2013, 24, 355101.
doi:10.1088/0957-4484/24/35/355101

35. Fisher, O. Z.; Larson, B. L.; Hill, P. S.; Graupner, D.;
Nguyen-Kim, M.-T.; Kehr, N. S.; De Cola, L.; Langer, R.;
Anderson, D. G. Adv. Mater. 2012, 24, 3032–3036.
doi:10.1002/adma.201104437

36. Cheng, H. A.; Drinnan, C. T.; Pleshko, N.; Fisher, O. Z. Soft Matter
2015, 11, 7783–7791. doi:10.1039/C5SM01224D

37. Yoo, E.; Cheng, H. A.; Nardacci, L. E.; Beaman, D. J.; Drinnan, C. T.;
Lee, C.; Fishbein, K. W.; Spencer, R. G.; Fisher, O. Z.; Doiron, A. L.
Colloids Surf., B 2017, 158, 578–588.
doi:10.1016/j.colsurfb.2017.07.025

38. Kong, L.; Lee, C.; Earhart, C. M.; Cordovez, B.; Chan, J. W.
Opt. Express 2015, 23, 6793–6802. doi:10.1364/OE.23.006793

39. Svoboda, K.; Block, S. M. Opt. Lett. 1994, 19, 930–932.
doi:10.1364/OL.19.000930

40. Ng, L. N.; Luff, B. J.; Zervas, M. N.; Wilkinson, J. S.
J. Lightwave Technol. 2000, 18, 388–400. doi:10.1109/50.827512

41. Ng, L. N.; Zervas, M. N.; Wilkinson, J. S.; Luff, B. J. Appl. Phys. Lett.
2000, 76, 1993–1995. doi:10.1063/1.126232

42. Neuman, K. C.; Block, S. M. Rev. Sci. Instrum. 2004, 75, 2787–2809.
doi:10.1063/1.1785844

43. Stogryn, A. IEEE Trans. Microwave Theory Tech. 1971, 19, 733–736.
doi:10.1109/TMTT.1971.1127617

44. Gadani, D. H.; Rana, V. A.; Bhatnagar, S. P.; Prajapati, A. N.;
Vyas, A. D. Indian J. Pure Appl. Phys. 2012, 50, 405–410.

45. Viswanath, D. S.; Ghosh, T. K.; Prasad, D. H.; Dutt, N. V. K.;
Rani, K. Y. Viscosities of solutions and mixtures. Viscosity of Liquids:
Theory, Estimation, Experiment, and Data; Springer: Dordrecht,
Netherlands, 2007; pp 407–434. doi:10.1007/978-1-4020-5482-2_5

46. Hai-Lang, Z.; Shi-Jun, H. J. Chem. Eng. Data 1996, 41, 516–520.
doi:10.1021/je9501402

https://orcid.org/0000-0003-3335-5628
https://orcid.org/0000-0001-8890-145X
https://orcid.org/0000-0002-6963-0989
https://doi.org/10.1021%2Fcr1001832
https://doi.org/10.1208%2Fs12248-012-9339-4
https://doi.org/10.1002%2Fadma.201200221
https://doi.org/10.3109%2F1040841X.2015.1018131
https://doi.org/10.1016%2Fj.biomaterials.2004.10.012
https://doi.org/10.1021%2Fjp806073t
https://doi.org/10.1073%2Fpnas.0805135105
https://doi.org/10.1016%2Fj.biomaterials.2010.01.065
https://doi.org/10.1098%2Frsta.2009.0273
https://doi.org/10.1002%2Fsmll.200901158
https://doi.org/10.1146%2Fannurev-bioeng-071811-150124
https://doi.org/10.1016%2Fj.ijpharm.2016.01.053
https://doi.org/10.1038%2Fsrep34574
https://doi.org/10.1016%2Fj.scitotenv.2016.09.150
https://doi.org/10.1016%2Fj.msec.2017.02.028
https://doi.org/10.1177%2F0885328216684651
https://doi.org/10.1073%2Fpnas.0608582104
https://doi.org/10.1186%2F1477-3155-11-26
https://doi.org/10.1109%2FJLT.2015.2440216
https://doi.org/10.1038%2Fnnano.2013.208
https://doi.org/10.3791%2F4424
https://doi.org/10.2134%2Fjeq2009.0462
https://doi.org/10.1039%2FC6NR09331K
https://doi.org/10.1007%2Fs003300100908
https://doi.org/10.1007%2Fs10439-005-9002-7
https://doi.org/10.1016%2Fj.jconrel.2011.07.019
https://doi.org/10.1002%2Fjmri.22703
https://doi.org/10.7150%2Fthno.4006
https://doi.org/10.1002%2Fjmri.21194
https://doi.org/10.1021%2Fjp8029083
https://doi.org/10.2217%2Fnnm.11.19
https://doi.org/10.1016%2Fj.ijpharm.2012.04.080
https://doi.org/10.1088%2F0957-4484%2F24%2F35%2F355101
https://doi.org/10.1002%2Fadma.201104437
https://doi.org/10.1039%2FC5SM01224D
https://doi.org/10.1016%2Fj.colsurfb.2017.07.025
https://doi.org/10.1364%2FOE.23.006793
https://doi.org/10.1364%2FOL.19.000930
https://doi.org/10.1109%2F50.827512
https://doi.org/10.1063%2F1.126232
https://doi.org/10.1063%2F1.1785844
https://doi.org/10.1109%2FTMTT.1971.1127617
https://doi.org/10.1007%2F978-1-4020-5482-2_5
https://doi.org/10.1021%2Fje9501402


Beilstein J. Nanotechnol. 2018, 9, 1228–1238.

1238

47. Hagerman, A. E.; Riedl, K. M.; Jones, G. A.; Sovik, K. N.;
Ritchard, N. T.; Hartzfeld, P. W.; Riechel, T. L. J. Agric. Food Chem.
1998, 46, 1887–1892. doi:10.1021/jf970975b

48. Labieniec, M.; Gabryelak, T.; Falcioni, G.
Mutat. Res., Genet. Toxicol. Environ. Mutagen. 2003, 539, 19–28.
doi:10.1016/S1383-5718(03)00115-3

49. Liu, X.; Kim, J.-k.; Li, Y.; Li, J.; Liu, F.; Chen, X. J. Nutr. 2005, 135,
165–171. doi:10.1093/jn/135.2.165

50. Souza, S. M. C.; Aquino, L. C. M.; Milach, A. C., Jr.;
Bandeira, M. A. M.; Nobre, M. E. P.; Viana, G. S. B. Phytother. Res.
2007, 21, 220–225. doi:10.1002/ptr.2011

51. Zhang, J.; Li, L.; Kim, S.-H.; Hagerman, A. E.; Lü, J. Pharm. Res. 2009,
26, 2066–2080. doi:10.1007/s11095-009-9932-0

52. Sun, J.; Zhou, S.; Hou, P.; Yang, Y.; Weng, J.; Li, X.; Li, M.
J. Biomed. Mater. Res., Part A 2006, 333–341.

53. Laurent, S.; Forge, D.; Port, M.; Roch, A.; Robic, C.; Elst, L. V.;
Muller, R. N. Chem. Rev. 2008, 108, 2064–2110.
doi:10.1021/cr068445e

54. Bahadur KC, R.; Lee, S. M.; Yoo, E. S.; Choi, J. H.; Ghim, H. D.
Mat. Sci. Eng. C 2009, 29, 1668–1673.
doi:10.1016/j.msec.2009.01.005

License and Terms
This is an Open Access article under the terms of the

Creative Commons Attribution License

(http://creativecommons.org/licenses/by/4.0), which

permits unrestricted use, distribution, and reproduction in

any medium, provided the original work is properly cited.

The license is subject to the Beilstein Journal of

Nanotechnology terms and conditions:

(https://www.beilstein-journals.org/bjnano)

The definitive version of this article is the electronic one

which can be found at:

doi:10.3762/bjnano.9.114

https://doi.org/10.1021%2Fjf970975b
https://doi.org/10.1016%2FS1383-5718%2803%2900115-3
https://doi.org/10.1093%2Fjn%2F135.2.165
https://doi.org/10.1002%2Fptr.2011
https://doi.org/10.1007%2Fs11095-009-9932-0
https://doi.org/10.1021%2Fcr068445e
https://doi.org/10.1016%2Fj.msec.2009.01.005
http://creativecommons.org/licenses/by/4.0
https://www.beilstein-journals.org/bjnano
https://doi.org/10.3762%2Fbjnano.9.114

	Abstract
	Introduction
	Results and Discussion
	Size, morphology, and elemental analysis of nanoparticles
	Hydrodynamic diameter and zeta potential of nanoparticles
	Particle characterization via nanophotonic force microscopy
	Analytical model for velocity vs intensity
	Analytical model for velocity vs solute concentration

	Conclusion
	Experimental
	Materials for nanoparticle synthesis
	Synthesis of pseudotannin polygallol
	Synthesis of interpolymer complexed (IPC)-SPIOs
	Transmission electron microscopy and energy dispersive X-ray spectroscopy
	Scanning electron microscopy
	Dynamic light scattering and zeta potential
	Near-field light scattering system (NLS)
	Waveguide and microfluidic chip

	Acknowledgements
	ORCID iDs
	References

