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Since the discovery of the structure of the DNA double helix in
1953 by Watson and Crick [1], we know that DNA is of critical
importance, carrying the genetic information for all living
organisms. Only a few years later appeared the first reports on
the chemical synthesis of oligonucleotides with a natural 3'-5'
phosphodiester linker by Michelsen and Todd [2]. It took
another two decades until the first step towards building block
chemistry (the so-called phosphoramidte chemistry) was
published by Letsinger and Lunsford, enabling efficient and
fully synthetic access to oligonucleotides [3]. These authors
discovered that DNA building blocks based on phosphorous(I1I)
were significantly more reactive than phosphordiesters or
-triesters. Finally, this approach using phosphoramidites as
nucleoside building blocks was significantly further developed
in 1981 by Beaucage and Caruthers [4]. Since then, oligo-
nucleotides of up to 50-mers in length have become available
by an extremely efficient solid-phase methodology that runs
automatically on machines, so-called DNA synthesizers. With
special care during each synthesis step, even longer oligo-
nucleotides can be prepared in a similar, almost routine fashion.
The field of nucleic acid chemistry has exploded: natural and
artificial functionalities, as well as probes, markers or other bio-
logically active molecules, can be synthetically introduced into

DNA (as well as RNA) by preparing the corresponding artifi-
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cial DNA and RNA building blocks. More recently, the chem-
istry was further developed for building blocks that are other-
wise synthetically not obtainable. In such cases, postsynthetic
strategies can allow for the desired oligonucleotides modifica-
tion. This becomes an even more important issue for functional-
ities, probes or biologically relevant molecules that are incom-
patible with routine phosphoramidite chemistry. Although
nucleic acid chemistry appears to be a mature part of organic
and bioorganic chemistry, the many questions that are still
being raised by research in biology and chemical biology give
sufficient motivation to continue to synthesize new nucleic acid
probes and thereby further develop nucleic acid chemistry.
Moreover, in addition to their biological functionality, DNA
and RNA are considered as increasingly important architec-
tures and scaffolds for two- and three-dimensional objects,
networks and materials for nanosciences. In conclusion, nucleic
acid chemistry continues to maintain its appeal and affords
good reason to focus on in this Thematic Series of the Beilstein
Journal of Organic Chemistry.

Hans-Achim Wagenknecht

Karlsruhe, November 2014
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Abstract

The predictability of DNA self-assembly is exploited in many nanotechnological approaches. Inspired by naturally existing self-
assembled DNA architectures, branched DNA has been developed that allows self-assembly to predesigned architectures with
dimensions on the nanometer scale. DNA is an attractive material for generation of nanostructures due to a plethora of enzymes
which modify DNA with high accuracy, providing a toolbox for many different manipulations to construct nanometer scaled
objects. We present a straightforward synthesis of a rigid DNA branching building block successfully used for the generation of
DNA networks by self-assembly and network formation by enzymatic DNA synthesis. The Y-shaped 3-armed DNA construct,
bearing 3 primer strands is accepted by Tag DNA polymerase. The enzyme uses each arm as primer strand and incorporates the
branched construct into large assemblies during PCR. The networks were investigated by agarose gel electrophoresis, atomic force
microscopy, dynamic light scattering, and electron paramagnetic resonance spectroscopy. The findings indicate that rather rigid
DNA networks were formed. This presents a new bottom-up approach for DNA material formation and might find applications like
in the generation of functional hydrogels.

Introduction

DNA has found applications in the field of nanotechnology due rally existing self-assembled DNA architectures known as Holl-
to its inherent properties. The simplicity and predictability of iday junctions, Seeman envisioned the approach to organize
DNA with branched DNA (bDNA) and thereby initiated the

field of structural DNA nanotechnology [4]. Since then several

DNA secondary structure are of outstanding potential for the

design of self-assembled architectures [1-3]. Inspired by natu-
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reports have described the generation of bDNAs self-assem-
bling to predesigned architectures with dimensions on the
nanometer scale [5-9]. Based on this, numerous examples of 2D
arrays [10-14], DNA origami [15] and complex 3D DNA nano-
structures [16-20] were generated by intelligent algorithmic
assembly design strategies [5-9]. Besides, the directed assembly
of cells was achieved by using duplex DNA to drive the
connections of cells and thereby providing access to micro-
tissues [21,22] or extracellular matrices [23,24] by DNA-based
2D-arrays.

DNA bears the inherent potential, that nature evolved a large
toolbox of different enzymes for manipulation of DNA. These
enzymes can be used to manipulate DNA for the construction of
DNA nanometer scaled objects. For example, DNA ligases
were applied to covalently attach DNA strands to each other to
form covalently linked objects [16,18,25,26]. Furthermore, by
using branched DNA constructs and ligases, a DNA hydrogel
was generated [27-29]. Luo et al. used a DNA based network,
manufactured in that fashion, that can act as a protein
producing gel and can be used as an efficient cell-free
translation system [30]. Recently, ordered 2D DNA scaffolds
were reported in which a nanometer precise arrangement of
enzymes on these scaffolds leads to efficient enzymatic commu-
nication [31]. DNA polymerases have been applied for the
assembly of DNA nanostructures. Joyce et al. employed a DNA
polymerase to synthesize long single-stranded DNA that folds
into an octahedron by assistance of scaffolding DNA oligomers
[17]. In another approach rolling circle amplification was used
for enzymatic amplification of DNA nanostructures [32,33].
Recently, this approach was extended to operate in cells
[34,35].

Furthermore, it has been shown that branched DNA constructs
can form materials by self-assembly [36]. Richert et al. were
able to generate DNA based materials based on branched DNA
molecules which are non-covalently bound to each other by
only hybridization of 2 nucleotides [37]. Interestingly, the
formed DNA networks are remarkably stabilized (up to 95 °C)
compared to the non-branched counterparts.

We previously reported an approach to construct three dimen-
sional DNA networks that were generated and amplified by
DNA polymerase chain reactions (PCR). In order to construct
the network we developed covalently connected, 3-armed
bDNA constructs (Y-motif) that act as primer and reverse
primer strands in PCR [38-40]. The branching of the DNA was
realized via a flexible alkyl chain that was connected to the
nucleobase. Although the primer strands were covalently
connected, they were accepted by a DNA polymerase and DNA
networks formed by the enzyme. Based on this observation, we

Beilstein J. Org. Chem. 2014, 10, 1037-1046.

aim at investigating the impact of geometric constrains within
the covalently branching unit on the network forming behavior
of the branched DNA and the ability of DNA polymerases to
form DNA networks by PCR. Thus, we developed a synthetic
strategy for branched DNA by using a rigid branching point
(Bp), based on the 1,3,5-triethynylbenzene scaffold. After the
synthesis, the branched DNA was investigated towards its prop-
erties in network formation by self-assembly and PCR. We
found that, despite the geometric restriction of the branching
unit, the enzymatic generation of complex DNA networks by
PCR was feasible. The novel generated DNA networks were
investigated by agarose gel electrophoresis, atomic force
microscopy, dynamics light scattering, and electron paramag-

netic resonance spectroscopy on surfaces and in solution.

Results and Discussion

Design and synthesis of the branching molecule. In order to
investigate the impact of rigidity of the branching core on DNA
hybridization and usage of the constructs for network forma-
tion by PCR, we aimed at synthesizing a branching molecule
based on the 1,3,5-triethynylbenzene scaffold. The oligo-
nucleotides should be directly fused to the benzene ring via the
three acetylene modifications resulting in a Y-shape topology.
Thereby a rigid core with reduced degrees of rotation will be
generated in contrast to other approaches that used more flex-
ible branching molecules. The synthesis strategy was designed
to meet the requirements of standard DNA solid support syn-
thesis. Stepwise Sonogashira reaction was employed using the
higher reactivity of iodide in the presence of bromide within
1,3-dibromo-5-iodobenzene (1) employing the known com-
pounds 2 [41] and 4 [42] yielding 5 in acceptable yields
(Scheme 1). Finally, compound 5 was transformed into 6 by
phosphitylation resulting in a building block that bears protec-
tion groups and reactive groups that are standard in solid phase
DNA oligonucleotide synthesis.

Synthesis of branched oligonucleotides. DNA oligo-
nucleotide synthesis was performed at 0.2 pmol scale (trityl-on
mode) employing the standard phosphoramidites and 6 which
was diluted in a mixture containing 10% CH,Cl, in CH3CN to a
final concentration of 0.12 M. 3000 A LCAA-CPG support was
used, derivatized with the respective 3'-nucleotide of the respec-
tive DNA oligomers. Since we later intended to investigate
whether the oligonucleotide branches are used as primers in
PCR (vide infra), the oligonucleotides have to terminate with a
free 3'-hydroxy group. This requires a particular synthesis
strategy (Scheme 2).

The synthesis strategy was adapted in a way that all branches

have the same sequence and terminate with a free 3'-OH group

required for processing by DNA polymerases. This was
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Scheme 1: Reagents and conditions: (a) PdCly(PPh3),, DMF, Cul, NEt3, 55 °C, microwave, 82%; (b) PdCly(PPhz),
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microwave, 48%; (c) CH2Cl,, 2-cyanoethyl-N,N-diisopropylchlorophosphoramidite, N,N-diisopropylethylamine, 0 °C, 84%.
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Scheme 2: Stepwise solid-phase synthesis for branched oligonucleotides. (1): The first oligonucleotide branch is synthesized in 3'-5' direction using
standard phosphoramidites. (Il): Incorporation of the branching point by usage of 6. (ll): Simultaneous synthesis of the two remaining oligonucleotide

branches in 5'-3' direction using inverse protected phosphoramidites.

achieved by the employment of standard phosphoramidites until
the incorporation of the branching unit 6. Afterwards, the
inverse-phosphoramidite strategy was used for the synthesis of
both DNA strands. Following this approach a series of branched
oligonucleotides were synthesized (Figure 1). The average
coupling yield was always higher than 95% requiring a
coupling time of 5 min only for the reaction of 6. DNA-

oligomers were purified twice by HPLC and characterized by
ESI-IT-MS (see Supporting Information File 1).

Characterization of bDNA by thermal denaturation studies
and CD spectroscopy. Formation of stable duplexes with
complementary DNA strands is a prerequisite for the employ-
ment of the bDNA ODN I and ODN II in PCR experiments.
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A B
ODN-sc-l: Bp(5-CG-3');
ODN-sc-ll: Bp(5-TTAA-3')3
ODN-sc-lll: Bp(5'-GGCC-3')3
ODN-sc-IV: Bp(5*-AGGCCT-3)3
ODN-I: Bp(5'-CACCATCACCATCACCA-3);
ODN:-II: Bp(5-GCTAATTAAGCTTGGCT-3)3

|

3-OH

Figure 1: (A) Depiction of synthesized branched oligonucleotides; (B) Sequences of all synthesized branched oligonucleotides. Bp: branchpoint.

Thus, we investigated duplex formation properties. In order to
investigate whether the thymidine residues that are directly
linked to the benzene core are amenable to participate in duplex
formation, complementary oligonucleotides with varied lengths
were investigated and compared to linear, non-branched refer-
ence duplexes. The thermal denaturation studies (see
Supporting Information File 1) indicate that dependent on
length, Y-shaped bDNA ODN I behave comparably to the
linear non-branched counterpart 7 (Table 1). Increases in Ty
were observed with increasing duplex length. Noteworthy, the
obtained results show that the terminal thymidine that is cova-
lently connected to the benzene core via a rigid ethylene bridge
is amenable to contribute to duplex stability. This was evi-
denced by an increase in T, when ODN I was hybridized to 10
in comparison to the one nucleotide shorter 9.

Next, bDNA constructs were characterized by circular
dichroism (CD) spectroscopy. The CD spectra of Y-shaped
bDNA ODN I bound to oligonucleotides 8-11, respectively,

show dichroic peaks similar to those of unmodified DNA
duplexes, indicating that bDNA maintain the B-DNA form (see
Supporting Information File 1).

As the Y-shaped bDNA is able to hybridize with complemen-
tary linear strands, we next investigated, if these constructs can
undergo self-assembly to form DNA networks. For this
purpose, self-complementary (sc) bDNA constructs were
synthesized (ODN-sc-1 to ODN-sc-1V, cf. Figure 1) and the
melting characteristics were addressed by thermal denaturation

studies (cf. Figure 2).

The self-complementary oligonucleotides (5 pM) were annealed
in 10 mM triethylammonium acetate buffer at pH 7 in the
presence of sodium chloride (150 mM), sodium chloride and
magnesium chloride (150 mM and 100 mM, respectively)
or in the absence of salts. The solutions were heated and
the UV absorbance was recorded in dependence on the tempera-
ture.

Table 1: Thermal denaturation studies comparing linear and branched oligonucleotides hybridization. Incorporated phosphoramidite 6 is depicted as

Bp for branched ODN 1.2

Linear DNA bDNA
duplex Tm [°C] duplex Tm [C]
5-TGGTGATGGTGATGGT 87 615 5-TGGTGATGGTGATGGT 8 ODN I 60.4
3-ACCACTACCACTACCACT : (3-ACCACTACCACTACCACT)3 Bp '
5-TGGTGATGGTGATGGTG 07 630 5-TGGTGATGGTGATGGTG 9 ODN | 62.4
3-ACCACTACCACTACCACT ' (3-ACCACTACCACTACCACT); Bp '
5-TGGTGATGGTGATGGTGA 5-TGGTGATGGTGATGGTGA
3-ACCACTACCACTACCACT 107 65.2 (3-ACCACTACCACTACCACT)3 Bp 10 ODNI 640
5-TGGTGATGGTGATGGTGAC 117 636 5-TGGTGATGGTGATGGTGAC 110DNI 623

3'-ACCACTACCACTACCACT

8Temperatures were determined with +0.5 °C accuracy.

(3-ACCACTACCACTACCACT); Bp
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Figure 2: Thermal denaturating studies of self-complementary branched oligonucleotides. Different conditions are indicated in the figure. TEAA:

triethylammonium acetate.

Interestingly, self-complementary constructs with high
GC-content show higher melting temperatures and a strong
increase of the melting temperature on the addition of Mg2*,
whereas the linear control oligonucleotides showed no melting
in all buffers tested (data not shown). In magnesium ion-
containing buffer the CG 2-mer (ODN-sc-I) shows a higher
melting temperature (37.6 °C) as the ODN-sc-II 4-mer
(24.3 °C). The GC-rich 4-mer ODN-sc-III shows high melting
temperatures even in the presence of only sodium chloride
(58.0 °C) and an even higher melting temperature in the pres-
ence of additional magnesium (73.0 °C). The melting tempera-
ture in presence of sodium chloride and magnesium is even
higher than the respective melting temperature of the 6-mer
ODN-sc-1V (50.7 °C). All in all, one can conclude that the self-
assembly of GC-rich self-complementary constructs is stronger
than the self-assembly of AT containing constructs. Further-
more, the self-assembly is much stronger in the presence of
magnesium ions for the GC-rich constructs.

Enzyme catalyzed network growth. Next we investigated
whether the synthesized ODN I and II are suitable primers for
DNA network formation by PCR. We used a 1062 nt open
reading frame of human DNA polymerase B as template and
Thermus aquaticus (Taq) DNA polymerase for amplification. In
earlier studies [17] of flexible Y-motifs strong dependence of
the network formation on the annealing temperature was found.
Therefore, we varied this parameter of PCR and investigated
product formation by agarose gel electrophoresis (Figure 3).

Depending on the cycle number the formation of slower
migrating products was observed. At the highest cycle number
(28 cycles) at all investigated annealing temperatures ranging
from 52—-66 °C the formation of DNA networks with hardly any
mobility was observed. Noteworthy, using linear primer strands
of the same sequence resulted in the formation of the expected
linear reaction products that migrated as expected (see
Supporting Information File 1). No amplification products were
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Figure 3: Generation of DNA networks with Tag DNA polymerase from
1062 nt template using primer ODN | and ODN II. Monitoring of DNA
network growth influenced by varying of annealing temperature (as
indicated) and increasing cycles (10, 18, 22, 28, respectively).

observed in the absence of template DNA under identical condi-
tions (see Supporting Information File 1).

Characterization of DNA networks. The formed DNA
networks were studied by atomic force microscopy (AFM)
using the tapping mode [43,44]. The original sample solutions
were diluted to a total amount of 10 ng/uL DNA for AFM
measurements with buffer (10 mM Tris, pH 7.4, | mM NiCl,).
Freshly cleaved mica was incubated with the sample following

a multistep protocol (see Supporting Information File 1).

As control, the PCR products of standard linear primer strands
were investigated first (Figure 4D). Long linear double stranded

Beilstein J. Org. Chem. 2014, 10, 1037-1046.

DNA (dsDNA) is flexible. During AFM measurement linear or
coiled structures with a height ranging from 0.5 to 1.1 nm (theo-
retic diameter 2 nm) and a width of about 15 nm were observed.
Due to the force, which is applied by the scanning tip, the DNA
is flattened, which might explain the smaller height of the
observed DNA [45]. The increased width of the observed
objects is a result of the finite size of the scanning tip, leading to
a shape broadening of objects [46]. The PCR products derived
from branched primer strands ODN I and II were found to be
extended DNA networks (Figure 4A—C). An overview scan of
10 x 10 um (Figure 4A) showed the diversity of shapes. Further
AFM scans with higher resolution (Figure 4B,C) depicted DNA
networks with dimensions from 0.6 to 2 um in the surface
dimension and a height up to 7 nm (see Supporting Information
File 1). These findings correlate well with the decreased
mobility of the structures in the agarose gel electrophoresis
(Figure 3) demonstrating one covalently connected migrating
DNA molecule. The irregular shapes of the DNA networks
might result from the collapse of three-dimensional structures
forced by ionic interactions and induced by nickel ions on the

mica surface.

More information about the DNA network character was
observed taking the first derivative of the height output channel
resulting in Figure 4E. The principle of this mathematic opera-
tion is to assume a local maximum at an edge resulting from
cross section measurements of objects (see Supporting Informa-
tion File 1). Using this operation the data depicted in Figure 4C
could be transferred into the data depicted in Figure 4E. The

Figure 4: AFM analysis of DNA structures: (A) Overview-scan 10 x 10 um showing DNA networks generated after 28 cycles with 66 °C annealing
temperature (bar is 2 um). (B, C) Zoom in picture of DNA network (all bars are 0.5 um, respectively). (D) AFM when non-branched primers were
employed (bar is 0.5 ym). (E) Software analysis of AFM measurement taking first derivative of height channel. DNA network generated after 28 cycles

with 66 °C annealing temperature (bar is 0.5 ym).
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AFM picture showed a better contrast for the visualization of
DNA networks. Proceeding in this way, the DNA strands were
better resolved and gave an impression of the shape of DNA
networks. The observed DNA networks showed a less ordered
shape which can be related to DNA flexibility. This flexibility
was also observed with linear DNA (Figure 4D).

In order to review whether DNA networks form in solution the
network generated by PCR was investigated by dynamic light
scattering (DLS). The obtained data indicate that DNA
networks are also present in solution. The measured average
hydrodynamic diameter (Dy) at 90° after 10 measurements
were partially 67 nm and 593 nm while the linear DNA showed
a Dy of 11 nm (see Supporting Information File 1). This Dy is
variable at different angles because DNA networks were not
expected to have spherical morphology in solution [47].
Furthermore, different Dy values in the case of branched DNA
samples were owed to the dynamics in solution. Comparing
scattering intensity of linear DNA and branched DNA
networks, gave the possibility to conclude that DNA networks

existed in solution in variable shapes.

Next we employed electron paramagnetic resonance (EPR)
spectroscopy for investigation of the DNA networks. EPR is a
widespread technique for the studies of structural and dynamic
properties of biological macromolecules, e.g., DNA [48-53].
Since the systems studied in the current investigation are
diamagnetic, nitroxide labels had to be inserted enzymatically
[54,55]. EPR spectra of nitroxide labels are sensitive to
dynamics on the picosecond to microsecond timescales and
these dynamics are greatly altered upon attachment to a macro-
molecule. The nitroxide labels report not only the dynamics of
the macromolecules as a whole, but additionally, they undergo
rotations around the chemical bonds of the linker, and further-
more, the site of attachment can undergo conformational
changes compared to the rest of the macromolecule. As the
EPR-signal arises from these three processes, the interpretation
of EPR spectra is rendered difficult. Measurements at a single
frequency do not allow complete description of the spin label
motion. However, a spectrum often can be approximated by a
simple motional model to provide information on the properties
of the macromolecule [56].

Since DNA polymerases are known to tolerate several ANTP
modifications [57,58], we next investigated whether dTTP can
be partially replaced by the nitroxide labeled dT*TP to generate
DNA networks containing spin labels covalently bound to
DNA.

All EPR spectra were measured in X-band (9.5 GHz) at room

temperature in solution and are shown as first derivatives. For

Beilstein J. Org. Chem. 2014, 10, 1037-1046.

later comparison, spin-labeled TTP analogue dT*TP
(Figure 5D) was measured and results to EPR spectra with three
narrow lines indicating a high rotational mobility averaging the
anisotropy of the hyperfine interaction to the '*N nucleus
(Figure 5A) [54].

Using the same approach as described above, we generated a
linear DNA construct as well as a DNA network using a
1062 bp long template in the presence of a 1:1 ratio of dT*TP to
TTP and natural ANTPs. We obtained spectra showing that the
spin-labeled nucleotide was indeed incorporated into the DNA
(Figure 5B,C). All spectra were quantitatively analyzed by
spectral line shape simulations. Thereby, the dynamics of the
nitroxide spin-labels are reflected in rotational correlation times
T, assuming isotropic rotation of the label. The 13C-satellites
(Figure SA) were not taken into account for simulations. While
spectra of Figure SA and B are satisfactorily described by this
approach, two components featuring two different rotational
correlation times 1. were required in case of Figure 5C. The two
component fit was more consistent than assuming anisotropic
rotational diffusion or a log-Gaussian distribution of correlation
times [59]. The main component of the spectrum features a
drastically reduced rotational mobility of the spin-label. The
rotational correlation times as well as the fraction of both spec-
tral components for spin labeled DNA networks as derived by
spectral simulations are summarized in Table S1 (see
Supporting Information File 1). The drastic decrease in mobility
of the probe shown in the EPR spectrum upon enzyme-
catalyzed DNA network growth (Figure 5C) clearly indicated
network formation in solution and suggests rather rigid DNA
networks. A more detailed analysis of the spectrum results in
two components; the first component (contributing 8%) features
a rotational correlation time (t. = 0.17 + 0.02 ns) almost iden-
tical to 1. of spin labels in linear DNA (1, = 0.15 + 0.02 ns).
The second component (92%) gives rise to a correlation time of
1. = 11.2 £ 0.3 ns and is allocated to spin-labels incorporated
into the DNA network. Since the presence of linear, non-
branched DNA in the sample was excluded by gel filtration, we
concluded, that the first component originated from “dangling
DNA” at the edges of DNA networks. In a simple model, two-
dimensional, approximately circularly shaped networks
consisting of some 600 hexagons would contain about 8%
dangling DNA. The diameter of such a structure could be esti-
mated to several micrometers and is thus consistent with the
AFM results. Concentrations of spin labels were obtained from
the simulations fitted to the experimental data and used to
derive the degree of labeling. We found that 1% of incorpo-
rated thymidines were replaced by the spin labeled analogue in
PCR when linear strands as well as networks were formed.
Thus, one dsDNA strand contains approximately 4 incorpo-

rated spin labels.

1043



© 3320 3340 3360 3380
magnetic field [G]

1. =0.17 £ 0.02 ns (8%)

1 =11.2+0.3 ns (92%)

3320 3340 3360 3380
magnetic field [G]

Beilstein J. Org. Chem. 2014, 10, 1037-1046.

1 =0.15£0.02 ns (100%)

3320 3340 3360 3380

magnetic field [G]
D
0-N" | 5
X
| NH
3-0gP;0 o N/l%o
OH
dT*TP

Figure 5: EPR spectra with corresponding spectral simulations (red line) of (A) dT*TP, (B) PCR reaction product resulting from non-branched primers
in the presence of 50% dT*TP; The simulated spectrum and the corresponding ¢ are derived from a one component fit, (C) DNA networks generated
by PCR in the presence of 50% dTTP* using branched primer; the simulated spectrum and corresponding T¢ are derived from a two component fit,

(D) structure of modified dT*TP employed in PCR.

Conclusion

To summarize, branched DNA primers were applied for the
generation of DNA networks via enzymatic elongation of DNA
by PCR. A straightforward synthesis was developed resulting in
a rigid DNA branching building block 6 that was successfully
used in solid phase DNA synthesis. In thermal denaturation
studies Y-shaped bDNA indicates comparable behavior to the
linear non-branched counterpart, thus forming a B-DNA con-
formation. Furthermore, the branched DNA self assembles into
stable networks when short self-complimentary DNA sequences
are used. We found that despite its rigidity, 7ag DNA poly-
merase accepts the branched DNA construct as primers and
builds DNA networks that grow cycle by cycle in PCR. Further,
the generated DNA networks can be visualized using AFM.
Generated images present surface covering structures in
different shapes which are further characterized in solution by
DLS. EPR measurements further corroborate network forma-
tion and suggest rather rigid DNA networks. As demonstrated,

the approach allows to additionally modify the networks by

using chemically modified nucleotides during PCR. The
depicted approach might find applications like in the genera-
tion of functional hydrogels or tissue engineering.

Supporting Information

Experimental procedures and full characterization data for
all new compounds, materials and general procedures are
given. Oligonucleotide synthesis and characterization of
oligonucleotides, original melting curves of
oligonucleotides and CD spectra of double stranded
Y-motif are also shown. Further AFM studies, DLS spectra
and EPR related experiments.

Supporting Information File 1
Experimental part.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-10-104-S1.pdf]
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Pyrene derivatives can be incorporated into nucleic acid analogs in order to obtain switchable probes or supramolecular architec-

tures. In this paper, peptide nucleic acids (PNAs) containing 1 to 3 1-pyreneacetic acid units (PNA1-6) with a sequence with preva-

lence of pyrimidine bases, complementary to cystic fibrosis W1282X point mutation were synthesized. These compounds showed

sequence-selective switch-on of pyrene excimer emission in the presence of target DNA, due to PNA,;DNA triplex formation, with

stability depending on the number and positioning of the pyrene units along the chain. An increase in triplex stability and a very

high mismatch-selectivity, derived from combined stacking and base-pairing interactions, were found for PNA2, bearing two

distant pyrene units.

Introduction

Peptide nucleic acid (PNA) probes are very selective in the
recognition of DNA and have been used in a large variety of
diagnostic methods, easily allowing the detection of point muta-
tions at very low concentrations [1-3]. Poly-pyrimidine PNA
can form very stable triplexes of the type PNA/DNA/PNA with
poly-purine DNA, via both Watson—Crick and Hoogsteen base
pairing (Figure 1). These structures are so stable that dsDNA
undergoes displacement of the non-complementary strand [4-7].

However, the formation of triplex structures is limited to

homopyrimidine sequences since the presence of one or more
purine residues destabilizes these complexes and favour the for-
mation of less stable duplexes [8]. Therefore it would be of
great value to adopt strategies for the stabilization of triplex
structures even in the presence of non-pyrimidine bases. From
the available structural data on these complexes [7], it is
possible to envisage that any pair of groups protruding from
both thymines methyl groups of a TAT triplet and able to give
rise to attractive interactions (Figure 1a) would stabilize the
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triplex. If these groups are aromatic fluorophores, changes in
the fluorescence properties can be observed upon interaction
with DNA, thus enabling to study the occurring interactions and
to produce switching PNA probes.

Fluorescent switching probes for DNA detection are very useful
tools in diagnostics applications such as real-time PCR and in
situ hybridisation [9,10]. Among the possible reporter groups,
pyrene has been proposed in several in vitro detection systems,
due to the sensitivity of its fluorescence properties to microen-
vironment and due to its ability to produce stabilizing stacking
interactions and to show excimer fluorescence [11-20]. Further-
more, pyrene has been shown to favour self-assembly processes
of supramolecular structures [21-28] and interact with carbon
nanostructures such as nanotubes [29] or graphene [30], thus
allowing to create composite material with special properties.
PNA fluorescent probes bearing pyrene units as “universal
base” were described [31,32], and recently, pyrrolidinyl-PNA
bearing a uracil-linker pyrene unit showed good fluorescence
response and mismatch recognition [33]; though terminal
pyrene units were shown to stabilize triplexes formed by
oligonucleotide probes [34], the effect of single- or multiple
pyrene units on PNA in the formation of triplex structures has
still to be addressed.

We have recently reported the modification of uracil at C5 by
hydroxymethylation, followed by substitution with chloride and

Watson-Crick
base pairing

Hoogsteen
base pairing

Beilstein J. Org. Chem. 2014, 10, 1495-1503.

then with azide, which can be used for click chemistry or as a
masked amino group both in a PNA monomer and in PNA
oligomers, allowing to produce a variety of modified PNAs
from a single precursor [35]. This chemistry introduces a
moderate degree of flexibility which can be useful for allowing
interactions with other groups to occur within the major groove.

In this work we applied this strategy to the synthesis of new
mono-, di- and tri-functionalised PNA containing a
1-pyreneacetic acid residue linked to this C5-aminomethyl
group (Figure 1b). As a model sequence, we chose a 9-mer
(Figure 1c) complementary to a purine-rich tract of DNA which
is present in the mutated form of the human cystic fibrosis
(CFTR) gene, and which was previously studied in our lab
using PNA and modified PNA probes [36,37]; this mutation is
characterised by the presence of an adenine instead of guanine,
and corresponds to one of the most frequent point mutations
connected with cystic fibrosis (M-W1282X).

Results and Discussion
Synthesis of the PNA strands

Two different approaches were followed for the introduction of
the pyrene units in the PNA strands. The probe containing only
1 pyrene unit (PNA1, Figure 1c) was synthesized by on-resin
modification of 5-azidomethyluracil precursor, as described
previously [35], whereas a pyrene-containing modified mono-

mer 1 (Scheme 1), more suitable for automated synthesis, was

o
N NH
Ho |l
N
N o
T= NN
= H
¢) PNAL  HTCCTICACTGly-NH,
PNA2  H-TCCTIC ACT-GIy-NH,
PNA3  H-TCCTTC ACT-GIy-NH,
PNA4  H-TCCTTC ACT-GIy-NH,
PNA5  H-TCCTIC ACT-GIy-NH,
PNA6  H-TCCTIC ACT-GIy-NH,
PNA7  H-TCCTTC ACT-Gly-NH,
DNAL  5-AGT GAAGGA-3
DNA2  5-AGT GGA GGA-3'

Figure 1: (a) TAT triplet structure showing Watson—Crick and Hoogsteen base pairing; the binding can be reinforced by the concurrent interaction
between two groups protruding from C5 position of thymine into the major groove; (b) pyrene-modified uracil derivative used in PNA monomer in the
present study; (c) sequences of PNA and DNA used. T indicates pyrene modified nucleobases; bold letters indicate the position of W1282X point

mutation.
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designed for the realization of all the other oligomers (PNA2-6,
Figure 1c¢).

For the synthesis of the modified monomer bearing the pyrene
moiety, we started from the 5-azidomethyluracil building block
2 previously synthesized by our lab [35]. The azide function
was first reduced under Staudinger conditions to the corres-
ponding amine 3, on which 1-pyreneacetic acid was linked
using HBTU/DIPEA as condensing agent. The ester 4 was then
hydrolyzed to the acid 5, and linked to the Fmoc-protected PNA
backbone using EDC/DhBtOH as activating mixture; the PNA
monomer 1, was then obtained by ester hydrolysis of 6 under
acidic conditions.

The PNAs sequence was designed to be complementary to the
W1282X mutated form of CFTR gene, and all PNAs were
synthesized using standard Fmoc-based manual solid phase
protocol. The crude products were purified by RP-HPLC and
characterized by HPLC-UV-MS (Supporting Information
File 1, Figures S6-S11).

Thermal stability of PNA:DNA complexes

The introduction of a modification in a PNA stand can lead to
different effects, electronic or steric, which affect both self-
aggregation of the PNA and their interactions with complemen-
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tary DNA strand. Substitution at the C-5 position of the uracil
ring allows positioning of the substituent in the direction of the
major groove of the double helix, thus reducing the destabiliza-
tion induced by steric factors; moreover the large aromatic
portion introduced with the pyrene ring can interact with the
flanking bases of the strand through n—= stacking interactions,
thus stabilizing the complex formed.

For the evaluation of the sum of all this effects we measured the
melting temperatures of the complexes formed between the
PNAs and the full matched DNAT1 or the single mismatched
DNA2 (corresponding to the wild type CFTR gene), using both
UV (Table 1, and Supporting Information File 1, Figures
S12-S14) and fluorescence (Supporting Information File 1,
Figure S15). The stability of these complexes was indeed found
to be strongly dependent on the presence, the positioning and
the number of pyrene units within the PNA strand.

The presence of a single pyrene unit (PNA1) destabilizes the
PNA:DNA complex. The introduction of a second pyrene unit
adjacent to the first one (PNA3) results in a further destabiliza-
tion, whereas distal positioning of pyrene units (PNA2, 4, 5)
leads to stabilization if compared to PNA1, but to an extent
depending on the position of the second pyrene unit. For PNA2
the additional interactions lead to the highest stability and very

\(0"4. 02\)5% %

CF3
o
4 R=Et j
5 R=H "
2
H/\/N\)%X

O N/\/N\)J\OR
L °
Q)

Scheme 1: Synthesis of the PNA monomer 1: i) 1. PPhg, HoO, THF; 2. TFA, 71%; ii) 1-pyreneacetic acid, HBTU, DIPEA, DMF, 66%; iii) NaOH, H,O/

MeOH (2:1), 91%; iv) EDC-HCI, DIPEA, DhBtOH, DMF, 68%; v) TFA, DCM,

86%.
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Table 1: UV melting temperature of PNA:DNA complexes. All
measurements were done in PBS at pH 7 with 1 uM strand concentra-
tion except for unmodified PNA measurements (5 uM strand concen-
tration).

PNA T, PNA:DNA1 (°C) T, PNA:DNA2 (°C) ATn (°C)

PNA1 26 20 6
PNA2 39 19 20
PNA3 24 <18 n.d.
PNA4 332 22 11
PNA5 28 22 6
PNA6 nd.b n.d.b n.d.
PNA7 34 24 10

aBroad transition observed. PContinuous drift, no net transition
observed.
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high selectivity, with AT}, strongly increased compared to the
unmodified PNA7 (20 °C vs 10 °C). The presence of a second
pyrene unit at N-terminal position is more stabilizing than that
at C-term (compare PNAS and PNA2, 4). PNA4 is character-
ized by a broad melting curve, whereas for PNA6 a continuous
drift was observed already for the PNA alone, and in the pres-
ence of DNA no clear-cut transition was detected, suggesting a

pyrene-mediated strong aggregation of the probe itself.

As described below, all the probes showed excimer emission in
the 460—480 nm range upon hybridization (Figure 2). The
temperature dependence of the excimer band in the presence of
DNA was found to be in accordance with the UV melting
measurements (Supporting Information File 1, Figure S15).
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Figure 2: Fluorescence spectra at 347 nm excitation, recorded at 20 °C of: (a) PNA1, (b) PNA2, (c) PNA3, (d) PNA4, (e) PNAS5, (f) PNAG. All
measurements were done in PBS buffer, pH 7; concentration of each strand was 1 uM. Full lines are for ssPNA solutions, dotted lines are for

PNA:DNA1 solutions and broken lines are for PNA:DNA2 solutions.
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Fluorescence studies

Beside the modification of thermal stability and selectivity
induced by the incorporation of pyrene moieties described
above, we evaluated the fluorescence properties of these PNA
in the absence and in the presence of DNA. The evaluation of
the pyrene quantum yields showed that these probes are much
less fluorescent than the 1-pyreneacetic acid precursor in water
(23 times lower quantum yield for PNA2, see Supporting Infor-
mation File 1, Figure S16), probably due to the quenching effect
of nucleobase units; however, the most important data are
related to changes in the fluorescence spectrum upon hybridiza-
tion with DNA, since this property is strongly related to the
environment around the fluorophores [38] and can reveal inter-

actions between pyrene units in the PNA:DNA complexes.

In Figure 2 the fluorescence emission spectra of the PNA
probes in the absence or in the presence of complementary
DNAT1 or mismatched DNA2 are reported.

For PNAI1, having only one pyrene unit, a typical pyrene
excimer band was observed in the presence of DNA1
(Figure 2a); this band cannot evidently derive from an intramol-
ecular excimer and thus it must be due to a DNA-templated
association of two PNA units. Furthermore, the same band was
not observed in the presence of DNA2, thus indicating that the
excimer formation is sequence-specific. PNA2, which has two
distant pyrene units, showed a weak excimer emission, due to
weak self-association (this band tend to disappear with dilution,
see Supporting Information File 1, Figure S16), which under-

_7L____‘_’_’_’__
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went a dramatic enhancement when PNA2 was bound to
DNAI, whereas it remained unchanged by addition of DNA2
(Figure 2b and Figure 3). This resulted in a very high increase
in the excimer to monomer emission ratio (Figure 4), which can
be exploited for analytical purposes in the case of the bio-
logically relevant DNA1 (mutated form) and DNA2 (wilt type).
The fluorescent responses for the other two mismatched DNA
(DNA3: 5’>-AGTGCAGGA-3’ and DNA4, 5’-AGTGTAGGA-
3”), were also measured (Supporting Information File 1, Figure
S18) and were shown to give rise to results comparable to that
of DNA2. Accordingly, no melting transitions were observed
for PNA2 with DNA3 and DNA4 above 18 °C (data not

[V e N

F 474/F
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1 - |
04— [ B
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Figure 4: Ratio of the intensities of the pyrene excimer (F474) and
monomer emission (F37g) for the PNA probes in the absence of DNA
(white bars), in the presence of DNA1 (full match, grey bars), and
DNAZ2 (mismatch, black bars). Experiments were done at 20 °C in PBS
at 1 yM PNA concentration (0.5 uM DNA concentration).
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Figure 3: (a) Increase in fluorescence intensity of the excimer band for PNA2 upon addition of complementary DNA1 (black diamonds) or
mismatched DNAZ2 (grey squares) at 25 °C); (b) model of interaction showing both base recognition through hydrogen bonding and stacking interac-

tions. X = A for full match, G for mismatch.
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shown). Thus the intensity of the excimer band was found to
follow the expected sequence selectivity of the hydrogen-

bonding scheme.

PNA3 has two proximal pyrene units on adjacent bases, and
therefore the free probe already shows excimer emission; this
band was enhanced in the presence of the templating DNA1,
whereas in the presence of the mutated DNA2 the excimer band
remained as in single strand and only a slight enhancement in
the monomer emission was observed; thus, the excimer to
monomer emission ratio (Figure 4) was slightly reduced. PNA4
and PNAS showed an increase in the excimer fluorescence
intensity signal upon hybridization with the templating DNA,
though lower than for PNA2. PNAG6 has already a strong
excimer emission as single-strand, but this band was slightly
enhanced upon interaction with the full-match DNA1, whereas
it was slightly reduced in the presence of DNA2.

For all PNAs, very similar results were obtained in fluores-
cence response induced by DNA3 and DNA4, except that for
PNAG the difference observed with DNA4 was less pronounced
than with other mismatches (Supporting Information File 1,
Figure S18).

The DNA-induced formation or enhancement of these excimer
bands can be explained if a PNA,DNA triplex is formed,
favoured by the prevalence of pyrimidines in the PNA [22,23].
The PNA;,;DNA triplex, in this sequence, is destabilized by the
presence of a pyrimidine base (T) in the 5’-end of the DNA;
thus this sequence represents a good model for evaluating the
stabilization/destabilization effects due to the presence of
pyrene units. The nature of these PNA:DNA complexes was
confirmed by titration experiments; for PNA7 CD titrations
revealed a 2:1 stoichiometry (Supporting Information File 1,
Figure S19); the same stoichiometry was found for PNA2 by
following the increase in the excimer emission as a function of
DNA concentration (Figure 3a).

The hysteresis observed between melting and annealing curves
(Supporting Information File 1, Table S1) is also indicative of
the formation of triplex structures between the PNAs and the
DNA.

Evaluation of pyrene-modified PNA2 as fluo-
rescent probe

In Figure 4 the ratios between the excimer and monomer emis-
sion of each probe alone and in the presence of 0.5 equivalents
of the full match DNA1 and mismatched DNA2 are reported.
Under these conditions, PNA1 showed an increased, though
weak, excimer emission, whereas PNA2 showed a dramatic

increase in the presence of DNA1 and very low one in the pres-
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ence of DNA2. Thus, PNA2 showed best performances in terms
of excimer signal intensity AFgy; (difference between the fluo-
rescence in the presence of full match DNA1 and that of single
strand PNA) and of selectivity compared to the wild-type
mismatch (MM) reaching AFgp/AFpym = 180.

Using a 1 uM PNAZ2 solution we calculated the limit of detec-
tion (LOD) of the fluorescence detection of DNA1 using this
probe. A linear regression was obtained in the low nanomolar
range, and a LOD of 18.7 nM for DNA1 was calculated (see
Supporting Information File 1).

Effect of pyrene units on stability and sensing
According to the occurrence of excimer bands in the fluores-
cence spectra of the PNA probes (Figure 2 and Figure 4) the
presence of pyrene favours self-association of two PNA strands;
strong interactions should be observed for PNA2-5 and even
stronger for PNAG, i.e., with the increase of the number of the
pyrene units, as indeed experimentally observed. The following
model can be used to rationalise the observed data for DNA
interaction. The stacking interactions (Figure la) occurring
between pyrene units of different PNA strands (schematically
depicted in Figure 3b for PNA2) affect triplex formation, which
is also biased by both steric and conformational effects; the base
pairings of the adenines in the target DNA with the modified
uracil units allow the two pyrene residues to be kept close
enough to interact (generating an excimer band), but this
process can result in destabilization of the overall structure (see
T, of PNAL1 in Table 1). However, for PNA2, the combined
effect of two pyrene pairs properly positioned allows to increase
both stability and selectivity of PNA compared to unmodified
one. The N-terminal pyrene unit, in addition to the central one
(which has the same position as in PNA1), stabilizes the triplex
structure through the occurrence of combined stacking interac-
tions (Figure 3b). Thus, the presence of a single mismatch
facing the central modified monomer results in destabilization
not only of the excimer corresponding to this nucleobase, but of
the entire triplex, leading to high mismatch recognition. This
induces the very high selectivity in the switch-on of the excimer
fluorescence emission (Figures 2, 3 and 4). All the other tested
dispositions are not so effective in terms of stabilization, fluo-
rescence response and selectivity; for PNA3 this is attributable
to steric hindrance between the adjacent pyrene units; PNA4
and PNAS containing one pyrene unit in the C-term, at the end
of a segment in which the triplex structure is destabilized by the
presence on the PNA of one adenine unit, show less selectivity;
furthermore a gradual transition was observed for PNA4,
suggesting weak cooperativity in the stacking interaction. The
presence of three pyrene residues (PNA6) instead, induce a
strong self-aggregation of the PNA alone; this assembling
process is favoured by the presence of DNA1 and to a lesser
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extent DNA2 (Figure 2 and Figure 4a); however, the strong
excimer signal of the PNA alone prevents its use as an efficient
probe for DNA.

Conclusion

In conclusion, we have demonstrated that introduction of two
pyrene units protruding into the major groove and properly
positioned along the PNA strand (as in PNA2) can stabilize
PNA;,;DNA triplex structures by additional stacking interac-
tions which combine with Watson—Crick and Hoogsteen base
pairing; these interactions are clearly detectable by the forma-
tion of the excimer band of pyrene in the fluorescence spectra.
Thus this work makes a significant step toward the objective of
stabilizing triplexes even in the presence of pyrimidines on the
target sequence, while still maintaining and even increasing
sequence selectivity. Moreover, for diagnostics, it is important
that a very high and sequence-selective excimer to monomer
ratio can be obtained, as with PNA2, upon hybridization, a
property which is very important also in the case of more elabo-
rated methods such as gated detection. These characteristics
make PNA2 a very good fluorescent probe, with very high
single-base selectivity in both thermal stability and excimer for-
mation upon binding to target DNA. Thus, the present results
can be very useful in the design of new probes for single point
mutations and single nucleotide polymorphisms (SNPs), highly

relevant in the genomic as well as in the clinical fields.

Experimental

General information

Reagents were purchased from Sigma-Aldrich, Fluka, Merck,
Carlo Erba, TCI Europe, Link, ASM and used without further
purification. All reactions were carried out under a nitrogen
atmosphere with dry solvents under anhydrous conditions,
unless otherwise noted. Anhydrous solvents were obtained by
distillation or anhydrification with molecular sieves. Reactions
were monitored by TLC carried out on 0.25 mm E. Merck
silica-gel plates (60F-254) by using UV light as visualizing
agent and ninhydrin solution and heat as developing agents. E.
Merck silica gel (60, particle size 0.040—0.063 mm) was used
for flash-column chromatography. NMR spectra were recorded
on Bruker Avance 400 or 300 instruments and calibrated by
using residual undeuterated solvent as an internal reference. The
following abbreviations were used to explain the multiplicities:
s = singlet, d = doublet, t = triplet, q = quartet, m = multiplet
and br = broad. IR spectra were measured using a FTIR Thermo
Nicolet 5700, in transmission mode using KBr or NaCl.
HPLC-UV-MS were recorded by using a Waters Alliance 2695
HPLC with Micromass Quattro microAPI spectrometer, a
Waters 996 PDA and equipped with a Phenomenex Jupiter
column (250 x 4.6 mm, 5 um, C18, 300 A) (method A,
5 minutes in HyO 0.2% formic acid (FA), then linear gradient to
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50% MeCN 0.2% FA in 30 minutes at a flow rate of 1 mL/min).
PNA oligomers were purified with RP-HPLC using a XTerra
Prep RP;g column (7.8 x 300 mm, 10 pm) (method B, linear
gradient from H,O 0.1% TFA to 50% MeCN 0.1% TFA in
30 minutes at a flow rate of 4.0 mL/min). HRMS were recorded
using a Thermo LTQ-Orbitrap XL.

Synthesis and characterization of compounds 1, 3—-6 are
reported in Supporting Information File 1.

Synthesis and characterization of PNAs. The synthesis of
PNA1 was already described in a previous work [35]. The
syntheses of all the other PNAs, bearing multiple pyrene units
(PNA2, PNA3, PNA4, PNAS and PNAG6), were performed with
standard Fmoc-based manual synthesis protocol using 1 in addi-
tion to standard monomers, on a Rink amide resin loaded with
Fmoc-Gly-OH as first monomer (0.2 mmol/g). The unmodified
PNA7 was synthesized using a standard Boc-based manual
protocol using commercial monomers on a MBHA resin loaded
with Fmoc-Gly-OH as first monomer (0.2 mmol/g). PNA purifi-
cations were performed by RP-HPLC with UV detection at
260 nm (gradient B). The purity and identity of the purified
PNAs were determined by HPLC-UV-MS (gradient A). PNA2:
9%; ty: 24.7 min; ESI-MS (m/z): caled for [M]: 2932.1426;
found: 1466.9 [MH,]?*, 978.2 [MH;]3", 733.9 [MH4]*", 587.2
[MH;s]>"; PNA3: 10%; t,: 24.6 min; ESI-MS: (m/z): calcd for
[M]: 2932.1426; found: 1466.9 [MH,]**, 978.2 [MH;]3*, 733.9
[MH4]*", 587.3 [MH5]°"; PNA4: 11%; tx: 23.7 min; ESI-MS
(m/z): caled for [M]: 2932.1426; found: 1466.8 [MH,]*", 978.2
[MH;]3*, 733.9 [MH4]*, 587.3 [MHs]>"; PNAS: 15%; tg: 24.0
min; ESI-MS (m/z): calcd for [M]: 2932.1426; found: 1467.1
[MH,]3*, 978.2 [MH;3]3", 733.8 [MH4]*", 587.3 [MH;s]*";
PNAG6: 11%; tg: 27.4 min; ESI-MS (m/z): calcd for [M]:
3189.2266; found: 1064.1 [MH3]3", 798.2 [MH4]*", 638.7
[MHs]>"; PNA7: 25%; tg: 18.5 min; ESI-MS (m/z): calcd for
[M]: 2419.4159; found: 1210.4 [MH,]?", 807.3 [MH1]*", 605.7
[MH4]*", 484.8 [MHs]>". Yields reported in % for each PNA

are those of purified products, calculated by UV—vis analysis.

UV measurements. Stock solutions of PNA and DNA syn-
thetic oligonucleotides (Thermo-Fisher Scientific, HPLC-grade)
were prepared in double-distilled water, and the PNA concen-
tration was calculated by UV absorbance with the following
extinction coefficients (ex69 [M~'em™1]) for the nucleobases: T
8600, T* 14938 (pyrene-modified monomer, see Supporting
Information File 1, Figure S12 for the calculation of this value),
C 6600, A 13700, and G 11700. For DNA the data provided by
the producer were used. From these, solutions containing single
stranded PNA and DNA or PNA:DNA duplexes were prepared.
Measurement conditions: [PNA] = [DNA] = 1 uM in PBS
(100 mM NaCl, 10 mM NaH,;PO4-H,0, 0.1 mM EDTA, pH
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7.0, 1.25% DMF). All the samples were first incubated at 90 °C
for 5 min, then slowly cooled to room temperature. Thermal
denaturation profiles (Ao versus T) of the hybrids were
measured with a UV—vis Lambda Bio 20 spectrophotometer
equipped with a Peltier temperature programmer PTP6 inter-
faced to a personal computer. For the temperature range
18-50 °C, Ayg values were recorded at 0.1 °C increments, with
a temperature ramp of 1 °C/min. Both melting and annealing
curves were recorded for each solution. The melting tempera-
ture (7,) was determined from the maximum of the first deriva-
tive of the melting curves.

Fluorescence measurements. Fluorescence spectra were
recorded on a Perkin Elmer LS55 luminescence spectrometer
equipped with a LAUDA ECOline RE104 temperature control
system, exciting at 347 nm (slit: 5.0 nm), scanning from 370 nm
to 550 nm, a scan speed of 200 nm/min was used and 3 accumu-
lation for each spectrum. Samples were prepared as reported for
UV measurements. From the stock solutions, described above,
solutions of PNA alone (1 uM in PBS) and of PNA/DNA 2:1
(1 pM PNA and 0.5 pM DNA in PBS) were prepared. All the
samples were first incubated at 90 °C for 5 min, and then slowly
cooled to the temperature of analysis. Fluorescence emission
spectra were recorded with an excitation wavelength of 347 nm
(slit excitation: 5.0 nm), scanning from 370 nm to 550 nm (slit
emission: 10.0 nm), a scan speed of 200 nm/min was used with
3 spectra accumulation for each solution. All measurements
were compensated for lamp fluctuations by normalization using
as reference a 20 nM 1-pyreneacetic acid solution in PBS. Equi-
libration of the solution and complete formation of the
complexes were checked by repeating the analysis after
10 minutes, to ensure that no significant variation of the
fluorescence profiles was present. Variable temperature fluores-
cence measurements are reported in Supporting Information
File 1.

Fluorescence titration of PNA2 and PNA3. From the stock
solution described above single stranded PNA solutions (1 uM
in PBS) and single stranded DNA solutions (10 uM in PBS)
were prepared. PNA solutions were first incubated at the experi-
mental temperature, then spectra were recorded after addition of
portions of DNA (10% of the PNA amount each), allowing an
equilibration time of 8 min. Fluorescence emission spectra were
recorded with an excitation wavelength of 347 nm (slit:
5.0 nm), scanning from 370 nm to 550 nm, with scan speed of
200 nm/min, and 3 spectra accumulation for each solution. All
measurements were corrected for dilution, and compensated for
lamp fluctuations by normalization using as reference a 20 nM
1-pyreneacetic acid solution in PBS. Fluorescence titration of
PNA3 at 10 °C is reported in Supporting Information File 1,
Figure S17.
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Supporting Information

Supporting Information File 1

Synthesis, characterization, and spectral data of compounds
1, 3—6, HPLC-MS analyses of PNA1-7, additional UV,
fluorescence and CD data.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-10-154-S1.pdf]
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Aromatic n—r stacking interactions are ubiquitous in nature, medicinal chemistry and materials sciences. They play a crucial role in

the stacking of nucleobases, thus stabilising the DNA double helix. The following paper describes a series of chimeric DNA—poly-

cyclic aromatic hydrocarbon (PAH) hybrids. The PAH building blocks are electron-rich pyrene and electron-poor perylenediimide

(PDI), and were incorporated into complementary DNA strands. The hybrids contain different numbers of pyrene—PDI interactions

that were found to directly influence duplex stability. As the pyrene—PDI ratio approaches 1:1, the stability of the duplexes

increases with an average value of 7.5 °C per pyrene—PDI supramolecular interaction indicating the importance of electrostatic

complementarity for aromatic m—x stacking interactions.

Introduction

When two aromatic molecules are in close proximity they often
have a tendency to interact non-covalently in a face-to-face
stacking arrangement. Face-centered, parallel aromatic n—mn
stacking interactions have been studied and reviewed in great
detail [1-5]. These interactions are especially important for
polycyclic aromatic hydrocarbons (PAHs) [6,7]. The inter-
action is the result of solvophobicity, as well as van der Waals,
electrostatic and charge transfer interactions that can lead to a
thermodynamically favourable association [8]. It is an impor-

tant interaction in biological systems, drug receptor interactions,

materials sciences, and supramolecular chemistry [8-12]. Such
interactions are strongly dependent on the electron density and
distribution of the partners [2,9,13-16]. In particular, the
interaction between electron-rich (donor) and electron-
deficient (acceptor) aromatic rings results in stable aggregates
[17-22].

In the DNA duplex, the interaction of the two complementary

strands is governed mainly by aromatic n—n stacking interac-

tions, hydrogen bonds, and electrostatic repulsion from the
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negatively-charged sugar phosphate backbone [10,23-28].
DNA can be regarded as an amphiphilic polymer in which
aromatic residues are linked by negatively charged phos-
phodiester groups [29]. The importance of aromatic and
hydrophobic factors for duplex stability was demonstrated by
replacing the natural nucleobases by size expanded analogs [30-
35].

A classic example of polymeric donor—acceptor complexes are
the aedamers (aromatic electron donor acceptor oligomers)
pioneered by Iverson and coworkers [18,36,37]. They consist of
face-to-face stacked electron-rich naphthalene and electron-poor
naphthalenediimide (NDI) chromophores and belong to the

broader area of foldamers [38].

DNA has been described as a molecular scaffold for arranging
various types of chromophores [39-44]. Recently, we reported
that oligoarenotides (oligomers with an alternating phos-
phodiester-aromatic hydrocarbon motif) exhibit similar struc-
tural properties as nucleic acids, and although the aromatic
hydrocarbons cannot engage in any sort of Watson—Crick
related hydrogen bonding, the individual strands interact via an
interstrand stacking motif [45-48]. Herein we describe a series
of DNA-based hybrids (Figure 1 and Table 1) containing
electron-rich 1,8-dialkynylpyrenes (Y) and electron-poor
perylenediimides (PDI, E).

PDIs (Figure 1A) are some of the most widely studied organic
chromophores [49-52]. Moreover, we have reported on the
aggregation and stacking properties of 1,8- and 1,6-
dialkynylpyrene [53,54]. Figure 1B shows the electrostatic
potential surface of 1,8-diprop-1-ynylpyrene and N,N’-
dimethyl-PDI. The former is considerably more electron-rich/
higher electron density (red) than the latter, which is expected
to favour an alternating aromatic n—n stacking arrangement of E
and Y due to electrostatic complementarity.

We show herein that duplex formation by our chimeric DNA-
oligoarenotide strands proceeds in a selective manner, the chro-
mophores on opposite strands interdigitate and stack face-to-
face in an organised controlled assembly.

Results and Discussion

The principle of the system is illustrated in Figure 1. All
oligomers are composed of a DNA part and a modified section
containing a total of four PDIs (blue) and/or pyrenes (green).
Oligomers 1-7 consisting of varying numbers of pyrene or PDI
moieties covalently linked to complementary DNA strands were
prepared by automated oligonucleotide synthesis using the
previously described phosphoramidite pyrene [53] and PDI [55]
building blocks.

Beilstein J. Org. Chem. 2014, 10, 1589-1595.

Table 1: T, values of the hybrids determined by thermal denaturation
experiments.?

Number of
Sequence Tm (°C) pyrene—PDI
interactions
5'GCGTTA

Ref 3 CGCAAT 13.0

1 5'GCGTTAYYYY 50.5 0

2 3' CGCAAT YYYY ’

1 5 GCGTTAYYYY 545 2

3 3' CGCAAT YYEY ’

1 5'GCGTTAYYYY 58.5 4

4 3' CGCAAT YEYE ’

1 5 GCGTTAYYYY 61.0 6

5 3' CGCAAT YEEE ’

1 5'GCGTTAYYYY 64.5 7

6 3' CGCAAT EEEE ’

7 5'GCGTTA EEEE 66.5 7

2 3' CGCAAT YYYY ’

7 5' GCGTTA EEEE 52.0 0

6 3' CGCAAT EEEE '

1 5'GCGTTAYYYY b n/a

7 5' GCGTTA EEEE

2 3' CGCAAT YYYY b n/a

6 3' CGCAAT EEEE

aConditions: oligomer conc. 2.5 pM single strand, 10 mM sodium phos-
phate buffer, pH 7.2, 0.1 M NaCl, absorption monitored at 260 nm;
error +0.5 °C; Pno transition observed (see Supporting Information

File 1).

The DNA stem acts as a supramolecular scaffold, and together
with the flexible, negatively-charged phosphate linker allows
the chromphores to adopt optimal conformations in aqueous
solution and increases the solubility. The strands were
hybridised in various combinations (Table 1), and their stability
and photophysical properties were investigated. Since the DNA
duplex is identical in all hybrids, differences in stability must
originate from the modified section. The sequence of the modi-
fied part is changed in such a way that annealing of different
strands leads to a varying number of pyrene—PDI stacking inter-
actions. Strand 1 is common to all hybrids. The complementary
strands 2—6 possess an increasing number of PDIs. Thus, in the
resultant hybrids, the number of pyrene—PDI face-to-face
stacking interactions also increases steadily from left to right,
e.g., duplex 1*2 contains only pyrene—pyrene interactions,
whereas duplex 1*6 has the maximum number pyrene—PDI

interactions.

Thermal denaturation experiments

Thermal denaturation experiments revealed a clear trend in
duplex stability (Figure 2). The thermal stability correlates with
the number of pyrene—PDI interactions [56] and increases
linearly in the series. The melting temperature (7,) values are

summarized in Table 1.
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a%e YOO ]
<F.>3' / Q AN ¢ /_/_ Q.O 0

1*2 1*3 1*4 1*5 1"6

Figure 1: (A) Structures of 1,8-dialkynylpyrene (Y) and PDI (E); (B) illustration of the electrostatic potential surface of 1,8-diprop-1-ynylpyrene (left)
and N,N'-dimethyl-PDI (right); (C) illustration of duplex formation with chimeric oligomers; (D) hybrids 1*2 to 1*6. The number of pyrene—PDlI interac-
tions increases from left to right.
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T (°C)

0 2 4 6 8
Number of pyrene-PDlI interactions

Figure 2: A plot of melting temperature (T,,) versus the number of
pyrene—PDlI interactions for duplexes 1*2 to 1*6 (from left to right)
presented in Table 1. The Ty, was recorded at 260 nm; R2 = 0.987.
The red triangle represents the Ty, of the control hybrid 7*6.

Hybrid 1*2 has a Ty, of 50.5 °C which is 37.5 °C higher than
the reference DNA duplex (7, = 13 °C). Since hybrid 1*2 has
seven pyrene—pyrene interactions, one of these interactions
(ATw/(y-Y)) contributes = 5.4 °C to hybrid stability. Likewise, a
value for ATy, g-g) = 5.6 °C is calculated for hybrid 7*6. The
average contribution of a pyrene—PDI interaction can be calcu-
lated from the Ty, difference (7, = 51.5 °C) between 1*6 and
the reference duplex. A value of ATy y-g) = 7.4 °C is obtained
in this way. Hybrid 7*2 serves as a further control. In this
duplex, the DNA and the modified parts of the two strands have
been interchanged relative to 1¥6. The T}, value of 7*2 is in the
same range as 1¥6 (66.5 and 64.5 °C, respectively), which
translates into ATy, y-g) = 7.7 °C. Thus, the average contribu-
tions to the hybrid stabilities are as follows: ATy y-g)= 7.5 °C,
whereas ATp/y—y) and AT E-g) = 5.5 °C.

The results of electrostatic complementarity between an elec-
tron-rich pyrene and an electron-poor PDI is highlighted by the
fact that duplexes with only pyrene or PDI are considerably less
stable (Table 1, hybrids 1*2 and 7*6) than hybrids containing
both types of aromatic compounds. Although the actual stability
of such duplexes strongly depends on several parameters like,
e.g., the geometry of the building blocks and the flexibility of
the linkers, a general trend can be deduced from the thermal
denaturation results that accounts for the above mentioned

design of building blocks and sequences.

UV-vis absorption spectroscopy

The stacking interactions of Y and E in the hybrids could be
followed by UV-vis absorption spectroscopy. A significant
change in the vibronic band ratio supports the model of an alter-
nating interstrand interdigitation interaction between pyrene and

PDI chromophores as proposed in Figure 1. In general, the

Beilstein J. Org. Chem. 2014, 10, 1589-1595.

vibronic band ratio of PAHs gives valuable information on the
aggregation state of the molecules [57]. In a stack of only
pyrenes (1*2) the vibronic band at 370 nm is higher than that at
390 nm (Figure 3), indicating that the pyrenes are stacked
parallel and face-to-face. In contrast, in duplex 1*6 the inten-
sity of the vibronic band 390 nm is higher indicating that the
pyrenes are separated from each other by intercalating PDIs
[58]. The same absorption behaviour is seen for the PDI

vibronic band intensities.

E W
08 +
s
2 o06f
2
o
3
E-1
< g4l
02
0 -
250 350 450 550 650 750

Wavelength (nm)

Figure 3: UV-vis absorption spectra (scaled) of duplexes 1*2 (blue)
and 1*6 (red) at 20 °C. Conditions: see Table 1.

Figure 4 focuses on the vibronic bands of pyrene’s Sp—S;
absorption band in duplexes 1*2 to 1*6. An increasing number
of PDIs in a stack leads to a stronger vibronic band at 390 nm.

Absorption

t t |
340 350 360 370 380 390 400 410 420

Wavelength (nm)

Figure 4: UV-vis absorption spectra (scaled) of duplexes 1*2 to 1*6 at
20 °C. Conditions: see Table 1.

This is in stark contrast to the effect of thermally denaturing
duplex 1*2 into two single strands (Figure 5). There, the
vibronic band at 370 nm is always the highest indicating that
the pyrenes are stacked even at 90 °C in the single strands. Such
behaviour was also observed in chrysene-modified DNA [59].
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Figure 5: Temperature-dependent UV-vis absorption spectrum of 1*2.
Conditions: see Table 1.

Fluorescence spectroscopy

The interaction of two or more dialkynylpyrenes (Y) results in a
pronounced excimer fluorescence [53]. Hybridization of single
strands 1 and 2 increases the intensity of the excimer (Figure 6),
whereas hybridization of single strands 1 and 6 results in an
extinction of excimer fluorescence. Such behaviour was also
observed in previous work and was explained by an alternating
interdigitation interaction of the pyrene with the PDI building
blocks [60].

290
240
190

140

Intensity (a. u.)

90 -

40

400 450 500 550 600 650
Wavelength (nm)

Figure 6: Fluorescence spectra of oligomer 1 (black), duplex 1*2
(blue) and duplex 1*6 (red) at 20 °C. Excitation: 370 nm. Conditions:
see Table 1.

Gel migration experiments

The electrophoretic mobility of relatively small (<1000 kbp),
linear DNA strands is inversely proportional to their molecular
weight [61]. It serves as a reliable method to demonstrate the
formation of double versus single stranded DNA structure.
Therefore, the formation of defined short duplexes has been
further investigated using polyacrylamide gel electrophoresis
(PAGE) experiments. Oligomer single strands 1, 6 and 7

Beilstein J. Org. Chem. 2014, 10, 1589-1595.

migrate with the same velocity as the 13 bp reference
(Figure 7). Strands 1 and 6, however, form a duplex and thus
have lower electrophoretic mobility, similar to an 18-20 bp
reference. Oligomer 7 has the same DNA sequence as 6, but
with 4 PDI molecules instead of 4 pyrenes (see Table 1). Thus
when combined, single strands 1 and 7 do not form a duplex
due to having non-complementary DNA parts, and migrate on
the gel like single strands 1, 6, and 7. These results underline
the importance of the complementary DNA segments in
aligning the pyrene and PDI chromophores for optimal inter-

action.
50 bp S 1 6 7 16 1+7
20 bp ~
= T
o

Figure 7: PAGE experiment. All oligomers were used in a total amount
of 150 pmol in 10 mM sodium phosphate buffer, 100 mM NaCl and
10% loading buffer, 20% polyacrylamide gel with a 10% loading gel,
1h40 min, 4 °C, 170V, 6 mA, 2 W. Left lane: DNA ladder.

Conclusion

A series of DNA oligonucleotides functionalised with electron-
poor perylenediimide (PDI, E) and electron-rich 1,8-
dialkynylpyrene (Y) chromophores has been synthesized and
their photophysical and thermal melting properties were investi-
gated. UV—vis absorption and fluorescence spectra indicate an
alternate, face-to-face, stacking of PDI and pyrene moieties.
The DNA portion serves as an ideal scaffold to align the pyrene
and PDI chromophores and to study their interaction in solution.
The stability of the duplexes shows a clear dependence on the
number of pyrene—PDI interactions within the duplex. As the
pyrene—PDI ratio approaches 1:1, the stability of the duplexes
increases with up to 7.5 °C per pyrene—PDI supramolecular
interaction underlining the importance of electrostatic comple-
mentarity for aromatic n—x stacking interactions.

Supporting Information

Supporting Information File 1

Detailed experimental procedures and supplementary
spectroscopic data.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-10-164-S1.pdf]
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Abstract

We present the synthesis of the two novel nucleosides iso-tc-T and bc®"-T, belonging to the bicyclo-/tricyclo-DNA molecular plat-
form. In both modifications the torsion around C6°’—C7’ within the carbocyclic ring is planarized by either the presence of a
C6’—C7’ double bond or a cyclopropane ring. Structural analysis of these two nucleosides by X-ray analysis reveals a clear prefer-
ence of torsion angle y for the gauche orientation with the furanose ring in a near perfect 2’-endo conformation. Both modifications
were incorporated into oligodeoxynucleotides and their thermal melting behavior with DNA and RNA as complements was
assessed. We found that the iso-tc-T modification was significantly more destabilizing in duplex formation compared to the bc®"-
modification. In addition, duplexes with complementary RNA were less stable as compared to duplexes with DNA as complement.
A structure/affinity analysis, including the already known be-T and tc-T modifications, does not lead to a clear correlation of the
orientation of torsion angle y with DNA or RNA affinity. There is, however, some correlation between furanose conformation (N-
or S-type) and affinity in the sense that a preference for a 3’-endo like conformation is associated with a preference for RNA as
complement. As a general rule it appears that Ty, data of single modifications with nucleosides of the bicyclo-/tricyclo-DNA plat-
form within deoxyoligonucleotides are not predictive for the stability of fully modified oligonucleotides.

Introduction

Antisense oligonucleotides (ASOs) can interfere with gene an RNase H dependent degradation mechanism. Furthermore, it
expression via various biological mechanisms, depending on the  has recently been shown that ASOs can alter RNA splicing
nature of the cellular RNA target [1]. First and foremost they =~ when targeting exon/intron junctions or splice enhancer or
can inhibit translation by targeting a mature mRNA in either its  silencer binding sites on pre-mRNAs, thus leading to alter-

coding or non-coding part of the sequence by a steric block or  native splicing [2,3], to exon skipping [4,5] or to exon inclu-
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sion [6]. In addition they can restore the function of mRNAs
containing extended aberrant repeat sequences in their non-
coding region by either restoring correct cellular localization or
inhibiting vital protein sequestration by the aberrant repeats [7].
Last but not least, there is an ever growing number of micro
RNAs (miRNAs) that are involved in genetic and epigenetic
regulation of gene expression. Their misregulation stays at the
onset of various forms of cancer and other metabolic diseases,
and targeting of such miRNAs with ASOs (antimirs or
anatagomirs) has been shown in the recent past to be a
promising therapeutic principle [8].

There exists a multitude of chemical modifications in ASOs.
Historically, the first modification was the replacement of the
phosphodiester linking units in DNA by phosphorothioate
groups, thus conferring higher metabolic stability to ASOs in
plasma and tissue [9,10]. Another site of modification is the
2’-OH group of RNA that can be equipped or replaced with
various chemical entities typically aiming at higher affinities to
the corresponding RNA targets [11-14]. More diverse analogues
include structures in which the sugar phosphate backbone has
been replaced by a charge neutral peptide backbone, such as the
peptide nucleic acids (PNAs) [15] or by a nucleotide derived
phosphorodiamidate backbone, such as the morpholino oligonu-
cleotides (PMOs) [16]. Of particular interest is the class of
conformationally constrained oligonucleotides. Members of this
class are amongst others the locked nucleic acids (LNA)
[17,18], the hexose nucleic acids (HNAs) [19] and the family of
bi- and tricyclo-DNA (Figure 1) [20-23]. These analogues aim
at increasing RNA affinity by structurally preorganizing single
strands for duplex formation.

Bc- and tc-DNA have been conceived to reduce the entropy
upon duplex formation with a nucleic acid target by reducing
the conformational flexibility around the C3’-C4’ and C4’-C5’
bonds, while achieving as much as possible of a geometric
match with the backbone conformation of DNA in duplexed
form. From this a gain in the free energy of duplex formation
and, hence, more stable duplexes are expected [24]. Over the
years we became interested in determining the structure/RNA
affinity relationship of the underlying sugar scaffold and to
develop them into a molecular platform for oligonucleotide
therapeutics. Given the exclusiveness of the ethylene bridge
between the centers 3’ and 5 with respect to DNA or RNA we
have identified this structural element to be the primary goal for
chemical modification [25-30]. In continuation of this work we
decided to investigate on two novel thymine nucleosides with
restricted conformation of the C6’~C7’ bond, namely bc®"-T
and iso-tc-T (Figure 1). Here we present the synthesis and
X-ray structural characterization of the respective nucleosides,

their incorporation into oligodeoxynucleotides by phosphor-

Beilstein J. Org. Chem. 2014, 10, 1840-1847.

tc-DNA bc-DNA
Y Y
0=p-0- 0=P-0
OH o) H
o) 0
B Base Base
0 0
. e
iso-tc-DNA bceN-DNA

Figure 1: Chemical structures and carbon numbering scheme of
tricyclo(tc)-DNA (top, left), bicyclo(bc)-DNA (top, right) and the newly
synthesized iso-tricyclo(iso-tc)-DNA (bottom, left) and bicyclo-en(bc®")-
DNA (bottom, right).

amidite chemistry as well as the DNA and RNA affinity profiles
of the modified oligonucleotides.

Results
Synthesis of building blocks

The synthesis of the phosphoramidite 10 started with the
bicyclic intermediate 1 that had previously been described on
the way to related bicyclo-DNA derivatives (Scheme 1) [30].
Following an obvious synthetic strategy, compound 1 was
subjected to carbonyl reduction which occurred with high
stereoselectivity from the less hindered, convex side of the
bicyclic system, resulting in alcohol 2 along with traces of its
epimer. To increase the stereoselectivity of the upcoming cyclo-
propanation reaction it seemed appropriate to protect the sec-
ondary hydroxy group as TBS ether (— 3). Indeed cyclopropa-
nation of 3 with diethylzinc and CH»I, proceeded stereospecifi-
cally, again from the convex side of the bicyclic system, to give
4. Subsequent nucleosidation of 4 via the Vorbriiggen proce-
dure [31,32] with transient protection of the tertiary hydroxy
group in 4 as TMS ether, however, was unsuccessful and
yielded only the corresponding a-nucleoside in yields below
25%. We reasoned that the exclusive formation of a-nucleo-
sides is due to the steric bulk of the TBS group, further
suppressing the intrinsically disfavored p-(endo)-face attack of
the base. To counterbalance these effects we chose to protect
the tertiary hydroxy group as a pivaloyl ester thus increasing the
steric bulk on the a-face, and relieving that on the B-face by
replacing the TBS by a transient TMS group. The conversion of
4 — 6 proceeded smoothly and indeed, the use of compound 6

as nucleobase acceptor improved the yield of nucleosides 7a.,§
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Scheme 1: Conditions: (a) NaBH4, CeCl3-7H20, MeOH, -78 °C — rt, 1.5 h, 73% (+9% of C6-epimer); (b) TBS-CI, imidazole, CH,Cly, rt, 16 h, 79%;
(c) EtaZn in hexane (1 M), CHalp, CH2Cly, 0 °C — rt, 16 h, 86%; (d) PivCl, DMAP, pyridine, CIH,C—CH,CI, 70 °C, quant.; (e) TBAF, THF, rt, 19 h,
95%,; (f) thymine, BSA, SnCl4, CH3CN, 0 °C — rt, 17 h, 56% 78 + 22% (7a/B 2.5:1); (g) BusNOH, HoO/dioxane, rt, 16 h, 94%; (h) DMTrCI, pyridine,

CHCly, rt, 24 h, 98%; (i) CEP-CI, DIPEA, THF, rt, 4 h, 89%.

in general and led to an acceptable B:a = 2.5:1 ratio of anomers.
Subsequent saponification of 7a,p (unseparable by flash chro-
matography) proved to be tricky and after testing a series of
standard techniques, only treatment with BuyNOH in a mixed
organic/aqueous solvent gave nucleosides 8a,f in good yield. It
was at this step where the two anomers could be readily sep-
arated by flash chromatography. Continuing with 8 the syn-
thesis of 10 was concluded by standard tritylation (— 9) and
phosphitylation.

To extend on the structure/nucleic acid affinity profile of this
modification we also became interested in nucleoside 11,
containing a double bond instead of the cyclopropane ring. In
the context of oligonucleotides this derivative seemed appro-
priate to investigate the direct steric influence of the cyclo-
propyl/methylene group in a bicyclic sugar scaffold that is

@Q..om_. mi b,

}/-—NH

2 10,p (B.a1.2.1)

otherwise very similar in flexibility and geometry. The corres-
ponding building block 13 (Scheme 2) was easily available via
nucleosidation of sugar intermediate 2 (in situ TMS protection
of both hydroxy groups) leading to the mixture of anomeric
nucleosides 11a,f in a ratio of B:o. = 1.2:1. After standard trity-
lation of 11a,p the anomeric mixture 12a,f became separable
by flash chromatography and the corresponding B-nucleoside
128 could be smoothly converted into the phosphoramidite 13
by standard methods.

Structural properties of nucleosides

To get an independent proof on the relative configuration
around the cyclopropane ring and the glycosidic bond and to
obtain insight into the conformational properties of the central
bicyclic sugar scaffold, crystals of 8f and 11§ were grown and
subjected to X-ray analysis (Figure 2, Table 1). It clearly

NH

“OCH,CH,CN
13

Scheme 2: Conditions: (a) thymine, BSA, TMSOTf, TMSCI, CH3CN, rt, 2.5 h; (b) DMTrCI, pyridine, rt, 16 h, 29% of 12a and 34% of 12 (over two

steps); (c) CEP-CI, DIPEA, THF, rt, 1 h, 94%.
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Figure 2: X-ray structure of top row: nucleosides 8 (left), 11B (center) and overlay of both structures (right); bottom row: tc-T (Mol A, left, Mol B,

right).

emerges that in both nucleosides the furanose unit appears in an
almost perfect 2’-endo conformation giving rise to a trans
arrangement of torsion angle 3 (03’-C3’-C4’-C5’). In both
structures the cyclopentane ring exists in a shallow envelope
conformation with C5” being slightly out of plane. This leads to
a gauche orientation of torsion angle y (C3’-C4’-C5’-05’). In
both structures the base thymine is, as expected, in the anti-
orientation. The overlay of both structures clearly highlights the
similarity of both structures, indicating that the extra methylene
group in 8p plays no direct role in controlling the conformation
of the bicyclic ring system.

Table 1: Selected backbone torsion angles and sugar pucker data for
8B and 11 and related bi/tricyclo-nucleosides from X-ray structures.

N 9 X P Vmax
8B 86.8° 150.1° -106.4° 167.8° 36.1
118 86.9° 146.0° -115.7° 160.7° 36.3
bc-T2 149.3° 126.5° -112.7° 128.4° 424
tc-TP Mol A 125.0° 152.5° -130.4° 172.2° 36.7
tc-TP Mol B 154.8° 98.7° -120.3° 94.4° 36.0

aRef [33]; Ptwo structurally independent molecules per asymmetric
unit.

A comparison of 8f and 11 with be-T, having a saturated
cyclopentane unit clearly reveals structural differences. The
largest deviation is associated with the position of the 5’-OH

group which is in a pseudoequatorial orientation in be-T, giving
rise to a torsion angle y in the anticlinal range. The saturation of
the carbocyclic ring translates to a lesser extent also into the
furanose ring where a 1’-exo instead of a 2’-endo conformation
is observed in bc-T. Both furanose conformations, however,
belong to the S-type and are thus structurally related in the
context of nucleic acid duplex conformation. Quite interest-
ingly, the original tc-T nucleoside [34], for which we solved the
X-ray structure here for the first time (Figure 2), shows consid-
erable conformational variability in the furanose part. The
asymmetric unit contains two independent molecules (Mol A
and Mol B) of which the furanose part in Mol A adopts a
2’-endo (S-type) conformation, while in Mol B a 4’-endo
(N-type) conformation is observed. In summary it appears that
rigidifying and planarizing the C5°—~C6’-bond as in tc-nucleo-
sides leads to an anticlinal orientation of torsion angle y and
variability between S- and N-type in the furanose conformation,
whereas rigidifying and planarizing the C6°’—~C7’-bond, as in 8
and 11, leads to a synclinal torsion angle y and a consistent
2’-endo furanose conformation. Saturation of the carbocyclic
ring, as in be-T, leads to an anticlinal arrangement of y and a
somewhat attenuated but clear preference for an S-type fura-
nose conformation.

Oligonucleotide synthesis
The dodecamers ON1-4, shown in Table 2, containing one to
two modifications, were synthesized in order to test the conse-
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quences of the two modified bicyclic nucleotides on RNA and
DNA affinity. ON5-7, containing the known tc-T residues in
the respective positions, were synthesized for comparison.
ON1-3 were assembled on the 1.3 pmol scale on a DNA
synthesizer utilizing standard phosphoramidite chemistry proto-
cols first. The trityl assay after incorporation of 13 and the
subsequent building block revealed typically a drop of syn-
thesis yield by roughly 20%. This was also reflected in the
HPLC traces after final cleavage from the solid support (33% aq
NH3, 55 °C, 16 h) which revealed besides the expected oligonu-
cleotides ON1-3 also truncated sequences corresponding to
5’-phosphorylated fragments arising from cleavage 3’ to the
modification as determined by mass spectrometry. Re-subjec-
tion of the isolated full length oligonucleotides ON1-3 to
deprotection conditions did not lead to any further degradation,
suggesting that E1 elimination of the 3’-P-unit occurs during
the oxidation step of the modified residues, most likely on the
level of the iodinated phosphite intermediate [35], leading to the
formation of an allylic carbocation in the bc®-T unit and
5’-phosphorylated DNA fragment (Scheme 3).

The synthesis of oligonucleotides using building block 10
proved to be even more difficult. Using the standard phosphor-
amidite protocol, the oligonucleotide synthesis failed
completely at the site of modification and not even traces of a
full length oligonucleotide could be observed after chain
assembly and deprotection. Only 5’-phosphorylated, truncated
oligonucleotide fragments could be isolated. We reasoned that
oxidation with iodine followed by E1 elimination of the 3’-P-
unit happend also in this case, leaving behind an alpha-cyclo-
propyl cation that undergoes subsequent rearrangement

(Scheme 3). The fact that elimination is quantitative in the iso-

Beilstein J. Org. Chem. 2014, 10, 1840-1847.

tc-T case may be explained by the release of ring strain during
cyclopropyl rearrangement which contributes to the stabiliza-
tion of the E1 transition state. Based on these assumptions we
changed the oxidant from iodine to z-BuOOH, which has
successfully been used in the past in the allyloxycarbonyl base-
and phosphate protecting scheme for oligonucleotide synthesis
[36]. Under these conditions, full length oligonucleotide ON4
could be isolated in 80% as determined by trityl assay. Due to
limited availability of the phosphoramidite building block 10,
only this particular oligonucleotide could be obtained in suffi-
cient quantities for biophysical experimentation.

T data

To assess DNA and RNA affinity of the two novel modifica-
tions we measured UV-melting curves at 260 nm. With a
gradient of 0.5 °C/min the heating and cooling curves are super-
imposable, indicating equilibrium conditions and excluding de-
gradation of the modified oligonucleotides under the conditions
of measurement. The corresponding 7;,,-data are summarized in
Table 2.

The be®™-T modification destabilizes duplexes with comple-
mentary DNA by —1.4 to —2.0 °C per modification relative to
dT in a somewhat sequence dependent context. If flanked by
two pyrimidine nucleotides (ON1) the destabilization is higher
as compared to purines as nearest neighbors (ON2). Two
consecutive residues lead to less destabilization which is in line
with earlier observations on tc-DNA where it was found that the
highest Tp,/modification were observed in fully modified
oligonucleotides [37]. Duplexes with RNA as complement are
also destabilized albeit to a lesser extent (AT,,/mod —0.8 to
—2.2 °C). The same sequence dependence as for DNA as

ODMTr ODMTr
O EA1 (0] —_—
T — T
f ¥
Q +
I—P*-OCH,CH,CN
O-DNA 0 H,0 0
I—P—OCH,CH,CN “0-P—OCH,CH,CN
O-DNA O-DNA
+
ODMTr ODMTr
o] E1 —
T — | T
SeE S
Q
I—P*OCH,CH,CN
O-DNA

Scheme 3: Pathways for elimination of the modified nucleotides during the oxidation step in oligonucleotide assembly.
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Table 2: Sequence information and analytical data of ON1-7 as well as Ty, data from UV-melting curves (260 nm) in 10 mM NaH;PO4/NayHPOy,

150 mM NaCl, pH 7.0. Duplex concentration: 1.2 yM.

Sequence Modification t Tm vs DNA? T vs RNA2
ON1 d(GGATGTTCICGA) | 45.3 (-2.0) 45.6 (-2.2)
ON2 d(GGAtGTTCICGA) o 43.9 (-1.7) 45.0 (-1.4)
ON3 d(GGATGHCTCGA) C/\O)_ 44.4 (-1.4) 46.2 (-0.8)
T
0
|
|
(e}
(0}
ON4 d(GGATGTTCLCGA) : T 44.8 (-2.5) 43.0 (-4.8)
(e}
|
ON5 d(GGATGTTCICGA) | 45.8 (-1.6) 46.6 (-1.2)
ONG6 d(GGAtGTTCICGA) o 46.8 (-0.3) 46.8 (-0.5)
ON7 d(GGATGHCTCGA) ’{:l/\o)_ 47.2 (-0.1) 49.6 (+0.9)
K T

2T, of unmodified duplex d(GGATGTTCTCGA): 47.3 °C vs DNA; 47.8 °C vs RNA; AT, per modification in parenthesis.

complement appears and again, two consecutive modifications
are associated with the least depression in Ty,/modification.
Thus, it turns out that bc®™-DNA prefers RNA over DNA as a
complement which is remarkable given that the parent nucleo-
side adopts a 2’-endo (S-type) sugar conformation and not a
3’endo (N-type) as do modifications that typically prefer RNA
as complement (e.g., LNA). This is somewhat similar to obser-
vations with the a-L-LNA analogue which also prefers RNA
over DNA as complement despite being a DNA mimic [38].

Also the iso-tc-T modification (ON4) turns out to destabilize
duplexes with complementary DNA and RNA. However, in
contrast to the bc®®-modification, where there is essentially no
difference in binding to DNA and RNA, destabilization of DNA
as complement is lower (AT, —2.5 °C) while that of RNA is
higher (AT}, —4.8 °C), this despite the fact that the sugar confor-
mations of the monomers (see Figure 2) are virtually identical.
The differential behavior therefore has to be attributed to steric
effects of the cyclopropyl methylene group on the adjacent
3’-phosphodiester function solely.

Discussion
The two novel be-/tc-modifications presented in this work are
part of our endeavor to understand the structure/affinity rela-

tionship of this particular oligonucleotide molecular platform in

more detail. More precisely we aimed with these modifications
to learn how subtle structural changes influence not only the
backbone torsion angle y but also control the conformation of
the furanose ring which is central for duplex structure and
stability. From X-ray analysis of monomers (Table 2) we find
that planarizing the C5’—~C6’-bond (tc-nucleosides) leads to a
trans orientation of torsion angle y and some variability
between S- and N-type furanose conformation, compared to the
ring-saturated be-nucleosides which have a stronger preference
for S-type furanose conformation and also maintain the prefer-
ence for the trans orientation of torsion angle y. On the other
hand, planarizing the C6’—~C7’-bond, as in 8p and 11, leads to
a synclinal torsion angle y and a consistent 2’-endo furanose

conformation.

In order to correlate structural features of the four monomers
under discussions with thermal affinity of correspondingly
modified oligonucleotides we have summarized the AT,,/modi-
fication data for RNA and DNA binding of the four modifica-
tions within the same sequence context for which data was
available (Table 3). From the data it becomes evident that there
is no clear correlation between torsion angle y and affinity. For
example bc®"-T, having y in the for duplexes natural gauche
orientation, is more destabilizing than be-T in which it is clearly

in the unnatural trans orientation. However, there seems to be
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Table 3: AT/modification data for four different bi/tricyclo modifications in one sequence context.

AT/modification vs

furanose pucker

torsion angle y

1’-exo trans
2’-endo gauche
2’-endo/ trans
4’-endo trans
2’-endo gauche

d(GGATGTTCtCGA) AT /modification vs

t= DNA [°C] RNA [°C]

bc-T@ +1.5 -0.5

bcen-T -2.0 -2.2

te-T -1.6 -1.2

iso-tc-T -2.5 -4.8
aRef. [27].

some correlation between the furanose pucker and affinity.
There is a trend that nucleosides preferring an S-type sugar con-
formation (bc-T, be®-T, iso-tc-T) prefer a DNA over an RNA
complement. In the only nucleoside that shows some 3’-endo
(N-type) character (tc-T) this is inverted. Probably the clearest
correlation can be made regarding the effect of the cyclo-
propane ring in iso-tc-T. Compared to bc®"-T, it becomes clear
that the additional CH, group destabilizes duplexes in an other-
wise isostructural scaffold. This is most likely due to unfavor-
able steric interactions with the 3’-phosphate group. This nega-
tive effect is not unexpectedly most pronounced with RNA as a
complement (A-type helical structure).

It has to be clearly noted here that an analysis based on single
incorporations of bc- or tc-modifications does not necessarily
reflect the effect of the same residues in fully modified oligonu-
cleotides. For example, a be-T residue stabilizes a duplex with
complementary DNA in the above sequence context. However,
a fully modified bc-oligonucleotide has no stabilizing effect
upon binding to a DNA or RNA complement [20]. Along the
same lines, a tc-T residue in the above sequence context desta-
bilizes duplexes with both a DNA and an RNA complement. On
the other hand fully modified tc-oligonucleotides stabilize
duplexes with DNA and RNA by 1-3 °C per modification [37].
It thus appears that every modification of the DNA or RNA
backbone with a be- or te-residue is associated with an ener-
getic penalty which most likely arises from the local structural
perturbation of the backbone at the site of modification. The
more homogeneous the backbone becomes, the more dominant
is the energetic benefit (or penalty) of the modification.

Conclusion

We have synthesized the two novel, thymine containing bc-/tc-
nucleosides 8 and 11p and incorporated them into oligodeoxy-
nucleotides. Analysis of the monomers by X-ray spectroscopy
clearly show a high degree of similarity in the conformation of
the underlying bicyclic scaffold of these two nucleosides.
Thermal melting analysis of duplexes shows a destabilization
with both DNA and RNA as complements. The destabilization

is more expressed with the iso-tc-T unit and is due to steric
interactions of the extra-CH, group of the cyclopropane ring
with the adjacent 3’-phosphate unit. A structure/affinity analysis
including the known be-T and te-T nucleosides suggests that it
is less the structural variety of torsion angle y but more the fura-
nose pucker (2’-endo vs 3’-endo) that governs affinity. Further-
more, from the accumulated set of 7}, data available it becomes
clear that AT,/modification data from oligonucleotides with
single incorporations of members of the be/tc-DNA family in
general do not reflect the affinity profile of the corresponding
fully modified oligonucleotides.

Supporting Information

Experimental procedures and analytical data, including
copies of 'H, 13C and 3'P NMR spectra (where
appropriate) for all new compounds as well as details for
oligonucleotide synthesis and thermal melting experiments.

Supporting Information File 1
Experimental part.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-10-194-S1.pdf]
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Over the past 20 years, the generation of functional RNAs by in vitro selection has become a standard technique. Apart from

aptamers for simple binding of defined ligands, also RNAs for catalysis of chemical reactions have be