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This focused collection of papers is devoted to recent developments in ‘green chemistry’, especially the applications of catalytic methods, involving both chemo- and biocatalysis. The development of catalytic processes is an important current theme
in organic chemistry, since it aims to reduce the environmental
impact of the industrial synthesis of chemicals and polymers by
replacing stoichiometric reagents with catalysts and also
exchanging harmful organic solvents with less detrimental alternatives. Green processes can also result in lower costs of goods
and starting materials as well as in the use of less harmful and
toxic reagents, which delivers benefits in terms of safety and
disposal of waste byproducts. Recently, many of these aspects
of green chemistry have been the focus of the CHEM21 project
(http://www.chem21.eu), funded by the Innovative Medicines
Initiative, which is supported by the European Federation of
Pharmaceutical Industries Association (EFPIA). CHEM21 is a
large multi-group consortium organized into six different workpackages spanning various elements of green chemistry including biocatalysis, synthetic biology and non-precious metal catalysis. In addition, there are also work packages devoted to
defining current and future targets for green chemistry as well

as developing metrics-based assessment protocols and also
training packages aimed at embedding the principles of green
chemistry within the thinking of future scientists. It is hoped
that the outputs from CHEM21, including some of the papers
presented here, together with other similar initiatives, will contribute to the overall effort underway globally aimed at transforming the chemical industry into a more sustainable and environmentally operation.
Nicholas Turner
Manchester, July 2016
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Abstract
Dicarboxylic acids and their derivatives (esters and anhydrides) have been used as acylating agents in lipase-catalyzed reactions in
organic solvents. The synthetic outcomes have been dimeric or hybrid derivatives of bioactive natural compounds as well as functionalized polyesters.

Introduction
The finding that enzymes can work in organic solvents has
significantly expanded the scope of preparative scale biocatalyzed transformations [1-4]. An uncountable number of reports
have been published on this topic since the eighties of the last
century, the vast majority of them dealing with the synthetic
exploitation of hydrolases [5,6].
It was found that reactions that are thermodynamically unfavorable in water, like esterifications, transesterifications (transacylations) and amidations, can be efficiently catalyzed by lipases
and proteases in organic solvents. Moreover, both substrates
and acylating agents’ scope could be significantly expanded.
Lipases, whose natural substrates are fatty acid triglycerides,

and proteases, enzymes acting on peptides and proteins, were
found to be able to catalyze, i.e., the esterifications of sugars
and steroids, using acylating agents different from simple aliphatic acids [7-9]. Specifically, years ago Dordick and
coworkers proposed the so-called ‘combinatorial biocatalysis’
as an approach to easily produce small libraries of derivatives of
bioactive natural compounds using a panel of different acylating
agents and hydrolases [10-12].
Among the great number of investigated acyl donors, activated
esters of dicarboxylic acids have been found to be particularly
versatile for the production of bifunctionalized compounds. As
it will be discussed in the following paragraphs, these mole-
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cules have allowed the synthesis of dimeric or hybrid derivatives of bioactive natural compounds as well as the biocatalyzed production of functionalized polyesters.

Review
1. Synthetic exploitation of dicarboxylic esters
a) Synthesis of activated esters
In most of the biocatalyzed transesterification reactions, ‘activated’ esters are usually employed in order to make the reactions irreversible thanks to the release of alcohols that are poor
nucleophiles (halogenated derivatives of ethanol, vinyl or
isopropenyl alcohol) [13-15]. This has been also the case with
several reports on the use of dicarboxylic acid derivatives.
Accordingly, vinyl diesters (1) and trifluoroethyl diesters (2)
have been synthesized following standard procedures [16].
Moreover, succinic (3) and glutaric anhydride (4) could be used
as acylating agents in controlled biocatalyzed reactions
(Scheme 1) [17,18].

lated compounds can be selectively acylated at specific hydroxy
groups by the action of an activated ester in the presence of a
suitable hydrolase in organic solvents [22,23].
Different authors have shown that activated dicarboxylates are
also accepted as acyl donors by these enzymes. As an example,
Figure 1 shows the products obtained using divinyl adipate in
the esterification of the antineoplastic antibiotics mithramycin
(5) catalyzed by Candida antarctica lipase A (CAL-A) and
chromomycin A3 (6) catalyzed by Candida antarctica lipase B
(CAL-B) [24]. In another report a series of mono-substituted
troxerutin esters (7a) were synthesized by action of the alkaline
protease from Bacillus subtilis on 7 [25]. The carboxyacetyl
(malonyl) derivative of some flavonoid glycosides (i.e., 8b) and
of ginsenoside Rg1 (9b) could be obtained with two-step
sequences. The preliminary CAL-B catalyzed acylations of 8
with dibenzyl malonate and of 9 with bis(2,2,2trichloroethyl)malonate to give the mixed malonyl derivatives
8a and 9a, respectively, were followed either by a palladiumcatalyzed hydrogenolysis of the benzyl moiety to give 8b [26],
or by a selective chemical removal of 2,2,2-trichloroethanol
with Zn/AcOH to give 9b [27].

c) Enzymatic synthesis of symmetric diesters
More recently, symmetric diesters have been synthetized
exploiting both the activated extremities of divinyl carboxylates.
C6-dicarboxylic acid diesters derivatives of the thiazoline of
N-acetylglucosamine (NAG-thiazoline, 10a,b, Figure 2) were
prepared and their inhibitor activities towards fungal β-Nacetylhexosaminidase evaluated [28].
Similarly, dimers of sylibin (11a,b, Figure 3) and dehydrosylibin, obtained by Novozyme 435-catalyzed acylation with
the divinyl esters of dodecanedioc acid, were evaluated in terms
of antioxidant activity and cytotoxicity [29].

Scheme 1: Activated derivatives of dicarboxylic acids.

The obvious hypothesis related to the synthesis of these compounds was that a dimer should be more bioactive than a monomer, but this was not always the case [28,29].

b) Regioselective enzymatic acylation of natural
products.

d) Enzymatic synthesis of hybrid dimers

Natural products are traditionally classified into groups of
substances (terpenes, alkaloids, amino acids, lipids, etc),
depending on their biosynthetic origin and on their chemical
and structural features [19-21]. The complex structures of most
of these molecules along with the presence of multiple functional groups make their chemical manipulation difficult. This
inherent “fragility” makes biocatalysis an attractive method for
their derivatization. Specifically, glycosides and polyhydroxy-

According to a pioneering paper Dordick linked glucose to
paclitaxel with divinyl adipate in a two-step biocatalyzed acylation [30]. As shown in Scheme 2, the protease thermolysin
catalyzed the regioselective acylation of the side chain of paclitaxel (12) to give the 2’-vinyl adipate 12a in 60% isolated
yields. Novozyme 435-catalyzed elaboration of this intermediate allowed either to hydrolyze the residual vinyl ester to give
the carboxyl derivative 12b (reaction performed in acetonitrile
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Figure 1: Example of natural compounds selectively acylated with dicarboxylic esters.

used either to acylate monosaccharides (i.e., galactose to give
13b) in order to increase the solubility of the parent compounds
in aqueous solutions (Figure 4) or as co-monomers in radical
(AIBN)-catalyzed polymerizations (see next paragraph).

Figure 2: C6-dicarboxylic acid diesters derivatives of NAG-thiazoline.

containing 1% H2O v/v) or to link it to a sugar, like glucose to
give the hybrid compound 12c (reaction performed in dry acetonitrile containing glucose). Both derivatives were significantly
more soluble in aqueous solutions than the parent compound 12.
A similar approach was followed later on by Lin and
coworkers, who described the enzymatic esterification of the
nucleoside 5-fluorouridine (13) and of other polyhydroxylated
bioactive molecules with divinyl esters of dicarboxylic acids
[31-35]. The monovinyl esters obtained (i.e., 13a) were then

In recent years linking different bioactive molecules with suitable dicarboxylic acids to prepare hybrid compounds has been
receiving more and more attention. The interest is due to the
fact that these new substances might show additive activities
[36], having improved properties or efficacies compared to the
combined use of the respective two parent compounds. This is
the so-called ‘dual drug’ strategy [37-41]. For instance [40,41],
an increased capacity of inhibiting endothelial cell differentiation and migration (key steps of the angiogenic process) was
observed as well as a marked ability to inhibit the polymerization of tubulin in vitro. The same methodology might be applied
to direct a drug by conjugation to a molecule binding to a
specific receptor on cancer cells. Moreover, by using dicarboxylated linkers with a disulfide bridge, it was possible to generate
dynamic libraries of dimeric hybrids based on disulfide
exchange reactions in vivo [42,43].
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Figure 3: Sylibin dimers obtained by CAL-B catalyzed trans-acylation reactions.

Scheme 2: Biocatalyzed synthesis of paclitaxel derivatives.

Figure 4: 5-Fluorouridine derivatives obtained by CAL-B catalysis.

All of these compounds were synthesized by (sometimes troublesome) chemical protocols requiring accurate control of the
reaction conditions and several protection/deprotection steps.
This is avoided using a biocatalyzed approach, as it has been
shown exploiting once again the well-known efficiency, selectivity and versatility of CAL-B (Novozyme 435) [16]. As in the
previous examples, the mixed esters from the first esterification
step can be used as acylating agents in the second esterification
step. Scheme 3 shows the synthesis of the hybrid compounds 17
and 18, obtained by linking together a steroid (cortisone, 14)
and an alkaloid (colchicoside, 15; thiocolchicoside, 16). Worth
of notice the use, among others, of activated esters of dithiodicarboxylic acids, in 18.
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Scheme 3: Biocatalyzed synthesis of hybrid diesters 17 and 18.

More recently Kren and coworkers have synthesized hybrid
dimeric antioxidants 23–25 based on the conjugation of an
acylated sylibin derivative (19) with L-ascorbic acid (20),
tyrosol (21) and trolox alcohol (22) (Scheme 4) [44]. These
compounds proved to have excellent electron donor, antiradical,
antioxidant as well as cytoprotective abilities.
Moreover, in a different research area, studying the supramolecular behavior of bolaamphiphile molecules, it has been
reported that polyhydroxylated compounds linked via a dicarboxylic chain (like the symmetric vitamin C-based bolaamphiphile 26, L,L) give origin to regular structures [45]. The previously described biocatalyzed approach allowed the synthesis of
an asymmetric dimer combining L-ascorbic acid and
D-isoascorbic acid (27, L,D), which behaved significantly
differently in terms of supramolecular structure when compared
to the symmetric dimers 26 (L,L) and 28 (D,D) (Figure 5) [46].
More recently, Gross and coworkers have described the synthesis of “sweet silicones” by Novozyme 435-catalyzed formation of ester bonds between organosilicon carboxylic diacids
and the primary OH’s of 1-O-alkyl glucopyranosides [47].

2. Enzymatic synthesis of polyesters
The interest in the biocatalyzed synthesis of polyester started at
the very beginning of the use of lipases in organic solvents. In
1984 Okumura et al. [48] produced oligomers of several dicarboxylic acids (C6 to C14) in combination with several diols (C2
and C3). Since then the use of lipase-catalyzed preparation of
polymers has grow very much and has been reviewed many
times (see for example Zang et al. [49], Kobayashi and Makino
[50], Gross et al. [51]). Nowadays lipases are not only used to
achieve simple polycondensation reactions, but are exploited
due to their chemo-, stereo- and enantioselectivity. In addition,
they are seen as environmentally friendly alternative to traditional polymerization methods [52].
Binns et al. summarized the attempts to scale up synthesis of
polyesters by enzyme catalyzed polycondensation of adipic acid
and hexane-1,6-diol in a very well-worth reading article [53].
They discussed the very slow progress in achieving high molecular weight polymers and concluded that removal of the leaving
group, water, to draw the equilibrium towards polymerization,
and the reversal nature of lipase catalysis are two main obstacles. Others have pointed out the latter also [54]. Often a two-
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Scheme 4: Hybrid derivatives of sylibin.

amount of ethyl glycolate was varied. Polymers with a high
molecular weight (12–18000 Dalton) were obtained (Figure 6).
Nano particles of the polymer were used for a controlled slow
release of the drug doxorubicin (29) trapped in this material.

Figure 5: Bolaamphiphilic molecules containing (L)- and/or (D)isoascorbic acid moieties.

step procedure has been used, an initial polymerization to
achieve oligomers followed by a second step at higher temperature and/or lower pressure. The synthesis of oligomers and short
telechelics (oligomers with functionalized ends) avoids much of
the problems and afford better reaction rates.
Yang et al. polymerized ethyl glycolate with diethyl sebacate
and 1,4-butandiol. For this, they used CAL-B in a two step synthesis, started at a low vacuum and then increased the vacuum
to drive the reaction to completion [55]. The dicarboxylic acid
and the diol were employed in equal molar amounts, while the

Figure 6: Doxorubicin (29) trapped in a polyester made of glycolate,
sebacate and 1,4-butandiol units.

Bhatia et al. used Novozyme 435 to make polymers from functionalized pentofuranose derivatives (i.e, 30) and PEG-600
dicarboxylic acid dimethyl ester [56]. The obtained polymers
formed supramolecular aggregates with diameters between 120
and 250 nm, which were able to encapsulate Nile red (31) that
was used as a model of a drug compound (Figure 7).
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Figure 7: Polyesters containing functionalized pentofuranose derivatives.

Copolymers containing disulfide groups in the main chain were
synthesized from 3,3´-dithiodipropionic acid dimethyl ester in
combination with pentadecalactone and 1,4-butandiol (Figure 8)
[57]. When MeO-PEG-OH was used as chain terminator
amphiphilic copolymers were formed. The hydrophobicity of
the polymer could easily be changed by the content of the
lactone. The copolymers had low toxicity and formed aggregates that could be used as nano-containers of drugs. Reduction
of the disulfides caused swelling of the aggregates and fast
release of incorporated drugs.
An early attempt to use dicarboxylic acids with an additional
functional group was done by Wallace and Morrow [58]. They

used the activated 2,2,2-trichloroethyl diester of (±)-3,4epoxyadipic acid. The stereoselectivity of porcine pancreatic
lipase discriminated between the two enantiomers and afforded
the chiral (−)-polyester with molecular weight of 7900 Dalton
(Figure 9).
Yang et al. compared the polymerization of glycerol and a
diacid derivative of oleic acid catalyzed by dibutyltin oxide and
Novozyme 435 (Figure 10) [59]. Dibutyltin oxide catalysis
resulted in cross-linking and gel formation. This was not
observed by enzyme catalysis, presumably due to steric
hindrance which may be imposed by the active site of the
enzyme.

Figure 8: Polyesters containing disulfide moieties.

Figure 9: Polyesters containing epoxy moieties.
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Figure 10: Biocatalyzed synthesis of polyesters containing glycerol.

Symmetrical long-chain (C 18 , C 20 and C 26 ) unsaturated or
epoxidized dicarboxylic acids were polycondensated with 1,3propanediol or 1,4-butanediol using CAL-B [60]. At high
temperature (70 °C) a number of polyester combinations could
be synthesized. Propandiol afforded polymers with rather
moderate molecular weights (2000–3000 Dalton), while with
butandiol polyesters with higher molecular weights
(8000–12000 Dalton) were obtained. Interestingly, the polymers carried functional groups in the chain that could be used
for further modifications.
For polymer synthesis involving environmentally benign chemicals the building blocks succinic acid, itaconic acid (34,
Figure 11) and butanediol are very attractive. The methylene
group in itaconic acid is interesting as a handle for second polymerization or derivatization, but causes steric and reactivity
problems in lipase catalysis. Anyhow, Jiang et al. were able to
synthesize polyesters with a mix of the two acids used as
dimethyl esters. The yield was acceptable if the reaction was
run in diphenyl ether and the ratio of itaconate did not exceed
30% [61]. The authors discussed the consequences of the low
reactivity of itaconic acid in relation to polymer growth.
Another dicarboxylic acid carrying an additional functional
group is malic acid (35, Figure 11). Yao et al. used (L)-malic
acid and adipic acid in different ratios to be polymerized with
1,8-octanediol in a reaction catalyzed by CAL-B [62]. The yield
depended on the choice of organic solvent, with isooctane being
the best one. Using 10% of enzyme by weight compared to total
amount of monomers, molecular sieves to trap the produced
water and working at 70 °C, high molecular weight polymers

Figure 11: Iataconic (34) and malic (35) acid.

were isolated after 48 h. This was a good example, showing that
the selectivity of the lipase-driven polymerization using only
the primary alcohols of the diol, and not the secondary hydroxy
group of malic acid.
A few years earlier Kato et al. showed that both enantiomers of
dimethyl 2-mercaptosuccinate and 1,6-hexanediol were polymerized by CAL-B, while other lipases failed to give long polymers [63]. In the same article the authors showed that only the
(L)-enantiomer of dimethyl malate afforded polymers. A racemate of malate esters gave only short polymers; showing nicely
that efficient polymerization of diacids can only be achieved
with carboxylic groups of similar reactivity. The poly(hexanediol-2-mercaptosuccinate) could be oxidized by air in DMSO to
form a cross-linked insoluble material (Figure 12). In a subsequent paper, the same laboratory prepared different mercaptosuccinate polymers with several diols. In addition they showed
that the material cross-linked by air oxidation could be
reversibly reduced by tributylphosphine to recover the reduced
soluble polymer [64].

Figure 12: Oxidized poly(hexanediol-2-mercaptosuccinate) polymer.

In a recent review, Khan et al. summarized the synthesis of
polymers based on C-5-substituted isophthalates (36, Figure 13)
and diols [65]. Using hydroxy or amine groups at C-5 afforded
polymers, which could be further modified by chemical means.
The synthesized products can find a wide range of applications
such as drug/gene delivery systems, flame retardant materials,
conducting polymers, controlled release systems, diagnostic
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agents, and polymeric electrolytes for nano-crystalline solar
cells.

explosives DNT and TNT absorbed the explosives and the fluorescence was quenched. Therefore, it was proposed that the
films can be used as sensors for these explosives.
Frampton et al. synthesised a polyester from the dimethyl ester
of 1,3-bis(3-carboxypropyl)-1,1,3,3-tetramethyldisiloxane and
1,3-bis(3-hydroxypropyl)-1,1,3,3-tetramethyldisiloxane
(Figure 15) using CAL-B. They obtained the polymers as colorless viscous liquids after evaporation of ether used to extract the
polymer from the enzyme beads [68].

Figure 13: C-5-substituted isophthalates.

Curcumin (37) was converted to a diester using ethyl
α-bromoacetate. The formed diester was copolymerized with
PEG using CAL-B (Figure 14). The final product was an effective activator of nuclear factor (erythroid-derived 2)-like 2
(Nrf2) several times better than the free curcumin [66]. The
curcumin diester was used in a second polymer synthesis with
carbinol (hydroxy) terminated polydimethylsiloxane catalyzed
by CAL-B [67]. The curcumin moiety retained its fluorescence
properties without quenching in thin films prepared from the
polymer. Films exposed to low concentrations of vapors of the

a) Dicarboxylic esters in combination with functionalized alcohols
The use of diols with additional reactive groups opens up the
possibility to synthesize a number of functionalized polymers.
For instance, Müller and Frey used 3,3-bis(hydroxymethyl)oxetane in different blends with 1,8-octanediol and sebacic acid
to get polymers with a varied content of oxetane groups
(Figure 16). Oxetane is a very acid sensitive moiety, but the
mild conditions for enzyme catalysis afforded nice polymers.
The obtained polymers could be cross-linked by UV light in the
presence of the solid photoinitiator Iracure 270 to form hard
films [69].

Figure 14: Curcumin-based polyesters.

Figure 15: Silylated polyesters.
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Figure 16: Polyesters containing reactive ether moieties.

Several poly(amine-co-ester)s were synthesized directly from
dicarboxylic acid diesters and N-alkyl- or N-phenyldiethanolamines. High molecular weights polymers were obtained in a
two step procedure catalyzed by CAL-B [70]. Specifically, the
obtained polymers from sebacic acid (Figure 17, x = 7) and
N-methyl- or N-ethyldiethanolamine proved to form good
nanometer-sized complexes with DNA, useful for efficient
DNA delivery in gene therapy.

Figure 18: Polyesters comprising mexiletine (38) moieties.

triethanolamine), a long incubation time at 85 °C, and
1–2 mmHg pressure the hyperbranched polymers were isolated
[73].

b) Amines in combination with dicarboxylic acids

Figure 17: Polyesters obtained by CAL-B-catalyzed condensation of
dicarboxylic esters and N-substituted diethanolamine.

Mexiletine (38) was incorporated into amphiphilic poly(amineco-ester)s through a two-step lipase catalyzed procedure.
Firstly, racemic mexiletine was used in a biocatalyzed kinetic
resolution to form the amide with pure (R)-amide with methyl
3-(bis(2-hydroxyethyl)amino)propanoate. The formed diol was
mixed with an equal molar amount of divinyl sebacate and
lipase as a catalyst, after some time methoxypoly(ethylene
glycol) was added to react with the remaining vinyl carboxylates to give an amphiphilic polymer. This product self-assembled into nanometer-scale-sized particles in water and could be
used for drug delivery (Figure 18) [71].
A few years earlier the same authors used the same principle to
synthesize amphiphilic mPEG-block-poly(profenamide-coester) copolymers that self-assembled in water and could be
used for drug release [72]. As a follow up the same laboratory
used triethanolamine and different dimethyl esters of linear
dicarboxylic acids to synthesize hyperbranched polymers.
With a very high load of CAL-B (20% weight compared to

Several high molecular weight poly(amide-co-ester)s were
prepared in a three-step procedure. Significantly high molecular weights were achieved by first reacting pentadecalactone
with equal molar amounts of linear diamines. The formed
amides, containing one terminal hydroxy and one terminal
amino moiety, were further reacted with diethyl sebacate to
form high molecular weight poly(amide-co-ester)s with a repetitive pattern of amide and ester bonds (Figure 19) [74].
The problem of high molecular weights in lipase-catalyzed
polyamide synthesis using dicarboxylic acids and diamines has
been discussed in several articles. The slow catalytic rate and
the insolubility of the formed polymers are two main obstacles.
The rate problem was addressed by Poulhès et al. who used an
α-oxy diacid derivative (Figure 20), obtaining higher reaction
rates, but, unfortunately, lower molecular weights [75]. The

Figure 20: Polymer comprising α-oxydiacid moieties.

Figure 19: Poly(amide-co-ester)s comprising a terminal hydroxy moiety.
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observed rate enhancement was presumably an effect of transition state stabilization for the nitrogen inversion in the presence of an oxygen atom in the proximity of the forming amide
bond [76].

c) Telechelics
Several authors have discussed the difficulty of obtaining high
molecular weight polyesters by lipase catalysis. This problem
can be circumvented by the synthesis of telechelics, oligomers
with functional ends. The synthesis of oligomers avoids the
precipitation of polymers during the synthesis. The functional
ends of the telechelics can be used in a second step for polymerisation or crosslinking without the lipase. By exploiting the
substrate selectivity of lipases it is possible to obtain welldefined telechelics in a one-pot, or even one-step reaction.
In 1997 Uyama et al. were the first to produce telechelic polyesters from the monomers divinyl sebacate and 12-dodecanolide by lipase PF catalysis. By using 2–3% of the divinyl ester a
mixture of telechelic polyesters carrying carboxylic acid ends
was achieved [77]. The mixture was probably a result of uncontrolled water content in the incubation. Eriksson et al. used
CAL-B to obtain well-defined telechelics in a one-pot polycondensation. The backbone of the telechelics was built from
ethylene glycol and divinyl adipate. Specific degrees of polymerisation (4, 8 and 13) were reached by terminating the
process with the addition of 2-hydroxyethyl methacrylate. Well-

defined telechelics with more than 90% methacrylate ends were
used directly in film formation, without any other purification
than filtering off the immobilized lipase (Figure 21). The
telechelics were either homopolymerized or polymerized in
combination with a tetrathiol cross-linker to form strong films
under UV irradiation [78].
In a similar approach the same research group synthesized the
telechelic tetraallyl ether-poly(butylene adipate) (Figure 22).
Each telechelic molecule carried four allyl ether groups, which
allowed extensive crosslinking using thiolene chemistry with
dithiols or tetrathiols [79].
Through a combination of lipase-catalyzed condensation and
ring-opening polymerisation oligomers of pentadecalactone and
adipic acid were terminated by glycidol (Figure 23). By
changing the stoichiometry of the building blocks, telechelics of
different controlled molecular weights could be obtained, which
readily polymerized to form films after filtering off the enzyme.
The properties of the films depended on the fraction of pentadecalactone and crosslinking density [80].

Conclusion
In this short review it has been discussed the synthetic potential
of dicarboxylic esters in biocatalyzed reactions. Literature
examples related to polyesters are significantly more numerous.
Nevertheless, as it has been shown in the initial paragraphs, this

Figure 21: Telechelics with methacrylate ends.

Figure 22: Telechelics with allyl-ether ends.

Figure 23: Telechelics with ends functionalized as epoxides.
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methodology allows also the facile synthesis of hybrid derivatives of natural compounds with modified physical–chemical
properties (i.e., increased water solubility, different supramolecular behavior) and with possible synergic biological
activities.

21. Sima Sariaslani, F.; Rosazza, J. P. N. Enzyme Microb. Technol. 1984,
6, 242–253.
22. González-Sabín, J.; Morán-Ramallal, R.; Rebolledo, F.
Chem. Soc. Rev. 2011, 40, 5321–5335. doi:10.1039/C1CS15081B
23. Riva, S. J. Mol. Catal. B: Enzym. 2001, 19, 43–54.
24. Nunez, L. E.; Menendez, N.; Gonzalez-Sabin, J.; Moris-Varas, F.;
Garcia-Fernandez, B.; Perez, M.; Brana, V.; Salas, J. A. WO Patent
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Abstract
Two new one-component aluminium-based catalysts for the reaction between epoxides and carbon dioxide have been prepared. The
catalysts are composed of aluminium–salen chloride complexes with trialkylammonium groups directly attached to the aromatic
rings of the salen ligand. With terminal epoxides, the catalysts induced the formation of cyclic carbonates under mild reaction
conditions (25–35 °C; 1–10 bar carbon dioxide pressure). However, with cyclohexene oxide under the same reaction conditions, the
same catalysts induced the formation of polycarbonate. The catalysts could be recovered from the reaction mixture and reused.

Introduction
Carbon dioxide is a renewable and inexpensive carbon source,
so great efforts have been directed at developing novel methods
for the valorization of this abundant raw material [1]. One way
of achieving this goal is to produce cyclic carbonates or polycarbonates from carbon dioxide and the corresponding epoxides (Scheme 1). Cyclic carbonates are an important class of
solvents [2] and starting materials in organic synthesis [3-6].
Although a significant array of catalysts have been developed
for the production of cyclic carbonates [7-9] and polycarbon-

Scheme 1: Synthesis of cyclic and polycarbonates.

ates [10,11] from carbon dioxide and epoxides, the most
developed and privileged set of catalysts are based on Lewis
acidic metal–salen complexes. In particular, cobalt(III) and
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chromium(III) complexes were found to be highly efficient for
polycarbonate production [12]. Further modification of the
salen moiety by the introduction of basic or ammonium salts
through alkyl spacers attached to the salen aromatic rings led to
the formation of a family of bifunctional catalysts possessing
both Lewis acid and nucleophilic catalysis capability (via the
anion in the case of catalysts containing ammonium salts), with
a concomitant increase in their activity [12,13]. Recently, more
environmentally benign aluminium-based complexes, including
salen complexes, have been introduced to catalyse cyclic
carbonate production [14]. The performance of these catalysts
was also greatly improved by the introduction of bifunctional
versions of the catalyst system, combining an electrophilic
aluminium centre with an ammonium cation/nucleophilic-counteranion combination within the framework of a single catalytic
species as reported by North [15], Liu and Darensbourg [14],
and Lu [16] (Figure 1).
Unfortunately, the bifunctional derivatives with an alkyl spacer
are not very stable at higher temperatures because of the wellknown ammonium salt decomposition pathways including:
Zaitsev and Hoffman type eliminations [17-19] and retroMenschutkin reactions [20-23]. We reasoned that the direct

introduction of ammonium moieties onto the aromatic rings of
the salen ligands (as in structures 1 and 2) would greatly stabilize the whole structure by reducing the number of sp 3 hybridized carbon atoms attached to the nitrogen atoms of the
ammonium salts and increasing the steric hindrance around the
ammonium salts. Herein, we report the synthesis of two
aluminium–salen complexes incorporating quaternary ammonium salts directly attached to the salen ligand and their catalytic
activities for the coupling of epoxides and carbon dioxide under
solvent free conditions. Catalyst recycling experiments are also
reported and show the robustness of this system.

Results and Discussion
The preparation of salen ligands 8a and 8b was conducted
according to Scheme 2, starting from tert-butylphenol, which
was formylated and then nitrated to produce 5-nitro-3-(tertbutyl)salicylaldehyde (5) [24-27]. 5-N,N-Dimethylamino-3(tert-butyl)salicylaldehyde (6) was prepared directly from 5,
using a literature procedure [28,29]. The salen ligand 7 was then
obtained in high yield by condensation with (R,R)-cyclohexanediamine, according to a known technique [30]. Ligand 7 was
efficiently alkylated under mild reaction conditions using either
methyl iodide or benzyl bromide, giving the corresponding

Figure 1: Bifunctional aluminium–salen complexes, including those studied in this work.
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positively charged salen ligands 8a and 8b in 95 and 78% yields
respectively. The aluminium–salen complexes were prepared by
treating 8a and 8b with diethylaluminium chloride (Scheme 3),

affording complexes 1 and 2 in 96% and 91% yields respectively. These complexes could be used without any additional
purification.

Scheme 2: Synthesis of salen ligands 8a and 8b.

Scheme 3: The preparation of aluminum complexes 1, 2 and 10.
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Styrene oxide was used as a model substrate to test the catalytic
efficiency of complexes 1 and 2 in the coupling reaction with
carbon dioxide. Table 1 summarizes the experimental results. It
is apparent from the data that both catalysts are effective at
promoting the coupling reaction even at room temperature and
1 bar of carbon dioxide pressure (Table 1, entries 1–4 and
10–12). However, complex 2 was a better catalyst, affording
83% conversion of styrene oxide to the corresponding cyclic
carbonate after 24 hours, whereas complex 1 gave only 47%
conversion under the same conditions (Table 1, entries 4 and
12). Increasing either the temperature of the reaction or the
carbon dioxide pressure had positive effects on the catalytic
performance (Table 1, entries 8, 9 and 13).
Furthermore, the performance of catalyst 1 could be improved
by adding one equivalent of water and triethylamine relative to

the catalyst loading (Table 1, entries 5–7). Presumably, some of
complex 1 was converted into a highly active oxygen-bridged
aluminium complex in situ, as shown in Scheme 4. High activities for this type of dinuclear complexes have been reported
before [31].
In order to prove the bifunctional nature of our catalysts,
aluminium complex 10 was prepared (Scheme 3) using 3,5-di(tert-butyl)salicylaldehyde as a starting material. It was
found that this catalyst was almost inactive in the reaction
of styrene oxide with carbon dioxide (Table 1, entry 14). After
addition of tetrabutylammonium iodide (5 mol %) as a
cocatalyst, the conversion was increased to 80% (Table 1,
entry 15), which was close to the performance of catalyst
2 (Table 1, entry 12). This supports the hypothesis that
complexes 1 and 2 are bifunctional catalysts in which both the

Table 1: Coupling of CO2 and styrene oxide promoted by complexes 1, 2 and 10.a

aIn

Entry

Catalyst

Catalyst loading (mol %)

Time (h)

Pressure (bar)

Temperature (°C)

Conversion (%)

1
2
3
4
5b
6b
7b
8
9
10
11
12
13
14
15c

1
1
1
1
1
1
1
1
1
2
2
2
2
10
10

0.2
1
2
2.5
2.5
2.5
2.5
2.5
2.5
2.5
2.5
2.5
2.5
2.5
2.5

24
24
24
24
3
6
24
24
24
3
6
24
24
24
24

1
1
1
1
1
1
1
10
10
1
1
1
10
1
1

25
25
25
25
25
25
25
25
35
25
25
25
25
25
25

8
16
40
47
8
17
72
70
100
14
43
83
100
5
80

neat styrene oxide. bOne equivalent of H2O and Et3N were added to the catalyst. cWith 5 mol % tetrabutylammonium iodide as cocatalyst.

Scheme 4: Possible formation of a dinuclear complex from 1 by treatment with H2O and Et3N.
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aluminium centre and the ammonium halide play important
catalytic roles.
After finding the optimal reaction conditions for each catalyst,
both complexes 1 and 2 were tested with a range of epoxides.
These experiments were carried out without added water to
allow direct comparison of the two catalysts and to avoid
complicating the reaction system. The results are summarized in
Table 2. Both catalysts proved to be efficient for coupling both
aromatic and aliphatic substrates. In all cases reported in
Table 2, cyclic carbonate, catalyst and unreacted epoxide (for
entries 10 and 11) were the only species detected by 1H NMR
spectroscopy of the crude reaction product prior to purification
by column chromatography. The moderate yield for propylene
oxide (Table 2, entry 6) can be explained by volatility of the
starting material under the reaction conditions.
No cyclic carbonate was detected when cyclohexene oxide was
used as substrate (Table 3, entries 1–5) and almost no conversion at all was detected in the reaction promoted by complex 1
(Table 3, entries 1 and 2). Catalyst 2 was more active and catalysed the synthesis of the corresponding polycarbonate with 64%
conversion at 10 bar (Table 3, entry 4) and 92% at 35 bar
carbon dioxide pressure (Table 3, entry 5). Previous reports
have indicated that in the presence of a cocatalyst,
aluminium–salen complexes can catalyse the formation of
either cyclic [32] or polycarbonate [33,34] from cyclohexene
oxide, depending on the exact structure of the catalyst and
cocatalyst. However, this is the first report of a one-component
aluminium–salen-based catalyst for polycyclohexene carbonate
synthesis.
MALDI–TOF mass-spectra data (Figure 2) showed that the
polycarbonate consisted of a mixture of oligomers with a range

Table 2: Coupling of CO2 and various epoxides promoted by
complexes 1 and 2.a

Entry Catalyst
1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16

1
1
1
1
1
1
1
1
2
2
2
2
2
2
2
2

R

Conversionb (%)

Yieldc (%)

Ph
CH2OPh
p-ClPh
Bu
Et
Me
CH2Cl
CH2OH
Ph
CH2OPh
p-ClPh
Bu
Et
Me
CH2Cl
CH2OH

100
100
100
100
100
100
100
100
100
64
99
100
100
100
100
100

62
78
95
80
78
52
82
85
80
56
84
60
71
88
80
76

aReaction

conditions for catalyst 1: solvent free, 10 bar pressure of
CO2, 35 °C, 24 h; for catalyst 2: solvent free, 10 bar pressure of CO2,
25 °C, 24 h. bDetermined by 1H NMR spectroscopy of the unpurified
product. cAfter purification by column chromatography.

of monomer units (n from 4 to 10) with the maximum intensity
at n = 6. Both ends of the polymer chain are capped with
alcohol groups, suggesting that chain-transfer to adventitious
moisture occurred during the polymerisation. GPC data
(Figure 3) was consistent with the MALDI–TOF data, showing
that most of the polymer has a molecular weight between 300

Table 3: Addition CO2 to cyclohexene oxide.a

Entry

Catalyst

Pressure (bar)

Time (h)

Conversion (%)

Polycarbonate (%)

Polyether linkages (%)

1
2
3
4b
5b

1
1
2
2
2

10
10
10
10
35

24
111
24
96
96

6
11
8
64
92

6
11
8
57
85

–
–
–
5
7

aNeat

cyclohexene oxide, temperature: for catalyst 1, 35 °C; for catalyst 2, 25 °C, only traces of cyclic carbonates were detected. bThe ratio of polycarbonate/polyether was determined from the 1H NMR spectrum [11].
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Figure 2: MALDI–TOF spectrum of poly(hexene carbonate) prepared using catalyst 2. The peak at 565 Daltons corresponds to four ring-opened
cyclohexene oxide units, three CO2 units, 2 hydrogens (to cap the two terminal oxygens) and a sodium ion. The other peaks are then separated by
142 Daltons corresponding to an additional ring-opened cyclohexene oxide and carbon dioxide.

and 1000 Daltons. This type of low molecular weight polycarbonate–polyol is currently attracting much interest associated
with its use in sustainable polyurethanes [35].

To show the stability of our catalytic system, catalyst 1 was
reused three times. For this purpose the catalyst was precipitated from the reaction mixture by the addition of ether followed by filtration. The catalyst was then dried in vacuo and
then reused. The results are summarized in Table 4. As can be
seen, there were no significant losses of catalytic activity
observed after three catalytic cycles.

Table 4: The catalytic activity of recovered catalyst 1.

Figure 3: GPC trace of poly(cyclohexene carbonate) prepared using
catalyst 2. The chromatogram was obtained in THF and is referenced
to polystyrene standards.

Cycle

Conversion

1
2
3

47
45
43
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Conclusion
In conclusion, we have developed two new, bifunctional
aluminium(salen) catalysts with quaternary ammonium groups
directly attached to the aromatic rings. The catalytic system
showed high activity in cyclic carbonate formation with a range
of substrates. The bifunctional nature of our catalysts was
demonstrated by comparing their performance with similar nonmodified aluminium complex 10. In contrast to previously
reported aluminium–salen complexes, catalysts 1 and 2 produce
polycarbonate rather than cyclic carbonate from cyclohexene
oxide.

Experimental
Materials
Commercial reagents were used as received unless stated otherwise. Column chromatography was performed using Silica Gel
Kieselgel 60 (Merck).

Instrumentation
1H

NMR and 13 C NMR spectra were recorded on Bruker
Avance 300 and Bruker Avance III–400 (operating at 300 and
400 MHz for protons, respectively) spectrometers. Optical rotations were measured on a Perkin–Elmer 341 polarimeter in a
5-cm cell. Melting points were determined in open capillary
tubes and are uncorrected. Mass spectra were recorded at the
University of York Mass Spectrometry Service Unit using ESI
and MALDI ionization methods. GPC was carried out using a
set (PSS SDV High) of 3 analytical columns (300 × 8 mm,
particle diameter 5 µm) of 1000, 105 and 106 Å pore sizes, plus
guard column, supplied by Polymer Standards Service GmbH
(PSS) installed in a PSS SECcurity GPCsystem. Elution was
with tetrahydrofuran at 1 mL/min with a column temperature of
23 °C and detection by refractive index. 20 µL of a 1 mg/mL
sample in THF was injected for each measurement and eluted
for 40 minutes. Calibration was carried out in the molecular
weight range 400–2 × 106 Da using ReadyCal polystyrene standards supplied by Sigma-Aldrich.

General procedures for compounds (4–10)

onto ice. The resulting precipitate was filtered and washed with
water, giving 3-(tert-butyl)-2-hydroxy-5-nitrobenzaldehyde
(0.9 g, 71%) as a yellow powder. 1H NMR (400 MHz, CDCl3)
δ 12.43 (s, 1H), 9.96 (s, 1H), 8.43–8.35 (m, 2H), 1.45 (s, 9H).

3-(tert-Butyl)-5-(dimethylamino)-2-hydroxybenzaldehyde (6)
Prepared by a modified literature procedure [28]. Pd/C (10%,
100 mg) was added to a solution of 3-(tert-butyl)-2-hydroxy-5nitrobenzaldehyde 5 (200 mg, 0.9 mmol) and 40% aqueous
formaldehyde (4.5 mL) in ethanol (20 mL). The reaction mixture was stirred under 1 bar of hydrogen at room temperature
for 24 hours. Then, the Pd/C was removed by filtration on
celite, the volume of the filtrate was reduced by half under
reduced pressure. Distilled water was added to the solution,
resulting in formation of an orange precipitate (140 mg, 70%),
which was filtered and washed with water (10 mL) and cold
ethanol. 1H NMR (400 MHz, CDCl3) δ 11.27 (s, 1H), 9.83 (s,
1H), 7.14 (s, 1H), 6.71 (s, 1H), 2.88 (s, 6H), 1.41 (s, 9H);
13C NMR (101 MHz, CDCl ) δ 197.28, 154.37, 144.05, 138.97,
3
122.84, 120.34, 114.90, 42.07, 35.14, 29.22; mp 130–131 °C
(lit. [28] 134 °C).

6,6'-((1E,1'E)-((1R,2R)-Cyclohexane-1,2diylbis(azanylylidene))bis(methanylylidene))bis(2(tert-butyl)-4-(dimethylamino)phenol) (7)
Prepared by a modified literature procedure [30]. A solution of
(1R,2R)-diaminocyclohexane (64 mg, 0.57 mmol) in ethanol
(5 mL) was added dropwise to a solution of 6 (250 mg,
1.13 mmol) in ethanol (15 mL). The resulting mixture was refluxed for 4 hours. After cooling to room temperature, distilled
water (30 mL) was added. The resulting precipitate was filtered,
washed with water and a small amount of cold ethanol to give a
yellow powder (250 mg, 85%). 1H NMR (400 MHz, CDCl3) δ
8.23 (s, 2H), 6.88 (d, J = 3.0 Hz, 2H), 6.41 (d, J = 3.0 Hz, 2H),
3.35–3.18 (m, 2H), 2.74 (s, 12H), 2.00–1.90 (m, 4H),
1.79–1.72 (m, 2H), 1.47–1.43 (m, 2H), 1.38 (s, 18H); mp
106–110 °C; [αD] −225 (c 0.01, MeOH); ESIMS m/z: [M + H]+
calcd for C32H48N4O2, 521.38; found, 521.39.

3-(tert-Butyl)-2-hydroxybenzaldehyde (4)
Prepared as described in previous work [24]. 1 H NMR
(400 MHz, CDCl3) δ 11.77 (s, 1H), 9.85 (s, 1H), 7.52 (d, J =
7.7 Hz, 1H), 7.39 (d, J = 7.7 Hz, 1H), 7.00–6.95 (m, 1H), 1.45
(s, 9H).

3-(tert-Butyl)-2-hydroxy-5-nitrobenzaldehyde (5)
Prepared by a modified literature procedure [25]. To a stirred
solution of 3-(tert-butyl)-2-hydroxybenzaldehyde (1.0 g,
4.5 mmol) in glacial acetic acid (20 mL) was added 3.3 M nitric
acid (4.0 mL). The solution was heated to reflux for 30 minutes.
After cooling to room temperature, the solution was poured

5,5'-((1E,1'E)-((1R,2R)-Cyclohexane-1,2diylbis(azanylylidene))bis(methanylylidene))bis(3(tert-butyl)-4-hydroxy-N,N,N-trimethylbenzenaminium iodide) (8a)
To a solution of 7 (100 mg, 0.192 mmol) in dry acetonitrile
(5 mL) was added methyl iodide (271 mg, 1.92 mmol). The
solution was stirred at room temperature for 24 hours. Diethyl
ether (10 mL) was then added to the solution resulting in
formation of a precipitate which was filtered and washed with
ether to leave a bright yellow powder (146 mg, 95%). 1H NMR
(400 MHz, DMSO-d6) δ 8.59 (s, 1H), 7.85 (d, J = 3.2 Hz, 1H),
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7.54 (d, J = 3.2 Hz, 1H), 3.58 (s, 1H), 3,49 (s, 9H), 1.88 (d, J =
11.3 Hz, 1H), 1.78 (s, 1H), 1.64 (s, 1H), 1.46 (s, 1H), 1.32 (s,
9H); 13C NMR (75 MHz, CD3OD) δ 164.76, 161.55, 139.89,
137.05, 121.25, 120.27, 118.11, 71.57, 56.59, 35.20, 32.47,
28.07, 23.83; mp 206–208 °C; [α D ] −175 (c 0.01, MeOH);
ESIMS m/z: [M]2+ calcd for C34H54N4O22+, 275.21; found,
275.21.

7.02 (d, J = 7.3 Hz, 2H), 4.99 (d, J = 7.5 Hz, 2H), 3.55 (d, J =
7.3 Hz, 6H), 3.35 (s, 1H) 1.89 (s, 2H), 1.48 (d, J = 4.5 Hz,
11H); mp >300 °C; [αD] −83.4 (c 0.01, MeOH); ESIMS m/z:
[M] 2 + calcd for C 4 6 H 6 0 AlClN 4 O 2 2 + , 381.21; found,
372.22 (substitution of Cl by OH); 379.20 (substitution of Cl by
OMe).

Aluminium–salen complex (10)
5,5'-((1E,1'E)-((1R,2R)-Cyclohexane-1,2diylbis(azanylylidene))bis(methanylylidene))bis(Nbenzyl-3-(tert-butyl)-4-hydroxy-N,N-dimethylbenzenaminium bromide) (8b)
To a solution of 7 (120 mg, 0.231 mmol) in dry acetonitrile
(5 mL) was added benzyl bromide (79 mg, 0.46 mmol). The
solution was stirred at room temperature for 24 hours. Diethyl
ether (10 mL) was then added to the solution resulting in
formation of a precipitate which was filtered and washed with
ether to leave a bright yellow powder (165 mg, 78%). 1H NMR
(400 MHz, CDCl3) δ 9.00 (s, 1H), 8.80 (d, J = 3.1 Hz, 1H),
7.33–7.27 (m, 1H), 7.19–6.98 (m, 4H), 6.76 (d, J = 3.2 Hz, 1H),
5.51–5.37 (s, 2H), 3.98–3.90 (m, 1H), 3.85 (d, J = 8.0 Hz, 6H),
2.2–2.1 (m, 1H), 2.0–1.9 (m, 1H), 1.6–1.4 (m, 2H), 1.25 (s,
9H); 13 C NMR (101 MHz, DMSO-d 6 ) δ 165.63, 162.37,
139.22, 134.33, 133.01, 130.73, 129.06, 128.87, 123.76, 122.83,
117.57, 72.26, 69.97, 53.21, 35.55, 32.51, 29.37, 29.04, 24.05;
mp 140–144 °C; [αD] 107 (c 0.05, MeOH); ESIMS m/z: [M]2+
calcd for C46H62N4O22+, 351.24; found, 351.24.

Prepared as described in previous work [29]. 1 H NMR
(400 MHz, DMSO-d6) δ 8.35 (s, 1H), 7.41 (d, J = 2.4 Hz, 1H),
7.36 (d, J = 2.4 Hz, 1H), 2.60 (d, J = 10.7 Hz, 1H), 1.99–1.90
(s, 1H), 1.53 (s, 9H), 1.40–1.20 (m, 3H), 1.29 (s, 9H).

Synthesis of cyclic carbonates
All cyclic carbonate formations were carried out in autoclaves
or, in case of 1 bar CO 2 reactions, in sample vials with a
balloon of CO2 attached to them. In both cases the reactions
were magnetically stirred. After completion of the experiment,
the reaction mixture was analysed by 1H NMR spectroscopy
and passed through a pad of silica to separate the catalyst. In the
case of a 100% conversion, CH2Cl2 was used as the eluent, if
the conversion was incomplete then column chromatography
was used to purify the compounds (SiO2, EtOAc/hexane, 1:3).
Styrene carbonate: 1 H NMR (400 MHz, CDCl 3 ) δ
7.44–7.32 (m, 5H), 5.66 (t, J = 8.0 Hz, 1H), 4.82–4.73 (m, 1H),
4.37–4.26 (m, 1H); 13C NMR (101 MHz, CDCl3) δ 155.00,
135.88, 129.80, 129.31, 126.00, 78.11, 71.28.

Aluminium–salen complex (1)
To a solution of 8a (113 mg, 0.14 mmol) in dry acetonitrile
(5 mL) under argon was added diethylaluminum chloride
(0.14 mL, 1 M solution in hexane). The reaction mixture was
heated at reflux for 3 hours. The solvent was evaporated under
reduced pressure to give a dark yellow powder (95 mg, 78%)
which was used without any additional purification. 1H NMR
(400 MHz, DMSO-d6) δ 8.46 (s, 1H), 8.10 (s, 1H), 7.66 (s, 1H),
3.55 (s, 9H), 3.38 (s, 1H), 2.55 (s, 1H), 1.94 (s, 1H), 1.50 (s,
9H), 1.44 (s, 1H), 1.33 (s, 1H); mp >300 °C; [αD] −109.5 (c
0.05, MeOH); ESIMS m/z: [M]2+ calcd for C34H52AlClN4O22+,
305.18; found, 296.19 (substitution of Cl by OH); 303.20
(substitution of Cl by OMe).

Aluminium–salen complex (2)
To a solution of 8b (140 mg, 0.163 mmol) in dry acetonitrile
(5 mL) under argon was added diethylaluminum chloride
(0.17 mL, 1 M solution in hexane). The reaction mixture was
refluxed for 3 hours. Then, the solvent was evaporated under
reduced pressure to give a dark yellow powder (136 mg, 91%)
which was used without any additional purification. 1H NMR
(400 MHz, DMSO-d6) δ 8.33 (s, 1H), 7.83 (d, J = 3.0 Hz, 1H),
7.47 (t, J = 8.6 Hz, 1H), 7.40 (s, 1H), 7.28 (t, J = 7.7 Hz, 2H),

4-Chlorostyrene carbonate: 1H NMR (400 MHz, CDCl3) δ
7.48–7.25 (m, 4H), 5.65 (t, J = 8.0 Hz, 1H), 4.79 (t, J = 8.2 Hz,
1H), 4.29 (dd, J = 8.6, 7.9 Hz, 1H); 13 C NMR (101 MHz,
CDCl3) δ 154.65, 135.85, 134.35, 129.59, 127.37, 77.34, 71.10.
3-Chloropropylene carbonate: 1H NMR (400 MHz, CDCl3) δ
5.02–4.93 (m, 1H), 4.60–4.53 (m, 1H), 4.37 (dd, J = 8.9,
5.7 Hz, 1H), 3.82–3.67 (m, 2H); 13C NMR (101 MHz, CDCl3)
δ 154.49, 74.48, 67.06, 44.03.
3-Phenoxypropylene carbonate: 1H NMR (400 MHz, CDCl3)
δ 7.37–6.84 (m, 5H), 5.08–4.94 (m, 1H), 4.63–4.46 (m, 2H),
4.30–4.06 (m, 2H); 13C NMR (101 MHz, CDCl3) δ 157.83,
154.76, 129.78, 122.08, 114.69, 74.20, 66.95, 66.32.
Propylene carbonate: 1 H NMR (400 MHz, CDCl 3 ) δ
4.92–4.67 (m, 1H), 4.64–4.38 (m, 1H), 4.07–3.89 (m, 1H),
1.47–1.36 (m, 3H); 13C NMR (101 MHz, CDCl3) δ 155.22,
73.74, 70.78, 19.45.
1,2-Hexylene carbonate: 1 H NMR (400 MHz, CDCl 3 ) δ
4.74–4.59 (m, 1H), 4.53–4.43 (m, 1H), 4.02 (dt, J = 9.9, 4.9 Hz,
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1H), 1.82–1.57 (m, 2H), 1.46–1.20 (m, 4H), 0.92–0.81 (m, 3H);
13C NMR (101 MHz, CDCl ) δ 155.24, 77.20, 69.51, 33.59,
3
26.49, 22.31, 13.86.

13. North, M.; Pasquale, R.; Young, C. Green Chem. 2010, 12,
1514–1539. doi:10.1039/c0gc00065e
14. Tian, D.; Liu, B.; Gan, Q.; Li, H.; Darensbourg, D. J. ACS Catal. 2012,
2, 2029–2035. doi:10.1021/cs300462r
15. Meléndez, J.; North, M.; Villuendas, P. Chem. Commun. 2009,

3-Hydroxypropylene carbonate: 1H NMR (400 MHz, CDCl3)
δ 4.90–4.73 (m, 1H), 4.59–4.39 (m, 2H), 3.96 (dt, J = 20.4,
10.2 Hz, 1H), 3.68 (td, J =13.1, 5.5 Hz, 1H), 2.84–2.56
(m, 1H); 13C NMR (101 MHz, CDCl3) δ 155.38, 76.64, 65.85,
61.73.

2577–2579. doi:10.1039/b900180h
16. Ren, W.-M.; Liu, Y.; Lu, X.-B. J. Org. Chem. 2014, 79, 9771–9777.
doi:10.1021/jo501926p
17. Hanhart, W.; Ingold, C. K. J. Chem. Soc. 1927, 997–1020.
doi:10.1039/jr9270000997
18. Hughes, E. D.; Ingold, C. K.; Patel, C. S. J. Chem. Soc. 1933,
526–530. doi:10.1039/jr9330000526

1,2-Butylene carbonate: 1 H NMR (400 MHz, CDCl 3 ) δ
4.71–4.55 (m, 1H), 4.48 (t, J = 8.1 Hz, 1H), 4.04 (dd, J = 8.4,
7.0 Hz, 1H), 1.85–1.63 (m, 2H), 1.03–0.89 (m, 3H); 13C NMR
(101 MHz, CDCl3) δ 155.27, 78.16, 69.13, 26.95, 8.52.

19. de la Zerda, J.; Neumann, R.; Sasson, Y.
J. Chem. Soc., Perkin Trans. 2 1986, 823–826.
doi:10.1039/p29860000823
20. Hofman, A. W. Proc. R. Soc. London 1859, 10, 594–596.
doi:10.1098/rspl.1859.0121
21. Collie, N.; Schryver, S. B. J. Chem. Soc., Trans. 1890, 57, 767–782.

Synthesis of polycyclohexene carbonate
Prepared as reported above for the synthesis of cyclic carbonates at 10–35 bar CO2, but without any additional purification
of the reaction product. 1 H NMR (400 MHz, CDCl 3 ) δ
4.71–4.56 (broad, 2H), 2.21–2.04 (broad, 4H),
1.79–1.62 (broad, 4H).

doi:10.1039/ct8905700767
22. Zaki, A.; Fahim, H. J. Chem. Soc. 1942, 270–272.
doi:10.1039/jr9420000270
23. Gordon, J. E. J. Org. Chem. 1965, 30, 2760–2763.
doi:10.1021/jo01019a060
24. Gisch, N.; Balzarini, J.; Meier, C. J. Med. Chem. 2007, 50, 1658–1667.
doi:10.1021/jm0613267
25. Braun, M.; Fleischer, R.; Mai, B.; Schneider, M.-A.; Lachenicht, S.
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Abstract
Cytochrome P450 monooxygenases are useful biocatalysts for C–H activation, and there is a need to expand the range of these
enzymes beyond what is naturally available. A panel of 93 variants of active self-sufficient P450cam[Tyr96Phe]-RhFRed fusion
enzymes with a broad diversity in active site amino acids was developed by screening a large mutant library of 16,500 clones using
a simple, highly sensitive colony-based colorimetric screen against indole. These mutants showed distinct fingerprints of activity
not only when screened in oxidations of substituted indoles but also for unrelated oxidations such as benzylic hydroxylations.

Introduction
Selective C–H activation and oxyfunctionalisation of hydrocarbons offers a route to chiral alcohols and other industrially
important synthetic building blocks from low cost starting materials [1]. One of the most attractive reagents in terms of cost
and environmental impact for hydrocarbon oxidation is oxygen
in the presence of a catalyst. In this context enzymatic oxidations are attractive, in particular cytochrome P450 monooxygenases (P450s or CYPs) due to their ability to catalyse selective
C–H bond oxidations under mild conditions [2].
The soluble bacterial camphor monooxygenase P450cam
(CYP101A1, EC 1.14.15.1) from Pseudomonas putida is one of

the most studied P450s and has been engineered to accept a
variety of non-natural substrates including aryl–alkyl compounds [3], olefins [4], polycyclic aromatic hydrocarbons [5],
terpenes [6-8] and alkanes as small as ethane [9]. Over the years
a number of active site mutants of P450cam have been generated by rational re-design, but the active site has not been
explored in a comprehensive and systematic manner. Given that
P450cam is a robust biocatalyst with good activity for this class
of enzymes, a library of active site mutants with diversity in
amino acid side chains lining up the substrate pocket would
demonstrate a valuable resource for the development of useful
P450cam based biocatalysts.
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The generation of libraries of active enzyme mutants requires
efficient screening protocols, which is a particular challenge for
P450s given that (i) a diverse range of oxidations are catalysed
by the enzymes, generally without intrinsic change in chromophore; (ii) the potential substrate range and diversity is high;
(iii) each substrate might result in many different oxidation
products. Here, we describe how such issues can be overcome
by (i) using surrogate high-throughput screening (HTS) protocols that can deal with a large number of mutants; (ii) identification of active mutant libraries; (iii) fingerprinting of these
libraries against substrates for a broad substrate panel, activity
and chemo-, regio- and stereoselectivity.
The production of indigo from indole derivatives 1–4 by P450s
can be considered as an effective visual screen for identifying
interesting new mutants from diverse libraries. Indole hydroxylation by P450cam [10,11] and various other P450s, including
the bacterial P450 BM3 [12,13] and human CYPs 2A6, 2C19
and 2E1 [14,15] has been previously identified to translate well
to mutants activities toward structurally distinct and more
demanding substrates such as diphenylmethane [10],
phenacetin, ethoxyresofurin and chlorzoxazone to only name a
few [16].
For the current investigation we sought to develop P450cam
further to expand their substrate range in biocatalysis. Our
starting point was a catalytically self-sufficient form of the
enzyme, previously created by fusion with the reductase domain
of P450-RhF (RhFRed) [17-19]. This chimera, named
P450cam-RhFRed, operates without the need for additional
reductase partners and retains the native activity of non-fused
P450cam in the selective oxidation of camphor to 5-exohydroxycamphor. When generated as a whole-cell biocatalyst in
Escherichia coli (E. coli), variants of the fusion enzyme
catalysed the efficient, highly selective hydroxylation of
ionones without the need to supply expensive nicotinamide
cofactors [20]. Given the previously demonstrated affinity of
P450cam for hydrophobic substrates, we were interested to see
if P450cam-RhFRed could be used as a template for engineering variants for the stereoselective benzylic hydroxylation
of substituted aromatics 5–8.

Results and Discussion
Introducing structural and functional diversity
into P450cam
The P450cam-RhFRed libraries were generated by targeting 12
active site residues earlier specified by Loida and Sligar [21],
which have been recently identified as universal selectivity
determining positions within the P450 enzyme family [22]. In
addition, Phe98 and Met184 mutant libraries were generated
since Phe98 is thought to contribute to substrate orientation via

hydrophobic interactions [23], whereas Met184 is part of the
P450cam substrate recognition site 2 (SRS 2) [24]. Accordingly, the entire P450cam active site was partitioned into seven
residue pairs which were targeted in site-directed mutagenesis
experiments in the manner of CASTing (Figure 1) [25]. NDT
codon degeneracy was introduced for each pair in turn, thus
generating seven libraries I–VII as shown in the grid of
Figure 1: Phe87/Phe96 (I), Phe98/Thr101 (II), Met184/Thr185
(III), Leu244/Val247 (IV), Gly248/Thr252 (V), Val295/Asp297
(VI) and Ile395/Val396 (VII).
Pairing of adjacent residues and the use of NDT codons helped
to restrict the library size while still ensuring structural and
functional diversity among the substituted residues. It was also
hoped that favourable pairings would produce synergistic
effects that might not otherwise have been discovered by substituting individual amino acids separately. Based on previous
studies [10,11], the Tyr96Phe variant of P450cam was chosen
as the template for screen development and subsequent mutagenesis. Thus, ≈16,500 colonies containing P450cam[Tyr96Phe]RhFRed variants were rapidly screened for indigo formation
(Figure 1, right), from which 93 new variants were identified in
seven sub-libraries (Figure 1, bottom). Among this new population, structural and functional diversity was evident as can be
seen from the grid structure (Figure 1, bottom) representing all
active variant combinations identified across libraries I–VII.
Cysteine, asparagine and histidine were not among the active
site residues of the parent (or wild type) enzyme but appeared in
several of the new variants, thus introducing a thiol, polar or
basic group where previously none existed. More bulky
aromatic side chains in libraries I and II were often substituted
for smaller side chains, including that of Gly, introducing space
in the upper part of the active site and substrate entrance
channel. The small glycine side chain was substituted at seven
different positions including former Phe, Thr, Met, Leu and Asp
residues. Library II also included a Gly–Gly double substitution. Threonines in libraries II and III were often substituted for
Phe, Gly or aliphatic side chains. The OH group was also
frequently preserved by substitution with Ser, which in library
V was always the case. Thr252 (library V) is involved in a
proton relay network that promotes O–O bond scission during
catalysis [21,27-29]. The retention of an OH group at position
252 is consistent with this important catalytic function. Indigo
positive variants in library III substituted Met184 for Cys but
also six of the other eleven NDT residues. Aliphatic residues
Val, Leu and Ile in libraries IV, VI and VII were often interchanged with each other or Phe, but also Cys, Asn and Ser. Of
all the sub-libraries, the fewest variants (just 4) were identified
in library VII (I395–V396), possibly indicating an important
role in indole binding and orientation for this amino acid pair.
The acidic Asp residue was not identified except where it had
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Figure 1: Library generation of P450cam[Tyr96Phe]-RhFRed. Active site of the P450cam-RhFRed variant Tyr96Phe (PDB ID: 1PHG) [26] with the 7
amino acid residue pairs representing the libraries Phe87/Phe96 I (yellow), Phe98/Thr101 II (green), Met184/Thr185 III (red), Leu244/Val247 IV
(cyan), Gly248/Thr252 V (magenta), Val295/Asp297 VI (blue), Ile395/Val396 VII (orange). Following pairwise mutagenesis and solid-phase screening
(using indole (1) as substrate), 93 new indigo positive variants were identified as represented in the grid. The grid represents all variant combinations
identified across libraries I–VII. Rows in position 1 and columns in position 2 show the NDT amino acids classified according to their symbols in structure and chemical properties. The roman letters I–VII confirm that a member of that library with the amino acid configuration in position 1 and 2 has
been found as an active enzyme – for example the mutant 98Gly/101Gly in library II (Phe98/Thr101) was found to be active as indicated in the top left
box of the grid.

previously existed at Asp297. Although this residue forms a
hydrogen bond with the heme-7-propionate [30-32] several
other residues, including His, were evident at this position, indicating that this interaction was not crucial for activity. Adding
the P450cam-RhFRed library parent Tyr96Phe to the pool of 93
new variants gave a total of 94 for further screening.

Investigation of P450cam activity toward a
panel of substituted indoles
To begin exploring the substrate range of this new population,
library I (Phe87/Phe96) variants were tested with a small panel
of substituted indoles 1–4.

Using a solid-phase screen as before, the level of colour formation in colonies was assessed visually, generating ‘fingerprints’
of activity as summarised in Figure 2 (also see Figure S1,
Supporting Information File 1). The fingerprints show that variations in the configuration of the active site corresponded to
variations in substrate acceptance. Variations in colour intensity might also be attributed to altered levels of active P450 or
altered enzyme stability due to the substitutions made. If used in
the context of an initial screen for activity following a diversification process, the use of indoles with P450s has a number of
potential applications for enzyme optimisation studies and for
developing protocols for neutral evolution. Selection for P450
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Figure 2: Radar plots illustrating the substrate acceptance of P450cam-RhFRed variants from library I. Colour formation in colonies was scored visually from 0–3, where 0 = no colour, 1 = low-level, 2 = mid-level and 3 = high-level colour. PT = parental type (P450cam[Tyr96Phe]-RhFRed), WT =
wild type (P450cam-RhFRed).

variants that retain a threshold level of activity towards indole
(1), such as the manner described herein, provides a diversified
panel of variants with novel activities and increased capacity for
improvement in subsequent rounds of directed evolution.

Investigation of the P450cam libraries toward
ethylbenzenes
To further explore the scope of variant libraries, the test substrate ethylbenzene (5), the para-methylated derivative 6 and
the para-brominated derivative 7 were screened in liquid whole
cell biotransformations (Tables S15–S21, Supporting Information File 1). Initially, indigo positive variants were combined
from each library, with a roughly equal size of 5–8 variants per
pool [33]. This pooling strategy allowed us to quickly identify
active mutants without the need to screen all 93 variants separately. In addition, levels in P450 expression in library pools
were assessed through CO difference spectroscopy [34] in order
to distinguish between differences in activity due either to
changes in specific activity or enzyme expression levels in the

respective sub-pools (Tables S2–S8, Supporting Information
File 1).

Screening for P450 expression
The levels in P450 expression were determined using CO
difference spectroscopy in whole cells. The assay could be
significantly improved both in terms of speed and safety by
using carbon monoxide releasing molecules (CORMs) [35-37]
as a source of CO rather than the gas CO itself. P450 concentrations determined in whole cells (1.1–5.9 µM) incubated with
CORMs were similar or slightly higher when compared to
concentrations determined in cell-free extracts (1.1–4.9 µM)
treated with gaseous CO (Tables S2–S8, Supporting Information File 1). Based on this P450 quantification, very similar
levels of expression were observed for all cells expressing the
different P450 mutant pools (Table S9, Supporting Information
File 1). Given the small differences in P450 expression
observed, it was decided not to normalise enzyme activity to
expression levels in subsequent activity studies.
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Biotransformation reactions with library pools
Biotransformations with pooled libraries and ethylbenzene (5)
provided the average yield of alcohols (R,S)-9 up to 10%, which
is comparable to previously published data with isolated

P450cam enzymes (Figure 3A) [21,27,38]. Highest concentrations of (R,S)-9 were achieved in sub-pools of libraries III and
IV revealing a 25–150% improvement in product formation as
compared to the parent. With the para-methylated derivative 6 a

Figure 3: Yields of alcohols (R,S)-9-11 (grey bars) and ketone products 13–15 (blue bars) in sub-pools of libraries I–VII and the Tyr96Phe parent with
A) ethylbenzene (5), B) the para-methylated derivative 6 and C) the para-brominated derivative 7. Reaction conditions: 180 mg/mL cells, 1 mM
substrates, 50 mM sodium phosphate buffer (pH 7.2, 100 mM KCl, 0.4% glycerol (v/v)), 20 °C, 250 rpm, 48 h.
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Table 1: Product yields and ee’s obtained in biotransformation experiments with substrates 5–8 with the parent P450cam[Tyr96Phe]-RhFRed and
indigo positive variants from library III (Met184/Thr185).a

Substrate

Variant

5
5
6
6
7
7
8
8

Tyr96Phe
184Cys/185Phe
Tyr96Phe
184Cys/185Phe
Tyr96Phe
184Cys/185Phe
Tyr96Phe
184His/185Phe

Overall yield [%] (R,S)-9–12, 13–16b

Yield [%] (R,S)-9–12

ee [%]c

5
16
5
6
8
20
16
46

4
13
4
5
7
20
11
37

32 (R)
17 (R)
35 (S)
9 (S)
37 (S)
22 (S)
6 (S)
15 (S)

aReaction

conditions: 2 mL scale, 180 mg/mL cells, 50 mM NaPi (pH 7.2, 0.4% glycerol (v/v), 100 mM KCl), 1 mM substrates 5–8, 0.4% DMSO,
20 °C, 250 rpm, 48 h. bProduct yields determined by GC/FID. cEnantioselectivities determined via chiral normal phase HPLC. All assays were accomplished in three replicates (Table S23, Supporting Information File 1).

pronounced over-oxidation to the ketone 14 occurred averagely
yielding alcohols (R,S)-10 in up to 5% with libraries I–VII
showing distinct improvements in product yields when
compared to the parental enzyme (Figure 3B). Library pools incubated with the para-brominated derivative 7 produced alcohols (R,S)-11 in up to 21% as a significant improvement over
the parent (Figure 3C). Overall yields were hampered by the
volatility of starting materials, as shown by control experiments
using dead cells, where 13% of starting material 5, 17% of 6
and 19% of 7 were recovered (Table S22, Supporting Information File 1). Generally, the highest concentrations of (R,S)alcohol products from compounds 5–7 were identified in subpools of libraries III (Met184/Thr185) and IV (Leu244/Val247)
(Tables S17 and S18, Supporting Information File 1), which
also seemed to contain the greatest diversity of variants.

Substrate specificity of individual library III variants
toward ethylbenzene derivatives 5–8
Following on from the results with pools of libraries I–VII,
individual variants from library III (Met184/Thr185) were
further investigated towards ethylbenzene derivatives 5–8 to see
if chiral alcohols could be generated with improved rates
compared to the parent variant Tyr96Phe (Table 1). Mutants
harbouring the 185Phe mutation were specifically targeted since
it was previously described that additional steric bulk at position 185 can lead to improved oxidation rates of ethylbenzene
(5) [21,27].

The 184Cys/185Phe mutation produced a 2.5-fold improved
formation of alcohols (R,S)-9 with ethylbenzene (5) as
compared to the parent Tyr96Phe albeit a decrease in ee from
32% (Tyr96Phe) to 17% (184Cys/185Phe) was evident. Interestingly, the para-methylated derivative 6 produced alcohol 10
with opposite (S)-selectivity both in the parent and mutant.
Similar to substrate 6, the para-brominated derivative 7 also
produced (S)-selectivity with 2.4-fold improved yields of
alcohol products (R,S)-11 (20%) with the 184Cys/185Phe
variant. In comparison to the para-bromo derivative 7, the
regioisomer 8 produced with the 184His/185Phe mutant significantly improved yields of (R,S)-12 alcohols (37%) albeit with a
slight decrease in selectivity (15%).

Conclusion
A colony-based solid-phase screen for P450 indole activity was
developed and used to generate a population of 93 indole active
enzyme variants from screening a large library (16,500) of variants. The application of CORMs in place of the commonly used
gaseous CO was found to be an attractive alternative for
assessing P450 concentrations in whole cells. In a comprehensive pooling approach, P450cam mutants were shown to exhibit improved activities in the benzylic oxidation of ethylbenzene derivatives. The configuration of the newly generated
chiral centre was highly dependent on substitution and subtle
changes in substrate structure resulting in significant changes in
both conversion and enantioselectivity. The active site library of
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93 P450cam variants promises to be a useful tool for the
discovery of new P450 activities and can be used as a starting
point for further mutagenic studies.
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Abstract
Many synthetically useful reactions are catalyzed by cofactor-dependent enzymes. As cofactors represent a major cost factor,
methods for efficient cofactor regeneration are required especially for large-scale synthetic applications. In order to generate a novel
and efficient host chassis for bioreductions, we engineered the methanol utilization pathway of Pichia pastoris for improved NADH
regeneration. By deleting the genes coding for dihydroxyacetone synthase isoform 1 and 2 (DAS1 and DAS2), NADH regeneration
via methanol oxidation (dissimilation) was increased significantly. The resulting Δdas1 Δdas2 strain performed better in butanediol
dehydrogenase (BDH1) based whole-cell conversions. While the BDH1 catalyzed acetoin reduction stopped after 2 h reaching
~50% substrate conversion when performed in the wild type strain, full conversion after 6 h was obtained by employing the knockout strain. These results suggest that the P. pastoris Δdas1 Δdas2 strain is capable of supplying the actual biocatalyst with the
cofactor over a longer reaction period without the over-expression of an additional cofactor regeneration system. Thus, focusing the
intrinsic carbon flux of this methylotrophic yeast on methanol oxidation to CO2 represents an efficient and easy-to-use strategy for
NADH-dependent whole-cell conversions. At the same time methanol serves as co-solvent, inductor for catalyst and cofactor regeneration pathway expression and source of energy.

Introduction
Bioreductions represent a sustainable strategy to obtain enantiopure molecules which serve as chiral building blocks for fine
chemicals and drugs [1,2]. Such reactions are catalyzed by

oxidoreductases, which mainly depend on nicotinamide cofactors as electron donors and acceptors. As these cofactors are
required in stoichiometric amounts to drive the reaction to
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completion and the simple addition of these compounds is not
acceptable from an economical point of view, efficient in situ
regeneration of the consumed cofactor is required. During the
recent years, a broad range of cofactor regeneration systems
based on enzymatic, chemical, photochemical or electrochemical processes have been developed [3].
In living (growing) cells, NAD(P)H can be recycled via the
cellular metabolism of a co-substrate such as glucose. Alternatively, cofactor regeneration enzymes such as D-glucose-6phosphate dehydrogenase, formaldehyde dehydrogenase and
formate reductase can be co-expressed ensuring cofactor supply
also in non-growing, resting cells. In addition to the cofactor
supply, the application of whole cells circumvents timeconsuming enzyme isolation and purification steps and
improves enzyme stabilities during a process [4]. Nowadays,
efforts are made to further increase the cofactor availability
within cells and to allow the use of alternative and cheaper
co-substrates by strain engineering [1,5-7].

Here, we present a novel, engineered platform strain for the use
in whole-cell bioreductions and NADH-dependent biosynthetic
pathways based on the methylotrophic yeast Pichia pastoris
(Komagataella phaffi). P. pastoris is well known as an excellent host for recombinant protein production [8,9]. More
recently it also attracted attention as a suitable whole-cell catalyst [10-15]. The target of the presented engineering approach is
the methanol utilization (MUT) pathway, which is schematically depicted in Figure 1. This pathway enables methylotrophic yeasts to use methanol as sole carbon source [16]. In the
initial step, methanol is oxidized by alcohol oxidase (AOX) to
formaldehyde, which is further metabolized either in the assimilatory or in the dissimilatory pathway. In the latter one,
formaldehyde spontaneously reacts with glutathione to
S-hydroxymethylglutathione which is oxidized in a first step by
the glutathione- and NAD+-dependent enzyme formaldehyde
dehydrogenase (FLD) to S-formylglutathione. S-Formylglutathione hydrolase (FGH) then hydrolyses this compound to
formate and glutathione. In a second NAD+-dependent step,

Figure 1: Simplified schematic representation of the methanol utilization pathway in Pichia pastoris. The main pathways and the respective enzymes
are shown. AOX: alcohol oxidase; FLD: glutathione-dependent formaldehyde dehydrogenase; FGH: S-formylglutathione hydrolase; FDH: formate
dehydrogenase; CAT: catalase; DAS: dihydroxyacetone synthase; DAK: dihydroxyacetone kinase; DHA: dihydroxyacetone; GAP: D-glyceraldehyde3-phosphate; DHAP: dihydroxyacetone phosphate; FBP: D-fructose 1,6-bisphosphate; F6P: D-fructose 6-phosphate; Xu5P: D-xylulose 5-phosphate.
By deleting dihydroxyacetone synthase the dissimilatory pathway leading to the formation of NADH is strengthened.
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formate is oxidized to CO2 by formate dehydrogenase (FDH).
Thus, 2 equivalents of the cofactor NADH are generated via the
dissimilatory pathway and full oxidation of the single carbon
molecule methanol. Alternatively, in a simplified model
formaldehyde is condensed with D-xylulose-5-phosphate and
subsequently converted into dihydroxyacetone and D-glyceraldehyde-3-phosphate by dihydroxyacetone synthase (DAS),
thereby contributing to biomass production on methanol.
Modifying the dissimilatory part of the MUT pathway has
already been shown to improve the substrate conversion by
NADH-dependent enzymes in P. pastoris [7]. Over-expression
of the formaldehyde dehydrogenase, which was identified as the
main bottleneck for an efficient cofactor recycling via the
dissimilatory pathway, significantly improved the production
rates of NADH-dependent whole-cell biotransformations. In
contrast, the present study focuses on redirecting the flux in the
MUT pathway by disrupting the assimilation pathway. Thus,
the co-substrate methanol should be exclusively redirected to
cofactor regeneration in theory, increasing the available NADH
concentration in whole-cell biotransformations, while cells
should not be able to grow any more if methanol is the sole
carbon source.

Results and Discussion
Construction of knock-out strains
The assimilatory pathway was disrupted by the knock-out of
dihydroxyacetone synthase. In contrast to other methylotrophic
yeasts, P. pastoris has two genes encoding two isoforms of this
enzyme (DAS1 and DAS2) [17,18]. Therefore, three knock-out

strains were generated to investigate their impact on cofactor
regeneration: the single knock-outs Δdas1 and Δdas2 as well as
the double knock-out Δdas1 Δdas2.
The targeted gene disruption was accomplished with knock-out
cassettes as described earlier [19,20]. The cassettes were
harboring a ZeocinTM resistance marker for the selection of
integrative transformants and the FLP recombinase system [21]
to enable marker recycling. Thereby, marker-free knock-out
strains were obtained which only have one 34 bp FLP recombination target sequence (FRT) left in the targeted locus. The
cassettes were designed such that the complete coding sequence
including the start and stop codons of the corresponding DAS
gene was deleted as schematically depicted in Figure 2. In the
case of Δdas1 Δdas2, the coding sequences of both genes were
deleted in one step, thereby also removing HOB3, coding for a
hypothetical guanosine nucleotide exchange factor.

Characterization of knock-out strains
In a first step, the generated das knock-out strains were characterized by determining their specific growth rate on different
carbon sources. As expected, the growth of the single and
double knock-out strains on D-glucose and glycerol was not
significantly impaired, showing growth rates in the same order
of magnitude as the wild type strain (Table 1). A distinct phenotype was observed when methanol was used as the sole carbon
source for growth. A slight, but residual growth was observed
for the double knock-out strain, although both dihydroxyacetone synthase genes, that are linking methanol to biomass production, were deleted. In the course of 38 h, the optical density

Table 1: Specific growth rates of P. pastoris CBS7435 and generated das knock-out strains on different carbon sources. Values represent mean
values ± standard deviations of the growth rate during the exponential growth phase determined in biological triplicates.

D-Glucose

Growth rate [h−1]
Glycerol

Methanol

0.25 ± 0.03
0.23 ± 0.06
0.23 ± 0.03
0.26 ± 0.03

0.19 ± 0.05
0.21 ± 0.04
0.20 ± 0.02
0.20 ± 0.04

0.15 ± 0.03
0.12 ± 0.03
0.09 ± 0.01
0.01 ± 4 × 10−3

Strain

P. pastoris CBS7435
P. pastoris CBS7435 Δdas1
P. pastoris CBS7435 Δdas2
P. pastoris CBS7435 Δdas1 Δdas2

Figure 2: Representation of the genomic region coding for dihydroxyacetone synthases. The DAS1 and DAS2 coding sequences are located in close
proximity on chromosome 3 in opposite direction. The two genes are separated by a short sequence encoding a hypothetical guanosine nucleotide
exchange factor (HOB3). The target sites for the respective das knock-out cassettes are indicated schematically.
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of the P. pastoris Δdas1 Δdas2 cultures on methanol doubled.
This remaining carbon flux into cellular metabolism might also
enable the continuation of protein expression and thus biocatalyst production, while still maintaining a strong methanol flux
towards oxidation to CO2 and NADH regeneration.
Deleting only one isoform of the dihydroxyacetone synthase did
not have such a severe impact on the methanol depending
growth of P. pastoris. The growth rates were reduced by ~20%
and by ~40% for the Δdas1 and Δdas2 single knock-out strains,
respectively.
The behavior of the das knock-out strains in heterologous
protein production was tested by expressing green fluorescent
protein (GFP) under the control of the AOX1 promoter (PAOX1),
which is the most prominent, methanol inducible promoter for
P. pastoris.
A possible negative effect on PAOX1 driven protein expression
might arise from changes in the energy metabolism due to the
interrupted input into the pentose phosphate cycle. In addition, a
possible accumulation of methanol oxidation products due to
the lack of the two key metabolizing enzymes might be unfavorable for recombinant protein production. However, as shown
in Figure 3, the PAOX1 driven expression of GFP was not negatively affected by deleting the DAS gene(s). In fact, the obtained
expression levels in the generated single knock-out strains were
increased up to ~30% in comparison to the wild type P. pastoris
strain. These findings are of importance for the use of the
knock-out strains in whole-cell processes, as impairments in
recombinant protein production, i.e., the production of the
actual biocatalyst, would reduce its applicability.

Figure 3: Relative expression levels of the green fluorescent protein
(GFP) in the das knock-out strains. GFP expression obtained in the
wild type P. pastoris strain indicated as relative fluorescence units per
OD600 unit was set as 100%. GFP fluorescence was measured after
70 h of methanol induction. The shown values represent mean values
± standard deviations of 40 individual transformants.

NADH-dependent biotransformations
performed in knock-out strains
To evaluate the NADH regeneration potential of the generated
knock-out strains, they were employed as hosts in whole-cell
bioreductions based on the 2,3-butanediol dehydrogenase
from S. cerevisiae YAL060W (BDH1). This enzyme was
shown to specifically use NADH as cofactor, displaying high
turnover numbers in the reduction of racemic acetoin
(k cat = 98,000 min −1 ) [22].
In an initial screening step, BDH1 transformants in the respective wild type and knock-out backgrounds were evaluated by
performing acetoin conversions in the 96 well deep-well format.
After biomass production on a D-glucose containing medium,
methanol was fed as the sole carbon source to induce the production of the BDH1 enzyme and to induce the dissimilatory
pathway. After 12 hours of induction acetoin was added to the
growing cells as substrate in addition to the co-substrate
methanol. The substrate conversions into the two products
(2R,3R)-butane-2,3-diol and meso-butane-2,3-diol obtained
after 16 h reaction time are shown in Figure 4A. Performing the
BDH1-catalyzed acetoin reduction with the wild type strain P.
pastoris CBS7435 resulted in an average conversion of ~5%
(40 individual clones tested). Employing the single knock-out
strains Δdas1 and Δdas2 in the same reaction did not yield
substantially higher conversions. The average conversions were
in the same order of magnitude as for the wild type strain (~6%
and ~7% for the Δdas1 and Δdas2 strain, respectively), indicating that the NADH regeneration was not significantly improved in these strains. In contrast to the single knock-out strains,
the acetoin conversion was 5.5-fold higher when using the
double knock-out strain in comparison to the wild type (average
conversion ~29%), indicating a more efficient cofactor supply.
The higher conversions with the double-knock out strain were
even obtained with fewer cells per reaction as it grew much
slower on methanol than the wild type and the single knock-out
strains. These first findings confirm the assumption that the
NADH formation via methanol oxidation is increased when the
assimilatory pathway is disrupted, if there is a NADH requirement in the cells due to, e.g., a biocatalytic reaction. The latter
is only efficiently realized when both genes coding for the dihydroxyacetone synthase proteins are deleted.
The time course of acetoin conversions with representing BDH1
transformants in the wild type and Δdas1 Δdas2 background
were investigated under optimized conditions in shake flasks.
To avoid differences in the amount of cells employed in the
biotransformation and to obtain higher product yields, cells
corresponding to 3000 OD600 units were harvested 12 h after
the first methanol induction and resuspended in 50 mL of
buffered minimal medium before the conversions were started
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Figure 4: BDH1-based whole-cell conversions of rac-acetoin. (A) Conversions of 25 mM rac-acetoin in the different knock-out strains were performed
in 96 well deep-well plates for 16 h. The shown conversions represent mean values ± standard deviations derived from reactions using whole cells
from 40 individual BDH1 transformants. (B) Time-resolved biotransformations of 50 mM substrate were conducted in the wild type (grey squares) and
in the Δdas1 Δdas2 strain background (white squares). Background activity by endogenous acetoin reducing enzymes of P. pastoris was observed
(grey triangles: P. pastoris CSB7435 wild type, white triangles: P. pastoris Δdas1 Δdas2).

by the addition of substrate. During the first two hours of the
whole-cell biotransformation, the conversions obtained with
each of the strains were in the same order of magnitude (see
Figure 4B). After longer reaction times, hardly any residual
BDH1 activity was observed with the wild type strain (final
conversion of ~50%), while the reaction reached 100% conversion after 6 h in the engineered strain. These findings clearly
indicate that the NADH supply for the oxidoreductase can be
attained over a prolonged reaction time in the P. pastoris Δdas1
Δdas2 strain, which directly translates into increased yields in
the whole-cell reactions.
It has to be noted, that an additional acetoin reduction by
endogenous Pichia dehydrogenases was also observed for the
wild type and the double knock-out strain without the BDH1
expression cassette, reaching ~35% and ~8% substrate conversion, respectively. As for the recombinant strains, two products
were detected, namely (2R,3R)-butane-2,3-diol and mesobutane-2,3-diol.

Conclusion
Efficient cofactor recycling is not only required for an optimal
enzyme performance, but is also crucial to render the resulting
process economical and sustainable. For this purpose, biotransformations based on whole cells represent an elegant strategy as
the cell metabolism can be exploited for cofactor supply. We
have generated a novel platform strain for whole-cell catalysis
based on the methylotrophic yeast P. pastoris by engineering its
methanol utilization pathway. By deleting the pathway for
methanol assimilation, we forced flux through the dissimilatory
pathway in which theoretically two molecules of NADH can be
formed per molecule of methanol. The resulting double knock-

out strain P. pastoris CBS7435 Δdas1Δdas2 displayed better
performance in dehydrogenase based whole-cell biotransformations without the need of an external electron source. Higher
conversions were achieved in comparison to reactions carried
out with the wild type Pichia strain due to an extended NADH
supply by the oxidation of methanol.
Methanol, which is a cheap carbon source, fulfills several roles
in the presented biotransformations: It acts as an inducer of the
PAOX1 regulated production of the redox enzyme as well as of
the endogenous NADH regeneration system at the same time.
The cofactor regeneration itself is based on methanol as co-substrate: the oxidation of methanol is irreversible and represents a
strong thermodynamic driving force while only CO 2 is
produced as side product. Furthermore, methanol can serve as
solvent for the substrate and methylotrophic yeasts are already
naturally adapted to elevated concentrations of methanol.
The redesigned Pichia strain, thus, represents a valuable host
for whole-cell applications where NADH regeneration is an
issue. No additional over-expression of cofactor regenerating
enzymes such as formate dehydrogenase, which only yields one
molecule of NADH per carbon atom, is required. Due to its
simplicity it might further boost the use of recombinant wholecell catalysts in chemical and pharmaceutical industry.

Experimental
General
Unless stated otherwise, all chemicals were obtained from
Sigma-Aldrich (Steinheim, Germany) or Carl-Roth (Karlsruhe,
Germany) with the highest purity available. Zeocin TM was
obtained from InvivoGen (San Diego, CA, USA). Phusion®

1745

Beilstein J. Org. Chem. 2015, 11, 1741–1748.

High Fidelity Polymerase for DNA amplification and further
DNA modifying enzymes were purchased from Thermo Fisher
Scientific Inc. (Waltham, MA, USA). E. coli Top10 (Invitrogen,
Carlsbad, USA) was used for all cloning steps and plasmid
propagation. The P. pastoris strain CBS7435 as well as the
plasmid pPp_T4_S were obtained from the Pichia pool of TU
Graz [20].

Generation of das knock-out strains
The generation of knock-out strains was based on linear excision cassettes harboring a FLP recombinase system for
inducible marker recycling. A schematic representation of such
a knock-out cassette is provided in Supporting Information
File 1, Figure S1. Knock-out cassettes were essentially
constructed as described in [20]. Locus specific integration
sequences, i.e., DNA fragments of approximately 1.5 kb
directly located up- and downstream of the corresponding
coding sequences, were amplified from genomic DNA. The
corresponding primers were designed based on the genome
sequence of P. pastoris CBS7435 and are summarized in
Supporting Information File 1, Table S1. The resulting knockout cassettes were employed for the transformation of P.
pastoris CBS7435 wild type cells according to the condensed
protocol by Lin-Cereghino et al. [23]. Transformants were
selected on YPD agar plates containing 100 mg/L ZeocinTM.
The correct integration of the knock-out cassette was confirmed
by PCR using genomic DNA as template and primer pairs
binding within the cassette and either up- or downstream of the
targeted locus (see Supporting Information File 1, Table S2). In
a next step, the marker was recycled by inducing the FLP
recombinase. Therefore, a single colony from a correct knockout strain was used to inoculate 50 mL of YPD media (250 mL
baffled shake flask) and grown for 24 h at 28 °C. After 24 h of
growth, methanol was added to a final concentration of 0.5% to
start recombinant protein production, which was maintained by
daily methanol addition for 96 h. An aliquot of these cultures
was plated on YPD agar plates to obtain single colonies. These
were subsequently streaked out on YPD agar plates supplemented with 100 mg/L ZeocinTM to identify clones that had
excised the cassette and, thus, were ZeocinTM-sensitive. The
marker recycling was further validated by PCR using primers
that bind in the genomic region directly up- and downstream of
the deleted locus (see Supporting Information File 1, Table S3)
and Sanger sequencing of the resulting PCR product.

Growth rate studies
Liquid Pichia cultures were grown in buffered minimal medium
containing 200 mM KPi (pH 6.0), 13.4 g/L yeast nitrogen base
and 0.4 mg/L biotin supplemented either with 2% (w/v)
D-glucose (BMD), 1% (w/v) glycerol (BMG) or 0.5% (v/v)
methanol (BMM). Growth rates of the generated das knock-out

strains were determined by measuring the optical density
(OD600) of cultures in biological triplicate during the exponential growth phase.

GFP expression in knock-out strains
The plasmid pPp_T4_S_GFP was linearized with SmiI and used
to transform the wild-type as well as the das knock-out P.
pastoris strains. Single colonies were transferred to 96 well
deep-well plates for standard cultivation and protein production
as described previously [24]. For comparison of the expression
levels, the GFP fluorescence (488 nm excitation, 507 nm emission) and the optical density (OD600) of the cell suspension
were measured with a Synergy MX Microplate Reader.

Cloning of model enzyme
To evaluate the cofactor regeneration of the generated knockout strains, the 2,3-butanediol dehydrogenase of S. cerevisiae
YAL060W (BDH1) [22] was employed as NADH-dependent
model enzyme. The corresponding gene was ligated with the P.
pastoris expression vector pPp_T4_S_after digestion with
EcoRI/NotI. The thus resulting construct, pPp_T4_S_BDH1,
was linearized with SmiI for the subsequent transformation of
the Pichia wild-type as well as das knock-out strains.

Screening of BDH1 transformants
Strains harboring the expression cassette for BDH1 were grown
for 60 h in 250 µL of BMD medium in 96 well deep-well
plates. Protein expression was started by the addition of 250 µL
BMM2 (1% (v/v) in methanol) approximately 12 h prior to the
start of the bioreduction reaction. The BDH1-mediated bioreduction was started by adding BMM10 (5% (v/v) methanol)
containing 250 mM rac-acetoin. After a reaction time of 16 h,
300 µL of the reaction supernatant were extracted twice with
400 µL ethyl acetate containing 50 mM n-butanol as internal
standard for the determination of acetoin conversions. The
combined organic phases were dried over Na 2 SO 4 and
subjected to GC-FID analyses as described below.

Kinetic studies of biotransformations
Biotransformations in shake flasks were conducted with strains
harboring one copy of the BDH1 expression cassette as determined by quantitative real-time PCR [25]. The corresponding
strains were grown for 60 h in 200 mL BMD medium (2 L
baffled shake flasks) and protein expression was started by the
addition of 20 mL BMM10 approximately 12 h prior to the start
of the bioreduction reaction. For BDH1 catalyzed acetoin
conversion, cells corresponding to 3000 OD 600 units were
harvested by centrifugation (3000g, 10 min, rt) and resuspended in 50 mL of buffered minimal medium. The reaction
was started by adding 10 mL of the substrate solution (300 mM
rac-acetoin, 50% (v/v) methanol, 200 mM KPi, pH 6.0).
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GC-FID analysis of biotransformations
Acetoin conversions were determined using an Agilent Technologies 6890N gas chromatograph equipped with an FID
detector and a CTC Analytics CombiPAL autosampler. A
Chirasil-DEX CB column (25 m × 0.32 mm, 0.25 µm film) was
applied using H 2 as carrier gas. The samples were injected
without split. The following temperature program was used:
65 °C for 6.5 min; 50 °C/min to 80 °C; 80 °C for 0.7 min;
2 °C/min to 85 °C; 85 °C for 3 min.
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Abstract
α,β-Unsaturated esters are versatile building blocks for organic synthesis and of significant importance for industrial applications. A
great variety of synthetic methods have been developed, and quite a number of them use aldehydes as precursors. Herein we report
a chemo-enzymatic chain elongation approach to access α,β-unsaturated esters by combining an enzymatic carboxylic acid reduction and Wittig reaction. Recently, we have found that Mycobacterium sp. was able to reduce phenylacetic acid (1a) to 2-phenyl-1ethanol (1c) and two sequences in the Mycobacterium sp. genome had high identity with the carboxylic acid reductase (CAR) gene
from Nocardia iowensis. These two putative CAR genes were cloned, overexpressed in E. coli and one of two proteins could reduce
1a. The recombinant CAR was purified and characterized. The enzyme exhibited high activity toward a variety of aromatic and
aliphatic carboxylic acids, including ibuprofen. The Mycobacterium CAR catalyzed carboxylic acid reduction to give aldehydes,
followed by a Wittig reaction to afford the products α,β-unsaturated esters with extension of two carbon atoms, demonstrating a
new chemo-enzymatic method for the synthesis of these important compounds.

Introduction
α,β-Unsaturated esters are versatile building blocks for organic
synthesis and of significant importance for industrial applications [1-13]. A great variety of synthetic methods have been
developed to access α,β-unsaturated esters [14-24]. One popular

approach is the Wittig reaction which produces α,β-unsaturated
esters with two more carbon atoms [25]. While fatty acids are
abundant from natural resources, aromatic carboxylic acids
could be prepared by the degradation of lignin, an unused and
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abundant component of biomass, although the effective
methods for the degradation of lignin need to be developed.
These carboxylic acids could be reduced to their corresponding
aldehydes, which can be used as starting materials for Wittig
reaction. The combination of carboxylic acid reduction and
Wittig reaction would offer a new approach for the production
of bio-based α,β-unsaturated esters. However, the conventional
chemical methods for the carboxylic acid reduction require
strong reducing reagents such as metal hydrides, posting operational danger and low selectivity. In addition, the conversion of
COOH into CHO requires particular hydride reagents, to avoid
the further reduction to primary alcohols [26]. On the contrary,
enzymatic reduction of carboxylic acids proceeds under mild
reaction conditions with high selectivity and tolerance of other
functional groups [27,28]. Currently, only a few members of
this interesting type of enzymes (CAR, E.C.1.2.1.30) have been
biochemically characterized (Table 1). They possess similar
consensus sequence characteristics and reaction mechanism
(post-translational phosphopantetheinylation, ATP, Mg2+, and
NADPH as cofactors) [27-30]. As such, we initiated the search
for new carboxylic acid reductases and the exploration of their
potential as biocatalysts for the efficient bioreduction of
carboxylic acids. Herein we report a new CAR from Mycobacterium sp. (Mycobacterium CAR) and its application in a
chemo-enzymatic chain elongation method for the preparation
of α,β-unsaturated esters by combining an enzymatic carboxylic
acid reduction and Wittig reaction.

Results and Discussion
Nineteen actinomycete strains available in our laboratory were
screened for the carboxylic acid reductase activity using phenylacetic acid (1a) as the substrate by GC analysis of the products.
Among them, Mycobacterium sp. was found to catalyse the
reduction of 1a to 2-phenyl-1-ethanol (1c) with low conversion
(Supporting Information File 1, Figure S1). The genome of
Mycobacterium sp. strain was sequenced, and two gene
sequences having 58% and 47% protein sequence identity with
the NiCAR [30] (accession number AAR91681.1) were found
by local BLAST search (tblastn) (Supporting Information

File 1, Figure S2). These two genes were also found to have
identical sequences with those (Gene ID 17912504 and Gene ID
17917114), respectively, in the genomic sequence of Mycobacterium neoaurum VKM Ac-1815D (accession no. CP006936)
[34] by NCBI BLAST search (http://www.ncbi.nlm.nih.gov/
BLAST/).
Since PPTase from Mycobacterium sp. has not been identified,
a known Nocardia PPTase (accession number ABI83656.1) was
selected for the post-translational phosphopantetheinylation in
the current study [27,28]. The gene (Gene ID 17912504) was
cloned into pET30b(+) and expressed in E. coli. The recombinant enzyme (Mycobacterium CAR) showed carboxylic acid
reductase activity toward 1a. The other gene (Gene ID
17917114) was cloned into pET28a(+) and expressed in E. coli.
The gene was well expressed, but less fraction of soluble
protein was obtained. The recombinant enzyme showed no
carboxylic acid reductase activity toward 1a when it was tested
under same conditions as the gene 17912504 after having been
treated with the PPTase enzyme.
The His-tagged Mycobacterium CAR and His-PPTase were
produced as soluble protein as described in Supporting Information File 1 and purified in one chromatographic step each using
a HisTrapTM FF crude column (Supporting Information File 1,
Figure S3). The molecular mass of His-CAR was estimated to
be about 133 kDa by gel filtration chromatography. Since its
theoretical value is 125 kDa, this enzyme is a monomeric
protein. This is consistent with NiCAR [31] and SrCAR [28].
The carboxylic acid reductase activity was hardly detected
when apo-CAR was used in the reaction system (1a as substrate) or the reaction system did not contain Mg2+ (Supporting
Information File 1, Table S2), indicating that post-translational
phosphopantetheinylation and Mg2+ were necessary for this
enzymatic reduction, similar to the observations for the reaction with the carboxylic acid reductases from Nocardia [29,35]
and Segniliparus [28]. The optimal pH and temperature for the
enzymatic reduction of 1a with Mycobacterium CAR were pH 9
and 25 °C, respectively. The apparent Km and catalytic efficien-

Table 1: Identified CARs (EC 1.2.1.30).

Identified CAR

Accession number

Origin

References

NiCARa,b
MsCAR
SgCAR
MmCARa
SrCARa
Mycobacterium CARa

AAR91681.1
WP_011855500.1
WP_012382217.1
WP_012393886.1
WP_013138593.1
WP_019510583.1

Nocardia iowensis
Mycobacterium sp. JLS
Streptomyces griseus subsp. griseus NBRC 13350
Mycobacterium marinum M
Segniliparus rotundus DSM 44985
Mycobacterium sp.

[30,31]
[32]
[32]
[33]
[28]
This work

aThe

protein was biochemically characterized and determined as a monomeric protein. bThe protein was also purified from natural strain.
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cies (kcat/Km) of Mycobacterium CAR toward benzoic acid (2a)
(Supporting Information File 1, Table S1) were 1.75 ± 0.16 mM
and 0.93 mM−1·s−1, respectively. They were lower than those
for NiCAR [31], SrCAR [28] and MnCAR [33].

acids over the short-chain and long-chain ones. Mycobacterium
CAR also showed activity toward different carboxylic acids
with aromatic ring at the end carbon atom. For example, 1a
(75% yield), 2a (94% yield), 3-phenylpropanoic acid (7a, 48%
yield), and 4-phenylbutyric acid (8a) (64% yield) were reduced
to the corresponding aldehydes. In contrast to ortho- and metamethylbenzoic acid (9a and 10a), ortho-hydroxylbenzoic acid
(11a) was obviously the poorer substrate than meta-counterpart
(12a), suggesting that in this case the activity of Mycobacterium CAR might be strongly influenced by the electronic
properties other than the steric factor of the ortho-group on the
benzene ring. This enzyme was less active toward 2-methylhexanoic acid (13a) and 2-phenylpropionic acid (14a) than 5a

In order to explore the application potential of Mycobacterium
CAR, its substrate specificity was examined with the purified
enzyme. The results in Table 2 showed that a series of aromatic
and aliphatic carboxylic acids were reduced to their corresponding aldehydes. For the aliphatic acids, the reduction of
nonanoic acid (3a) and lauric acid (4a) resulted in higher yields
than those of hexanoic acid (5a) and pentadecanoic acid (6a),
indicating that Mycobacterium CAR prefers the mid-chain fatty

Table 2: Substrate specificity of Mycobacterium CARa.

Substrate

Analytic yield (%) of aldehyde

1a

75

2a

94

3a (n = 6)
4a (n = 9)
5a (n = 3)
6a (n = 12)

100
100
68
3

7a

48

8a

64

9a (ortho)

57

10a (meta)

62

11a (ortho)

7

12a (meta)

41
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Table 2: Substrate specificity of Mycobacterium CARa. (continued)

13a

62; 100b

14a (R/S)

47; 100b

15a

44; 95b

16ac

14

17a

36

18ad

40

19a

68

20a (R/S)

98

21a

76

22ac, d

18

aReaction

conditions: Tris-HCl buffer (1 mL, 100 mM, pH 9) contained NADP+ (0.9 mM), GDH (1 U), glucose (60 mM), MgCl2 (10 mM), ATP (15 mM),
substrate concentration (10 mM) and enzyme mixture (holo-CAR, 50 ug), 16 h, 25 °C, 200 rpm. bSame as a, but 5 mM of substrate and 100 μg of
Mycobacterium CAR were used. cSame as a, but the reaction was performed in sodium phosphate buffer (100 mM, pH 7.5). dSilylation was performed
before the GC analysis.

and 1a, respectively. This may be due to the sterically hindered
effect of the α-methyl substitution, which is consistent with the
results for Pyrococcus furiosus (whole-cell) [36] and NiCAR

[31]. However, no significant difference was noted between
3-phenylbutyric acid (15a) and 7a. Mycobacterium CAR
showed good chemoselectivity for the reduction of some
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carboxylic acids containing C=C or C=O double bonds, such as
linoleic acid (16a), cinnamic acid (17a), ferulic acid (18a), and
3-benzoylpropionic acid (19a). These acids were reduced, with
C=C or C=O double bonds remaining unaffected. However, this
enzyme was less active toward 17a than its saturated counterpart (7a). Interestingly, Mycobacterium CAR could effectively
reduce ibuprofen (20a) more effectively than NiCAR and
SrCAR, but it was not enantioselective. Rac-13a, rac-14a and
rac-15a (5 mM) were almost completely transformed by
Mycobacterium CAR (100 µg), suggesting it had no or low
enantioselectivity toward these compounds.
The Mycobacterium CAR-catalysed carboxylic acid reduction
was combined with Wittig reaction to establish a new chemoenzymatic approach to the synthesis of α,β-unsaturated esters.
As described in the Experimental section, the holo-CAR
enzyme mixture was prepared and mixed with NADP+, GDH,
glucose, ATP and carboxylic acid in Tris-HCl buffer. The reaction mixture was incubated at 25 °C for 16 h and extracted with
ethyl acetate. The organic extract was concentrated to about
20 mL, and mixed with ethyl (triphenylphosphoranylidene)acetate and Na2CO3. After 24 h at room temperature, the
organic solvent was removed under reduced pressure and the
residue was purified by silica gel column chromatography to
give the product (α,β-unsaturated ester). As shown in Table 3,
α,β-unsaturated esters were obtained in moderate to high yields
with trans-isomer as the major product. The corresponding α,βunsaturated esters from aromatic carboxylic acids (1a, 2a, 10a,

12a and 17a) had higher yields than those from aliphatic ones
(3a, 4a and 5a), and this might be due to lower yields of aliphatic aldehydes and higher loss in the product separation.

Conclusion
A new CAR from Mycobacterium sp. was successfully cloned,
overexpressed and identified. It exhibited a broad substrate
spectrum and was active toward both aliphatic and aromatic
carboxylic acids, including ibuprofen. Other functional groups
such as keto groups and C=C double bonds remained unaffected. Mycobacterium CAR catalysed carboxylic acid reduction to give aldehydes, followed by a Wittig reaction to afford
α,β-unsaturated esters with extension of two carbon atoms. This
study demonstrates a new chemo-enzymatic chain elongation
method for the synthesis of these important compounds from
bio-based fatty and aromatic acids of natural resources.
However, the enzymatic reduction of carboxylic acids requires
CoA, ATP and NADPH, and this still presents challenge for its
application at large scale, which may be overcome by using the
whole cell catalyst of the engineered enzyme production strain
with efficient amount of CoA, ATP and NADPH or effective
regeneration systems of them.

Experimental
Cloning of Mycobacterium CAR gene
Mycobacterium sp. chromosomal DNA (gDNA) was extracted
and puriﬁed using a TIANamp Bacteria DNA Kit. The
Mycobacterium CAR gene (Gene ID 17912504) was amplified

Table 3: Synthesis of α,β-unsaturated esters via enzymatic reduction and Wittig reactiona.

Substrate (a)

Analytic yield (%) of aldehydes (b)b

Isolated yield (%) of α,β-unsaturated esters (d)

Ratio E/Zc

1a
2a
3a
4a
5a
10a
12a
17a

72
100
65
70
67
100
79
78

60
70
41
46
38
81
59
65

68:32
92:8
87:13
89:11
96:4
92:8
90:10
94:6

aThe

carboxylic acid was first reduced to aldehyde, after being extracted with ethyl acetate, ethyl (triphenylphosphoranylidene)acetate was added for
the Wittig reaction. bDetermined by GC analysis of the reaction mixture. cDetermined by GC analysis of isolated products.
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by PCR using Mycobacterium gDNA as template and primers
containing the restriction sites NdeI and XhoI, respectively,
CAR-F 5′-CATGCATATGTTCGCCGAAAATCTTGATGACCAG-3′ and CAR-R 5′-CATCTCGA GCAGCAGGCCGAGCAATTGCAGGT-3′. The PCR fragment was puriﬁed and
then ligated with cloning vector pJET1.2/blunt, which was
confirmed by DNA sequencing. A CAR DNA fragment was
acquired from the vector pJET1.2-CAR by digesting at the
restriction sites NdeI and XhoI, and then ligated by T4 DNA
ligase into pET30b(+) at the same restriction sites to generate
the expression vector pET30b(+)-CAR. The confirmed recombinant vector was transformed into E. coli BL21(DE3).

Expression and purification of Mycobacterium CAR and Nocardia PPTase
A culture of E. coli BL21 (DE3) cells harboring pET30b(+)CAR or pET32a(+)-PPTase was grown overnight in LB-ampicillin (100 µg/mL) medium (5 mL) at 37 °C, and then inoculated into 1 L of LB-ampicillin (100 µg/mL) medium. The
resulting culture was incubated continually at 200 rpm in a
rotary shaker at 37 °C until cells reached mid-log growth
(OD600 of 0.5–1.0), which was followed by the addition of
0.5 mM IPTG and further incubation for 12 h at 25 °C. Cells
were harvested by centrifugation at 12 000g for 10 min at 4 °C,
and disrupted by high pressure homogenizer after re-suspension in binding buffer (20 mM sodium phosphate buffer, 0.5 M
NaCl, 20 mM imidazole, pH 7.4). His-CAR or His-PPTase
protein in the supernatant fraction was collected from the crude
cell lysate by centrifugation at 12 000g for 20 min. Protein
purification was performed on a HisTrapTM FF crude column
(GE Healthcare, Piscataway, USA), and the protein was
desorbed with an elution buffer (20 mM sodium phosphate,
0.5 M NaCl, 0.5 M imidazole, pH 7.4). The purified proteins
His-CAR or His-PPTase were dialyzed in a sodium phosphate
buffer (50 mM, pH 7.5) and then stored at −20 °C for further
use.

the pH was adjusted to 2–3 with 1 M HCl solution. The organic
extracts were dried over anhydrous sodium sulfate and analysed
by gas chromatography (GC) to determine the amount of substrate (a) and products (aldehyde b) in the mixture. All experiments were conducted in triplicate.

Substrate specificity
The reduction of a series of carboxylic acids was carried out by
following the standard reduction procedure. The yields were
determined by GC analysis.

Experimental procedures for the synthesis of
compounds 1d, 2d, 3d, 4d, 5d, 10d, 12d and
17d
A typical procedure was as follows using ethyl 4-phenylbut-2enoate (1d) as the example. The enzyme mixture (holo-CAR,
0.5 mg/mL) was prepared as described above, and was mixed
with NADP+ (0.45 mM), GDH (1 U), glucose (60 mM), ATP
(13 mM) and phenylacetic acid (1a, 10 mM) in Tris-HCl buffer
(total volume 25 mL, 100 mM, pH 9). The reaction mixture was
incubated at 100 rpm in a rotary shaker at 25 °C for 16 h, and
extracted 3 times with 25 mL of ethyl acetate. The organic
extract was concentrated to about 20 mL under reduced pressure, and then ethyl (triphenylphosphoranylidene)acetate
(100 mM) and Na2CO3 (about 0.5 g) were added, and the reaction mixture was stirred for 24 h at room temperature. The
organic solvent was removed under reduced pressure and the
residue was purified by silica gel column chromatography to
give the product, 1d (30.1 mg, 60%) was obtained.

Supporting Information
Supporting Information File 1
Materials, bacterial screening, analytical procedures, NMR
data and spectra of 1d, 2d, 3d, 4d, 5d, 10d, 12d and 17d.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-11-243-S1.pdf]

Standard reduction procedure
The His-CAR (1.3 mg) was incubated with His-PPTase
(256 µg) in the presence of CoA (1 mM) as a cofactor for 1 h at
28 °C in a final volume of 520 µL of sodium phosphate buffer
(100 mM, pH 7.5) containing 10 mM of MgCl2. The resulting
enzyme mixture (holo-CAR, 50 or 100 µg) was mixed with
NADP + (0.9 mM), GDH (1 U, one unit corresponds to the
amout of enzyme which could convert 1 µmol NADP + to
NADPH per minute using D-glucose as the substrate), glucose
(60 mM), MgCl2 (10 mM), carboxylic acid (5 or 10 mM, from
1 M stock solution in DMSO), and ATP (15 mM) in Tris-HCl
buffer (100 mM, pH 9) with a final volume of 1 mL. The reaction mixture was incubated at 200 rpm in a rotary shaker at
25 °C for 16 h, and extracted with 1 mL of ethyl acetate after
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Abstract
Biocatalysts, capable of efficiently transforming CO2 into other more reduced forms of carbon, offer sustainable alternatives to
current oxidative technologies that rely on diminishing natural fossil-fuel deposits. Enzymes that catalyse CO2 fixation steps in
carbon assimilation pathways are promising catalysts for the sustainable transformation of this safe and renewable feedstock into
central metabolites. These may be further converted into a wide range of fuels and commodity chemicals, through the multitude of
known enzymatic reactions. The required reducing equivalents for the net carbon reductions may be drawn from solar energy, electricity or chemical oxidation, and delivered in vitro or through cellular mechanisms, while enzyme catalysis lowers the activation
barriers of the CO2 transformations to make them more energy efficient. The development of technologies that treat CO2-transforming enzymes and other cellular components as modules that may be assembled into synthetic reaction circuits will facilitate the
use of CO2 as a renewable chemical feedstock, greatly enabling a sustainable carbon bio-economy.

Introduction
Depletion of fossil-fuel feedstocks and pollution resulting from
their unsustainable processing and use constitute challenging
global issues [1,2]. Catalysis has an important role to play in
addressing these challenges through the generation of fuels and
commodity chemicals from renewable sources in a sustainable
manner [3]. In this context, CO2 has become a compound of
key interest as it is one of the main contributors to fossil-fuel
pollution [4,5]. As a result, decreasing CO2 emissions and CO2

sequestration technologies are subjects of intense research. In
addition, CO 2 may hold an even more important role in a
sustainable future, as a readily available and renewable material that may be utilised as an alternative feedstock for the
production of many of the chemicals we have come to rely on
[6-11]. Chemical processes that employ CO2 as a synthon for
the production of commodity chemicals may form the basis of a
sustainable carbon economy.
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The benefits notwhithstanding, chemical conversion of
CO2 into other forms of carbon remains challenging because
the transformations typically have high activation barriers and
are therefore very energy intensive [12]. Catalysis will therefore play a critical role in the development of viable solutions
for the transformation of CO2. Biocatalysts are very likely to
contribute towards this end due to their ability to efficiently
catalyse processes under mild conditions with limited byproduct
formation [13,14]. These catalysts have been developed by
nature to utilise diverse substrates including simple compounds
such as CO 2 . Indeed, life itself depends on the ability of
autotrophic organisms to convert CO2 into other materials, and
these are therefore a valuable source of the required biocatalysts.
The development of methodologies for expression, characterisation, engineering and optimisation of CO 2 -transforming
enzymes will form the basis of any future biotechnology that
aims to use CO2 as a feedstock for the generation of other materials. Here we provide an overview of the biocatalysts that
have already been applied to relevant technologies and are set to
play an important role in future bioprocesses for the transformation of CO2 into fuels and commodity chemicals. As well as
reviewing applications of these biocatalysts, we highlight the
chemical, biochemical and biological contexts in which they
operate, the understanding of which is critical for effective
application. As commodity chemicals contain carbon at lower
oxidation states than CO 2 , only enzymes that involve CO 2
reduction will be covered here and not carbonic anhydrase for
the conversion to HCO3−, which is extensively covered in other
reviews on carbon-capture technology [15].

Review
Biotechnological transformation of CO2
Synthesis of commercial materials through the biological transformation of CO2 is the basis of all agriculture. Through the
cultivation of crops, CO2 is converted into more useful forms of
carbon, such as starch and lignocellulosic materials. In turn,
these materials have been employed as carbon sources for
fermentative processes, and more recently in first and second
generation biofuel production processes. In this way, the carbon
fixed by plants (biomass) is further transformed into a wide
array of products through microbial processing [16]. Genetically engineered plants and algae have been employed to divert
carbon flux in planta towards other metabolic products of
interest, as an alternative to microbial processes [17,18]. Yet
another alternative approach is to directly fix the CO2 with
microorganisms, circumventing the intermediacy of crop
derived biomass [19,20]. This can be done with autotrophic
microbes, though these are generally poorly understood, and the
genetic tools required to divert carbon flux towards useful prod-

ucts are still under-developed with these species. Alternatively,
as discussed in detail below, well understood microbes for
which genetic modification methodologies are widely available,
such as E. coli, have been used as hosts for heterologous CO2
fixation reactions [21], that may then be coupled to an extensive array of metabolic pathways for the delivery of target compounds.

Biological strategies to increase CO2
reactivity
Energetic demand of CO2 transformation
Most of the carbon associated with fossil-fuel based technologies will eventually be converted to CO2 through combustion or oxidative degradation [12,19,22], because this is the
most oxidised and stable state of carbon (+4). Converting CO2
into other more reduced forms of carbon, as found in organic
commodity chemicals, requires large energy inputs. As a result,
there are only a limited number of examples of industrial chemical processes which use CO2 as feedstock, and those that do,
such as the Bosch–Meiser process [7], are very energy intensive.
Associated with the dependence of autotrophic organisms on
CO2 as a carbon source, biological systems have developed
various strategies to avoid energy constraints, and as a result
there are several metabolic pathways for reductive transformation of CO2 (Figure 1) [23,24]. Generally, such processes are
driven by coupling the CO2 transformations with oxidations that
generate reducing equivalents, sometimes in conjunction with
the hydrolysis of phosphoanhydride bonds [25-27]. For reductases or dehydrogenases operating in reverse, the electrons
required to reduce CO 2 are provided through oxidation of
reduced forms of redox cofactors, either directly or through
electron driving protein mediation (NAD(P)H or equivalents).
For a number of carboxylases, phosphoanhydride bonds in ATP
are hydrolysed to drive CO2 transformation through various
molecular mechanisms. For example, biotin carboxylase catalysed reactions proceed through electrophilic activation of CO2
to carboxyphosphate to facilitate an attack by a nucleophile
[28].
In all known natural CO2 fixation pathways, ATP and NADH
or their equivalents are consumed in order to generate the intermediates that may feed into central metabolism [23]. This
consumption is used as a measure of pathway efficiency for
CO2-fixation, and pathways are considered most efficient when
it is minimised [25,27]. By balancing thermodynamic feasibililty and a low requirement in NADH and ATP or equivalents,
Milo and coworkers [25] were able to computationally predict
the most efficient synthetic CO2 fixation pathways, using all
known natural enzymes.
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Figure 1: Biocatalytic routes for conversion of CO2 into compounds with carbon in the reduced oxidation states indicated at the top. FDH: formate
dehydrogenase, FaldDH: formaldehyde dehydrogenase, ADH: alcohol dehydrogenase, CODH: carbon monoxide dehydrogenase, RuBisCO: ribulose1,5-bisphosphate carboxylase oxygenase, CA: carbonic anhydrase, R: H, CH3.

Aqueous solubility and hydration of CO2
A particular limitation for aqueous CO2 transformations stems
from the low concentration of dissolved CO2 at saturation. At
physiological pH, CO2 is hydrated and exists predominantly as
the bicarbonate anion (HCO3−) [29]. Within cells, CO2 and
HCO3− rapidly interconvert through catalysis by carbonic anhydrase, the archetypal super-enzyme for which catalytic rates
reach the limits of diffusion [30,31]. CO 2 consumed by
enzymes is therefore efficiently replenished through rapid
HCO3− dehydration (Figure 2). Living organisms have developed various mechanisms to increase the effective concentration of CO2, ranging from the use of carboxylated cofactors
[28,32] to complex extended metabolic pathways in C4 and
CAM plants [17,33,34] and substrate channelling. In addition, a
number of enzymes accept HCO 3 − as a substrate, which is
converted to CO2 close to the active site before the reductive
step [26,28].

In photoautotrophic bacteria (cyanobacteria) micro-compartmentalisation of the CO2-fixing reactions increases reaction
rates [35,36]. The bacterial micro-compartments, called
carboxysomes, are highly elaborate proteinic structures that
usually also incorporate carbonic anhydrase [36,37].
Carboxysomes have been the subject of studies on increasing
the efficiency of C 3 carbon fixation in plants [38-40]. The
recent production of a transgenic tobacco plant, expressing
bacterial carboxysome proteins and able to photosynthesise at
an increased rate, was a significant breakthrough in this field
[39]. Carboxysomal proteins have also been expressed in E. coli
yielding a highly organised structure [41]. Use of carboxysomes
for micro-compartmentalisation of CO2 biotransformation may
therefore become a viable strategy in a range of synthetic
biology applications, because not only CO 2 -transforming
enzymes, but also the cohort of supporting cellular equipment
and mechanisms that living systems employ, may be used to
drive these processes.

Sources of CO2 transforming enzymes
Emergence of CO2 transforming enzymes
Autotrophic enzymes have evolved to promote and control CO2
fixation and are an obvious starting point for the biotechnological transformation of CO2 [42].

Figure 2: Carbonic anhydrase-catalysed rapid interconversion of CO2
and HCO3− in living systems.

To understand the properties and distribution of these CO2assimilating enzymes, it is important to consider the geochemical context in which they have evolved as there appears to be a
strong link with atmospheric concentrations of CO2. The environment from which life emerged is thought to have been
anoxic with high concentrations of CO2 [43]. In this environ2372
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ment, the first CO2-fixing enzymes evolved to take advantage
of the most readily available carbon source. Through the action
of these enzymes and geological processes for CO2 sequestration, CO2 concentrations steadily decreased, leading to average
atmospheric concentrations of 200 ppm over the last 400,000
years [44]. During this time, oxygen levels steadily increased
through the action of photosynthetic organisms that oxidise
water to produce molecular oxygen [43]. Consequently many
CO2-assimiliating enzymes evolved to be strictly anaerobic, and
are limited to specific environments, while others tolerate O2
[45]. As a result, the environmental [CO 2 ]/[O 2 ] ratio is an
important effector of enzymatic properties.

RuBisCO and the Calvin cycle
For many years, the Calvin cycle for C3 carbon fixation was
thought to be the only important biological process for CO2
assimilation, as a result of its prevalence in our immediate environment. It is found in photosynthetic organisms, predominantly in plants on land and algae in water, and photosynthetic
prokaryotes (cyanobacteria). This carbon fixation pathway
forms part of photosynthesis and the required reducing equivalents are generated through electron gradients initiated by
photons and generated through the splitting of water [46].
However, a number of autotrophic bacteria fix carbon through
the Calvin cycle with electrons generated through oxidation of
inorganic chemicals (chemoautotrophs) [47]. As detailed in

Scheme 1, the carbon fixation step entails the carboxylation of
ribulose-1,5-bisphosphate (1), generating two equivalents of
3-phosphoglycerate (2) and is catalysed by ribulose-1,5-bisphosphate carboxylase oxygenase (RuBisCO). The glycerate 2
is subsequently phosphorylated with ATP for the production of
1,3-bisphosphoglycerate (3), which is in turn reduced with
NADPH to 3-phosphoglyceraldehyde (4). For every six equivalents of the aldehyde 4, one is diverted to carbohydrate biosynthesis, while the other five are used to produce the RuBisCO
substrate 1.
A property of RuBisCO with great implications is that it may
also accept O2 instead of CO2 as an electrophile in the addition
step, thus catalysing a counter-productive reaction, which
reduces the photosynthetic output of plants using the Calvin
cycle by 25% [48]. In the O2-rich environments in which it
operates, this property makes RuBisCO a particularly inefficient biocatalyst and a major bottleneck to C3 carbon fixation.
Through evolution, RuBisCO has adapted to rising oxygen
concentrations by developing higher specifities for CO2 at the
expense of catalytic turnover, making it a particularly slow
enzyme [49]. As a result, evolutionary bias from limited
nutrient availability has driven some plants to develop more
elaborate carbon assimilation mechanisms (C4 and CAM plants)
[48]. These involve an initial temporary carbon fixation step
with phosphoenolpyruvate carboxylase (PEPC), followed by

Scheme 1: The Calvin cycle for fixation of CO2 with RuBisCO.
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transport and release as CO2 in the vicinity of RuBisCO within
cellular compartments with low O 2 concentrations [48].
RuBisCO variants from these plants display higher turnover
rates, and lower specificities for CO2 over O2. This apparent
trade-off between CO2 specificity and catalytic activity greatly
influences efforts towards RuBisCO biotechnological applications.
The Calvin cycle is not the only carbon fixation pathway, and at
least five alternative pathways have been elucidated in recent
years [24]. It is now thought that some of these alternative pathways contribute significantly to the global carbon cycle, particularly with regard to the oceanic section [50,51]. This is due
to the extensive global distribution of many oceanic chemolithoautotrophic organisms, and the estimated carbon fixation in
deep-sea hydrothermal vents, the meso- and bathy-pelagic
ocean, and in oxygen-deficiency zones [50].

Reductive tricarboxylic acid cycle
The tricarboxylic acid (TCA) cycle is used by all aerobic organisms to generate NADH through the oxidation of small organic

metabolites. For pyruvate (11), isocitrate (7) and 2-oxoglutarate
(6), oxidation occurs together with a decarboxylation. In some
autotrophs this pathway is known to operate in the reverse
(reductive) direction resulting in CO2 fixation through carboxylation [52]. Autotrophic fixation through the reductive TCA
cycle was first described by Arnon and Buchanan [53], and
hence is also referred to as the Arnon–Buchanan cycle. It is
considered the most efficient CO 2 fixation pathway as it
requires the lowest amount of reducing equivalents per carbon
fixed [23,26]. This is mainly due to the fact that CO2 fixation
occurs through three efficient reductive carboxylations, of
which two are coupled to oxidation of the low-potential electron donor ferredoxin [26], with a requirement for strict anaerobicity, thus limiting the distribution of the reductive TCA cycle.
As detailed in Scheme 2, the reductive TCA cycle contains
three CO2 fixation steps [24]. Succinyl-CoA (5) is carboxylated
by ferredoxin-dependent 2-oxoglutarate synthase to produce
2-oxoglutarate (6), which is subsequently transformed to isocitrate (7) through a second CO2 fixation catalysed by isocitrate
dehydrogenase. Isocitrate (7) is concominantly isomerised to

Scheme 2: The reductive TCA cycle with CO2 fixation enzymes designated.
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citrate (8) and lysed to oxaloacetate (9) which remains in the
cycle and regenerates succinyl-CoA through three catalytic
steps, and acetyl-CoA (10) which enters central metabolism
through a third CO2-fixation step, carried out by ferredoxindependent pyruvate synthase to produce pyruvate (11). The
carboxylating enzymes are mechanistically complex and highly
adapted to the cellular conditions in which they operate, and as
a result there has been little development of their use in synthetic processes.

Wood–Ljungdahl pathway
The Wood–Ljungdahl pathway, or reductive acetyl-CoA
pathway, is used by acetogenic bacteria to reduce CO2 to either
formate with formate dehydrogenase (FDH) or CO with CO
dehydrogenase (CODH) [54,55]. As presented in Scheme 3,
these initial steps of two separate branches of the pathway meet
to produce a unit of acetyl-CoA (10) which is then incorporated
into central metabolic processes [56-59]. FDHs are widely
distributed enzymes, discussed in more detail below. The
formate (12) produced through FDH activity is incorporated
onto a tetrahydrofolate (14) and reduced to an activated methyl
group (13), which is then utilised as a substrate by acetyl-CoA
synthase together with the CO produced by CODH. The acetylCoA synthase forms a complex with CODH, to channel CO
through a molecular tunnel [60]. This enzyme has been the
focus of much interest due to its unusual reactivity, however, it
remains poorly understood [61].
Formate dehydrogenases are an extremely heterogeneous
enzyme family, most commonly found to physiologically
catalyse formate oxidation and release of CO2. Autotrophic
acetogen FDHs are usually bound to metallo-pterin cofactors,
with either a Mo or W centre [55,62,63], coordinated to a SeCys
or Cys ligand. These features are not limited to acetogenic
FDHs, and Mo and W FDHs are broadly distributed throughout
the bacterial kingdom [63-68]. In addition, various types of
Fe–S clusters are observed in FDHs, through which electrons
are transported to other protein domains or to other oxidoreductases altogether [63,64,68]. Due to the presence of oxidisable
cofactors, metallo-FDHs are most commonly found in anaerobic organisms. Another large family of FDHs do not contain
metal cofactors, and catalyse a direct hydride transfer from
formate to a nicotinamide cofactor [69]. They are commonly
found in aerobic species, are generally robust and amenable to
recombinant expression, but have high catalytic preferences for
formate oxidation to CO2.

Scheme 3: The Wood–Ljungdahl pathway for generation of acetylCoA through reduction of CO2 to formate and CO. FDH: formate dehydrogenase, CODH: CO dehydrogenase, ACS: acetyl-CoA synthase,
FH4: tetrahydrofolate.

equivalents of the starting substrate 10 (Scheme 4). One equivalent of the CoA thioester 10 is fed to central metabolism while
the other is used in a subsequent cycle. As seen in Scheme 4,
acetyl-CoA (10) is carboxylated by a bifunctional acetyl-CoA/
propionyl-CoA carboxylase to malonyl-CoA (15) with HCO3−
and hydrolysis of ATP. The malonate 15 is reduced to
3-hydroxypropionate (16), in two steps catalysed by NAD(P)H
dependent dehydrogenases. Later in the pathway, propionylCoA (17) is the substrate for a second carboxylation with
HCO3− to methylmalonyl-CoA (18), performed by the same
ATP-dependent bifunctional carboxylase that carries out the
first step [71,72]. Succinyl-CoA (5) is formed through isomerisation and recycled into two equivalents of acetyl-CoA (10).
This route is encountered in two separate pathways, namely
the 3-hydroxypropionate/4-hydroxybutyrate cycle and the
3-hydroxypropionate bicycle. An alternative CO2 fixation route
is found in the dicarboxylate/4-hydroxybutyrate cycle [73].
Here acetyl-CoA (10) is initially reductively carboxylated to
pyruvate (11), as in the reductive TCA cycle. The pyruvate 11
is phosphorylated with ATP to generate phosphoenolpyruvate
(19), followed by a second carboxylation with HCO 3 − to
oxaloacetate by PEPC.

Acyl-CoA pathways
A number of recently elucidated cyclic pathways that exist
primarily in archaea initiate through the fixation of CO2 onto
acetyl-CoA (10) [51,70], and end with the generation of two

Non-autotrophic CO2 fixation
A large number of enzymes use CO2 (or HCO3−) as a substrate
without taking part in autotrophic pathways [26]. These are
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Scheme 4: The acyl-CoA carboxylase pathways for autotrophic CO2 fixation. ACC: acetyl-CoA/propionyl-CoA carboxylase, PEPC: phosphoenolpyruvate carboxylase.

predominantly found in assimilatory pathways where small
organic molecules are used as carbon sources, and anaplerosis
through which intermediate metabolites in central pathways
(e.g., the TCA cycle) are replenished.
These enzymes also represent interesting targets for use in CO2
transforming processes, particularly when involved in the
production of TCA cycle dicarboxylates that constitute target
platform chemicals, as in the cases of pyruvate carboxylase and
PEPC. Enzymes that catalyse CO2 fixation in autotrophic pathways are also found in non-autotrophic pathways operating
either in the same direction (PEPC), or in the reverse direction
for CO2 production (FDH). However, these enzymes are still
suitable targets and have been used in vitro for CO2 fixation.
Finally degradative pathways contain enzymes capable of
working in both carboxylating or decarboxylating direction
depending on reaction conditions [12]. These, have also
attracted some attention as a source for relevant biocatalysts.

Biotechnological CO2 transformation
CO2-transforming enzymes sourced from natural metabolic
pathways have been utilised in biotechnological applications for
the conversion of CO2, through either direct reduction of CO2
or carboxylation of another substrate.

CO2 transformation with RuBisCO
As the most well studied and best characterised autotrophic
CO2-fixation enyzme, RuBisCO has received much attention
for application in biotechnology for CO2-fixation, particularly
using engineered photosynthetic hosts, such as plants and algae.
The inefficiency of RuBisCO and promiscuity towards oxygen
have directed efforts in protein engineering towards the generation of optimised mutants that overcome these limitations
[74,75]. Though these studies have resulted in the recombinant
expression of RuBisCO in useful hosts such as E. coli [75],
development of improved selection systems for directed evolution [74], and further elucidation of RuBisCO properties [76],
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little progress has been made toward expression of an enzyme
which is more efficient and less promiscuous. A possible explanation for this was provided by Tlusty, Milo and coworkers
[77]. By processing kinetic data from various RuBisCO
enzymes, it was found that variations in enzyme specificity and
velocity are mutually constrained. Within this limited space, it
appears that the various wild-type enzymes have been optimised through evolution to operate within their respective environments. Point-mutations in the protein itself are therefore
unable to lead to great improvements in enzyme efficiency. A
more promising strategy may be to employ outlying natural
variants of RuBisCO that display the best properties, such as
those from red algae, in combination with other components of
the Calvin cycle carbon assimilation mechanism [39]. Long et
al. [78] estimated that incorporation of wild-type enzymes, with
higher CO2 specificity or higher catalytic activity, into C3 plants
could potentially raise crop yields by more than 25%. Furthermore, incorporation of cyanobacterial carbon concentration
mechanisms such as carboxysomes, combined with RuBisCO
variants adapted to higher CO2 concentrations, could result in a
36% to 60% crop yield increase [79].
The main difficulties of heterologous expression of RuBisCO
for CO2 fixation relate to the poorly understood post-translational steps for production of the fully active enzyme that
require the action of specific chaperones as well as a separate
enzymatic species, RuBisCO activase. In some cases these have
to also be incorporated into the host organism in order to obtain
an active enzyme.
Recently there have been two important breakthroughs on
carbon assimilation in plants through RuBisCO, relating to

alternative components of the RuBisCO catalytic system.
Whitney et al. [80] increased the expression levels of a heterologous RuBisCO in tobacco plants, through co-expression of a
RuBisCO chaperone that facilitates the assembly of the active
multimeric enzyme. This resulted in two-fold increases in CO2
assimilation rate and plant growth. Hanson, Parry and
co-workers [39] were able to prepare tobacco plants that
expressed cyanobacterial RuBisCO together with a protein that
forms part of the carboxysomal structure, which led to the
generation of macromolecular complexes that are observed
early in the carboxysomal biogenesis in cyanobacteria. In addition, the engineered plants were photosynthetically active, and
the RuBisCO complex showed higher specific activities than
the enzyme in the control tobacco line.
Algae that utilise efficient variants of RuBisCO for fixation of
CO2 have been targeted as a biomass source for a third generation of biofuels, due to their lack of requirement for arable land
[81]. In addition, microalgae have been employed for the
production of chemicals as a metabolic end-product of the fixed
carbon, with particular emphasis on oils for use as biodiesel
feedstock [82]. Cyanobacteria, mainly Synechocystis spp., have
proven easier to engineer than their algal and plant counterparts
and have also been applied to generate higher titres of oils and
alcohols [18].
Despite difficulties related to heterologous expression, recently
there have also been reports of succesful use of RuBisCO in
non-photosynthetic host organisms (Figure 3). In E. coli it was
possible to incorporate a CO2-fixing bypass in central metabolism through expression of phosphoribulosekinase to produce
ribulose-1,5-bisphosphate (1) (Scheme 1), and a cyanobacterial

Figure 3: RuBisCO CO2-fixing bypass installed in E. coli and S. cerevisiae to increase carbon flux toward products of interest. PRK: phosphoribulosekinase.
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RuBisCO along with a RuBisCO-folding chaperone from the
same source [21]. It was found that the main limiting factor to
carbon fixation was the availability of CO2 in E. coli, and the
yield could be increased through incorporation of a cyanobacterial carbonic anhydrase. In the yeast Saccharomyces cerevisiae,
spinach phosphoribulosekinase was able to provide the bisphosphate 1 to a prokaryotic RuBisCO from Hydrogenovibrio
marinus, which folded with the aid of E. coli protein chaperones (GroEL/GroES) [83]. This resulted in catalysis of CO2
fixation and increase of carbon flux towards the ethanol product and away from glycerol, a major fermentation byproduct
(Figure 3).

drase in E. coli BL21(DE3) increased available HCO 3 −
resulting in a higher than five-fold increase in the observed
activity of endogenous PEPC [88]. Similarly, strains with overexpressed PEPC have been engineered for the production of
high yields of fumaric acid (21) [89].

Synthesis of dicarboxylates through pyruvate
carboxylation
Enzymatic carboxylation of a pyruvate backbone offers an
avenue to dicarboxylates, which are important biotechnological
targets, through the use of CO2 as feedstock. As seen, this may
be carried out by pyruvate carboxylase or PEPC which acts on
phosphoenolpyruvate (19). Purified PEPC has been used in an
integrated system with carbonic anhydrase for in vitro carbon
capture and transformation to oxaloacetate (9) (Scheme 5) [84].
This system has been further optimised with engineered variants of PEPC leading to increased rates and yields of CO2 transformation [85].

Scheme 5: Integrated biocatalytic system for carboxylation of phosphoenolpyruvate (19), using PEPC and carbonic anhydrase.

In E. coli fermentative processes, as presented in Scheme 6,
PEPC is used to produce oxaloacetate (9) directly from phosphoenolpyruvate (19) from glycolysis, through carboxylation
with HCO3−. This may then be further transformed, by reversal
of the activity of native oxidative TCA cycle enzymes, to
produce malate (20), fumarate (21) and succinate (22), all of
which have been listed in the top twelve target platform chemicals from biomass, by the US Department of Energy [86]. In
this way, overexpression of Sorghum vulgare PEPC in E. coli
resulted in higher fermentative yields of succinate (22) [87].
Recombinant co-expression of cyanobacterial carbonic anhy-

Scheme 6: PEPC and pyruvate carboxylase catalysed carboxylation
of pyruvate backbone for the generation of oxaloacetate (9) and other
dicarboxylates.

As some phosphoenolpyruvate (19) is lost to pyruvate (11),
pyruvate carboxylase, not present naturally in E. coli, was used
to increase the carbon flux to the desired products, by providing
a secondary oxaloacetate (9) production route through CO2fixation. In this way, E. coli strains overexpressing pyruvate
carboxylase have been applied to CO2 fixation with the produc2378
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tion of equimolar succinate (22) [90]. In addition the succinate
yields were found to strongly depend on CO2 availability and
increased by up to four-fold under increased CO2 partial pressures. Such engineered E. coli strains were also able to utilise
CO 2 generated during ethanol fermentation with Saccharomyces cerevisiae as the substrate for succinate production,
through an integrated bioprocess [91]. Through gene deletion,
other undesirable pyruvate consumption reactions such as lysis
to acetyl-CoA (10) with liberation of CO2 could be blocked,
allowing improved yields of dicarboxylates [92]. The carbon
from CO2 was also directed to other products through the use of
other types of host organisms. Overexpression of E. coli PEPC
in Propionibacteria resulted in increased rates of propionic acid
production as well as increased rates of carbon fixation under
higher CO2 partial pressures [93,94].

Scheme 7: Decarboxylase catalysed carboxylation of (a) phenol
derivatives, (b) indole and (c) pyrrole.

Acyl-CoA carboxylases

Isocitrate dehydrogenase

Though acetyl-CoA carboxylases are widely distributed in
living organisms, the existence of bifunctional variants with a
role in autotrophy has attracted further interest for their biotechnological applications in CO2 transformation technologies. The
autotrophic enzymes from Metallosphaera sedula and Acidianus berleyi have been purified and found to be catalytically
active in vitro for the production of malonyl-CoA through
acetyl-CoA carboxylation [71,95]. As seen in Scheme 4, two
subsequent steps in the 3-hydroxypropionate/4-hydroxybutyrate cycle lead to further reduction of the fixed carbon for the
generation of 3-hydroxypropionate (16), a platform chemical
also in the US Department of Energy top twelve [86,96].
Archaeal thermoacidophilic Metallosphaera sedula genes were
utilised in the hyperthermophilic archaeon Pyrococcus furiosus
to express the first three steps of the autotrophic 3-hydroxypropionic/4-hydroxybutyrate cycle for the synthesis of 3-hydroxypropionate (16) [97,98]. This was carried out at 70 °C, where
the Metallosphaera enzymes show optimal activity and background metabolism of Pyrococcus furiosus does not interfere.

As discussed above, as part of the reductive TCA cycle
(Scheme 2) isocitrate dehydrogenase catalyses the carboxylation of 2-oxoglutarate (6) to produce isocitrate (7). Exploitation
in biotechnological applications has been challenging due to the
unfavourable thermodynamics of the carboxylation. Recently,
the use of purified isocitrate dehydrogenase for CO2 fixation
was reported [111]. Carbon fixation was driven thermodynamically by maintaining a low pH, where CO2 concentrations
are highest, and coupling the reaction to aconitase catalysed
removal of isocitrate (7) to produce aconitate. Switching the pH
allowed for subsequent release of the captured CO2 and regeneration of the carbon-capture substrate 2-oxoglutarate (6).
Though this application is aimed at CO2 sequestration rather
than transformation, it shows that the reductive TCA cycle isocitrate dehydrogenase may be used in vitro to fix CO2 to a
species that may be further transformed enzymatically.

Decarboxylases
A number of enzymes are capable of catalysing the reversible
interconversion of lipophilic aromatics and the more polar
respective carboxylates [12]. It is thought these reactions may
proceed in the carboxylation direction as a detoxification mechanism under anaerobic conditions, where oxidative degradation
is not possible. In work pioneered by Nagasawa and coworkers
[99-102], Kirimura and coworkers [103,104], and Faber and
coworkers [105-109], these enzymes have been successfully
applied in vitro under conditions that drive the equilibrium
toward carboxylation, such as high CO 2 concentration.
Successful examples include the carboxylation of phenol and
hydroxystyrene derivatives including catechol [102], guaiacol
[110], indole [101] and pyrrole [100] (Scheme 7).

FDH catalysed formate production
Due to the direct CO2 reduction to a C1 species, as opposed to
carboxylation of a secondary substrate catalysed by most other
enzymes, FDHs have attracted more widespread attention as
catalysts for the transformation of CO2 with numerous examples in recent literature. Applications span all aspects of enzyme
technology including isolated biocatalysts, immobilised biocatalysts, whole-cell catalysts and bioelectrocatalytic systems.
Theoretical studies modelling potential formatotrophic organisms showed significant promise for such systems [112].
Isolated FDH. Enzymes from acetogenic sources have been
characterised and found to be capable of catalysing CO2 reduction in vitro under thermodynamically favourable conditions.
Acetogenic FDH from Clostridium thermoaceticum (now
Moorella thermoacetica) was reported by Wood and Ljundahl
in 1966 [113], where an exchange between 14CO2 and formate
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was observed, though no net synthesis of formate. Thauer [114]
was the first to observe a net CO2 reduction to formate for the
acetogenic FDH by recycling of the reduced cofactor, and prove
that this enzyme utilised NADPH for the reduction of CO2 as
the first step in one branch of the Wood–Ljungdahl pathway.
Similarly, FDH in cell-free lysate of Clostridium acidiurici
catalysed CO2 reduction to formate with reduced ferredoxin and
NADH [115]. Earlier, it had been shown that it was possible for
an enzyme found in the related non-acetogenic Clostridium
pasteurianum to carry out direct reduction of CO2 to formate
with reduced ferredoxin alone, rather than through a two-step
process involving acetyl-CoA as a CO2 acceptor, disproving the
established view at that time that biological CO2 reduction may
only proceed indirectly [116]. Furthermore, Thauer et al. [117]
were able to prove that this FDH utilises CO 2 , rather than
HCO3−, as the active species, through experiments carried out
at low temperatures where CO2 hydration is slow. The enzyme
from Clostridium carboxidivorans was recombinantly
expressed in E. coli and shown to display higher CO2 reducing
activity and poorer affinity for formate, as compared to a nonacetogenic Candida boidinii FDH prepared in parallel, known
to efficiently oxidise formate [62]. This suggests that weak
formate binding contributes toward the catalytic preference of
the acetogenic enzyme. Clostridium autoethanogenum was
purified as a complex with an electron bifurcating hydrogenase
that is NADPH and ferredoxin dependent, and found to catalyse
reduction of CO2 with NADPH and reduced ferredoxin or H2
[63]. An FDH was also purified as a complex with hydrogenase
from the acetogen Acetobacterium woodii and found to directly
utilise H2 as an electron donor for the reduction of CO2 [118].
Furthermore, there is a growing list of examples of non-acetogenic metallo-FDHs, naturally catalysing formate oxidation,
found to also be capable of catalysing CO2 reduction in vitro.
FDH from Pseudomonas oxalaticus was the first isolated
enzyme reported to catalyse both formate oxidation and CO2
reduction under appropriate conditions, using substrate amounts
of NAD + /NADH [119]. This enzyme was later used in the
seminal work of Parkinson and Weaver [120], where electrons
were supplied through a semiconductor photoelectrode using
light in the visible spectrum (>1.35 eV) and coupled to FDH
activity through a mediator to drive CO 2 reduction. Two
W-dependent FDHs, isolated from the syntrophic bacterium
Syntrophobacter fumaroxidans, showed high catalytic activity
for CO2 reduction, using reduced methyl viologen as the electron donor. Later, one of these was immobilised onto an electrode and shown to reduce CO 2 electrochemically through
direct use of the electrons provided [121]. In this way the reaction could be electrochemically driven in either direction.
Recently the Mo-dependent FDH from E. coli was shown to be
capable of catalysing CO2 reduction employing a similar ap-

proach [122]. An oxygen-tolerant Mo-dependent FDH from
Rhodobacter capsulatus was reported to catalyse the reduction
of CO2 with NADH [123].
FDHs without metal cofactors have also been employed to
reduce CO2 in vitro. Despite interest in application of Candida
boidinii FDH due to its stability, the observed turnover for this
enzyme is generally low. However, application of a bioelectrochemical system allowed production of formate from CO2 with
proton transfer from an electrical source through NAD+ to this
FDH [124]. Choe et al. [125,126] showed that a series of robust
acidophilic nonmetallo-FDHs were particularly useful in the
catalysis of CO2 reduction. As these enzymes are stable at the
lower pH ranges where the concentration of solvated CO2 is
highest, improved formate yields were obtained.
All this suggests that the ability of FDHs to reversibly catalyse
formate and CO 2 interconversion is broadly distributed in
nature, irrespective of metabolic directionality, however,
catalytic properties vary greatly depending on the source
organism. As expected, the enzymes that naturally catalyse CO2
reduction and highly homologous FDHs from formate oxidation pathways display higher reduction activities than FDHs
of lower homology. The possibility of recycling the reduced
electron donating cofactor, through the action of a second
enzyme such as hydrogenase, or through direct or mediated
electron delivery from an electrode, greatly enhance the potential of FDHs for application in large-scale biotechnological
processes (Figure 4).

Figure 4: Formate dehydrogenase (FDH) catalysed reversible reduction of CO2 to formate with electron donor regeneration through hydrogenase-catalysed H2 oxidation (red arrow) or electrochemical reduction at a cathode (blue arrow).

Whole-cell FDH application. In addition to the examples
already mentioned for in vitro enzymatic production of formate,
this has also been achieved using resting or immobilised cells as
catalysts. Due to the ease of combination of multiple enzymatic
activities in whole-cell applications, there has been a particular
focus on coupling FDH activity to a hydrogenase, with which it
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is commonly found as the formate hydrogen lyase complex in
nature. To this effect, immobilised Alcaligenes eutrophus
(reclassified as Ralstonia eutropha) whole-cell catalysts were
able to catalyse hydrogenation of CO2 to similar levels as Pd
adsorbed on activated carbon [127]. In the previously
mentioned work [118] on the purified acetogenic FDH-hydrogenase complex from Acetobacterium woodii, a whole-cell
biocatalyst was also reported, generating high yields of formate
from CO2 and H2. Resting cells from the common biotechnological host E. coli have been known to generate modest yields
of formate from CO2 hydrogenation, when grown on formate
for induction of the native enzymes [128]. More recently, by
overexpressing suitable recombinant FDHs in E. coli
JM109(DE3), high formate yields were obtained from CO2
hydrogenation, without need for cellular growth on formate for
induction [129]. An alternative whole-cell system was later
reported, using an electrochemical cell, where the reducing
equivalents are generated by an electrode, rather than H2 oxidation, as has been done for purified enzymes [130].
Methanol production through formate. Due to the advantages of direct formatogenesis from CO 2 , there has been a
number of investigations into further biocatalytic conversion of
formate into other desirable chemicals. A possibility that has
gathered much attention is the consecutive reduction to
formaldehyde and methanol, first described by Kuwabata and
co-workers [131,132]. This is of particular interest due to the
potential use of methanol as a fuel. Methanol production has
been achieved in vitro utilising FDH in series with formaldehyde dehydrogenase (FaldDH) and alcohol dehydrogenase
(ADH) [133-136]. One of the main hurdles to the utilisation of
this process relates to the requirement for the additional two
enzymes to work in the reverse to physiological direction, as
well as the generally unfavourable thermodynamic equilibria.
An attractive approach utilised photocatalysts to generate electrons from solar energy, which in turn were donated for the

production of methanol [137]. Though methanol yields and
catalyst efficiencies are low, these results are highly promising
for the future development of biochemical systems for the solardriven generation of formate, formaldehyde and methanol from
CO2 (Figure 5).
FDHs for hydrogen storage. The significance of biocatalytic
systems for the production of formate with reducing equivalents from H 2 extends beyond the generation of a platform
chemical. Formate has also been targeted as a form of chemical
storage of hydrogen fuel, due to energetic demands and hazards
associated with H 2 liquefaction, transport and storage
[138,139]. Effective use of CO2 to store H2 would enable a
sustainable hydrogen based economy, through carbon neutral
technologies. Formate in particular, due to its chemical properties and the atom efficiency in complete stoichiometric retention of hydrogen, has been touted as a very promising reduced
form of CO 2 [138,140,141]. Consequently, many catalytic
systems working in the reverse direction have also been investigated, for the regeneration of H2, along with CO2.
Many organisms, including E. coli, naturally produce H2 as an
electron sink for oxidative pathways [142]. As a result, wholecell systems have been described that work efficiently toward
formate oxidation and direct electron delivery to a hydrogenase
[143,144]. However, biocatalytic systems are unlikely to
become suitable for decentralised H2 release, as for example
will be required in hydrogen fuelled transportation vehicles.
Transition metal catalysts have been reported to reach desired
turnovers [138], however, in these cases cost and metal availability become hurdles in sustaining a hydrogen economy.
Zeolite systems utilising Ge or Si, recently described, were able
to efficiently dehydrogenate formic acid. This was guided
through computational calculations, allowing the design of a
zeolite catalyst displaying over 94% selectivity over the
counter-productive formate dehydration reaction [145]. The

Figure 5: Sequential generation of formate, formaldehyde and methanol from CO2 using reducing equivalents sourced through electrochemical cells
or photocatalysts. ED: electron donor, FDH: formate dehydrogenase, FladDH: formaldehyde dehydrogenase, ADH: alcohol dehydrogenase.
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combination of biological systems for centralised hydrogen
storage through CO2 reduction as formate, with cheap zeolite
catalysts for decentralised on demand hydrogen regeneration
appears a very promising sustainable approach toward a
hydrogen economy (Figure 6).

Figure 6: Hydrogen storage as formic acid through biocatalytic hydrogenation of CO2 and subsequent on-demand release through zeolite
catalysed dehydrogenation.

In vitro production of CO with CODH
Reduction of CO2 to CO through in vitro application of CODH
has been of interest as the enzymatic product may be further
converted into hydrocarbons through the Fischer–Tropsch
process [146]. In work carried out by Armstrong, Ragsdale and
coworkers [147,148], metal oxide nanoparticles were functionalised with CODH and photosensitised with a Ru dye to
catalyse the reduction of CO2 using visible light. Further to this,
the reported ability of a V-dependent nitrogenase to slowly
reduce CO to various small-chain hydrocarbons holds much
promise for the development of enzymatic processes to further
transform CO into products of interest [149].

Prospects and challenges for future biotechnological applications
In order for CO2 biotransformation to target a broad range of
commodity chemicals, the CO2-fixing enzymes must be used as
part of multi-enzymatic cascades that convert CO2 through
multiple steps [111,150]. Such reactions may be performed in
vitro, where the relative amounts of each biocatalyst and the
intermediate concentrations during the reaction can be closely
monitored and controlled. However, this is accompanied by a
requirement in cost related to enzyme purification, proportional
to the number of enzymes used. The application of enzymes
within whole-cells allows their production and utilisation with
minimal processing and circumvents biocatalyst purification,
though in this case there are limitations related to substrate/
product diffusion and background metabolic activity. The
optimal approach in each case, as for any multi-enzymatic synthesis, will depend on a combination of factors such as the
number of enzymes to be utilised, the ease of substrate and

product diffusion through the cell membrane, and the presence
of unwanted background reactions.
Within a well-understood cellular chassis, the heterologous
expression of a CO2 fixing enzyme allows its use as a module
that may be matched with other modules of choice, for the
assembly of synthetic pathways [150,151]. In a CO 2 transforming modular process, the CO2 fixing modules will play a
central role, much like CO2 fixing enzymes do in a carbon
assimilation pathway. However, the assembly will also include
other genes that allow process control or express desirable
features such as acid tolerance [152,153]. For these modules to
be easily applied, the enzymes must be easy to express in
heterologous hosts. This is greatly complicated by requirements for specialised cofactors or maturation and folding
processes.
RuBisCO presents significant challenges for use in modular
synthetic biology approaches, due to the observed inefficiency
and requirement for expression of large amounts of protein. The
difficulty of expression in hosts that do not naturally contain
RuBisCO, such as E. coli, and the complicated nature of the
heterologous RuBisCO systems currently developed in transgenic plants [80], means that the Calvin cycle is a challenging
target for synthetic biology in non-photosynthetic microorganisms. Efforts focusing on increasing carbon fixation yields
through optimisation of RuBisCO expression and activity may
lead to optimised plant based synthetic systems [18,40].
In microbial systems carboxylases are promising candidates for
modular design, due to their broad distribution in living organisms and lack of particular requirements in cofactors. Also the
great variety of carboxylases found in nature represents a very
large library from which suitable modules may be sourced that
introduce carbon into metabolic pathways [26,154]. On the
other hand, in order to generate a synthetic pathway where the
only carbon input is CO2, these enzymes would also require the
co-expression of cyclic pathways to recycle the co-substrates
that are carboxylated. This may greatly hinder the overall
process, as the metabolic pathways that have been developed by
nature to carry out these tasks contain many steps and a number
of unfavourable reactions. Indeed, attempts to transfer entire
autotrophic CO 2 fixation pathways into E. coli have been
unsuccesful [155].
Dehydrogenases used in the reductive acetyl-CoA pathway, do
not present this complication as the CO2 is reduced directly to
another species, either formate or CO, with no other reactant
other than a source of electrons. This means that a single enzymatic module is able to catalyse the incorporation of CO2 as a
C1 species, with no other carbon requirement. In this case, the
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difficulties associated with expression of enzymes from niche
organisms in heterologous hosts, such as requirement for particular metal cofactors and oxygen stability, complicate use in
modular approaches. Also, the metabolic product must be efficiently transformed into other species in order to drive this energetically uphill carbon fixation process. Finally, as formate and
CO are not metabolites in central anabolic pathways, it may be
challenging to find suitable pathways that allow access to the
variety of chemicals that may be produced through metabolism.
This will inevitably require heterologous expression of the full
reductive pathway, for production of acetyl-CoA, which
however is extremely challenging due to the requirement for
use of poorly understood enzymes and unusual cofactors. A
recent breakthrough came with the production of a computationally designed enzyme, catalysing the carboligation of three
formaldehyde units into dihydroxyacetone, thus providing
direct access to central carbon metabolism through formate
[156].
Sourcing of reducing equivalents. As mentioned above, any
process that transforms CO2 into other chemicals, where the
carbon is in a more reduced state, represents a net reduction.
Therefore there is a requirement for reductive potential in the
form of electrons, and the method used to source these will
greatly define the utility of the overall process (Figure 7). The
ATP required to drive CO2 fixation processes within living
systems will be mainly produced using reducing equivalents
through the complicated mechanism of oxidative phosphorylation.
Ultimately the most sustainable source of reducing equivalents
is sunlight [20]. Solar energy may be directly utilised through
the application of photosynthetic machinery employed by
photoautotrophs to carry out the “light reactions” of photosynthesis. This will require technological advances, such as the
development of bioreactors capable of maximising exposure to

sunlight [157]. Another limitation to any approach relying on
photosynthesis to harvest solar energy is the inherently poor
efficiency and sensitivity of photosynthetic pigments and reaction centres, as highlighted by Michel [158]. An alternative approach is to convert solar energy into electricity for use as a
source of electrons [20,159]. As seen, a number of enzymes and
organisms are indeed capable of directly accepting electrons
from electrodes in bioelectrochemical systems [160-162]. The
use of electricity generated through photovoltaics allows the
mediated application of solar energy for the fixation of CO2.
Finally, electrons can be stored within chemical species that
may then be oxidised by organisms to regenerate the electrons
on-demand [20]. Hydrogen and formic acid appear most suited
for such applications, due to their chemical properties, and the
existence of efficient biological tools for electron regeneration
through oxidation.

Conclusion
It is evident that the use of biological catalysts for CO2 fixation
and conversion to a variety of chemicals is a promising approach, not limited by the availability of natural enzymes.
However, in order for these to be employed in suitable
bioprocesses, where they may be assembled into multi-enzymatic synthetic cascades, suitable methodologies for facile
recombinant expression need to be developed further. This will
extend beyond simple expression of a single gene, and may
require simultaneous expression of multiple subunits, expression of seleno-proteins, proteins that deliver particular cofactors, as well as chaperones and maturation proteins that allow
the production of the final active biocatalyst. Furthermore, the
various biological mechanisms used in nature to improve the
activity of these enzymes must be fully understood, in order to
be suitably harnessed for application in synthetic processes.
Host organisms must be developed with features geared towards
the fixation of CO2 and its transformation through multiple
enzymatic steps. Finally the reducing equivalents required for

Figure 7: Schematic showing required flow of reducing equivalents for CO2 fixation through biotechnological applications.
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the carbon fixation step, as well as subsequent transformations,
must be harnessed efficiently. Suitable technological platforms
are yet to be developed.

15. Savile, C. K.; Lalonde, J. J. Curr. Opin. Biotechnol. 2011, 22, 818.

Though there is much progress to be made before CO2 fixing
enzymes may be readily used as modules in designer synthetic
pathways, the rapid progress that is being made in the fields of
genetic engineering, bioinformatics and synthetic biology, as
well as renewable electricity generation and bioelectrochemical
engineering hold much promise for the development of the
biotechnological platforms that will support a future carbon bioeconomy.
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Abstract
The continuous flow synthesis of a range of organic solutions of N,N-dialkyl-N-chloramines is described using either a bespoke
meso-scale tubular reactor with static mixers or a continuous stirred tank reactor. Both reactors promote the efficient mixing of a
biphasic solution of N,N-dialkylamine in organic solvent, and aqueous sodium hypochlorite to achieve near quantitative conversions, in 72–100% in situ yields, and useful productivities of around 0.05 mol/h with residence times from 3 to 20 minutes. Initial
calorimetric studies have been carried out to inform on reaction exotherms, rates and safe operation. Amines which partition mainly
in the organic phase require longer reaction times, provided by the CSTR, to compensate for low mass transfer rates in the biphasic
system. The green metrics of the reaction have been assessed and compared to existing procedures and have shown the continuous
process is improved over previous procedures. The organic solutions of N,N-dialkyl-N-chloramines produced continuously will
enable their use in tandem flow reactions with a range of nucleophilic substrates.

Introduction
N-Chloramines provide a versatile and reactive class of reagents
for use in electrophilic amination and other reactions. N-ChloroN,N-dialkylamines have been shown to offer a broad range of
products from reactions with i) unsaturated C–C bonds to give
amines [1-3] and heterocycles [1,4]; ii) Grignard and
organozinc reagents to give amines [1]; iii) aldehydes to give
amides [5-7]; iv) base to give imines [8]; v) alkyl and aryl C–H

bonds in the presence of acid and visible light to form heterocycles [9,10]. Furthermore they have also been used for chlorination of aromatics in the presence of acid [11], and as reagents
in the syntheses of natural products [12,13].
Despite their versatility as reagents, the exothermicity and instability that occurs in both their formation and reaction, has
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reduced the interest in their use for reasons of process safety.
Isolation of many N-chloramines is unadvisable with reports of
unpredictable and rapid decomposition [11,14-16].
N-Chloramines are prepared conventionally by reaction of the
amine precursor with an electrophilic chlorine source [14].
Despite its atom efficiency use of chlorine gas is undesirable
due to its toxicity and strong oxidising properties, making it
highly hazardous and operationally difficult to use. In addition,
the hydrochloric acid byproduct requires additional processing
to neutralise and separate it. N-Chlorosuccinimide is used
frequently in the laboratory because it is a relatively stable solid
that is easily weighed and added to reactions [3,17], however, it
has a low atom economy, poor economics, and requires separation of the succinimide byproduct [18]. The tert-butyl
hypochlorite (t-BuOCl) reagent is also used regularly, but is
similarly expensive, wasteful and hazardous [14,19-21]. On the
other hand sodium hypochlorite (NaOCl) is an inexpensive
byproduct of chlorine manufacture, and offers a safer, greener
source of electrophilic chlorine for producing N-chloramines
[11,14,22]. Reaction times can, however, be long [14,23,24],
and yields low [25]. Zhong et al. have reported a process using
NaOCl to generate t-BuOCl in situ for chloramine formation,
applying the methodology to a broad range of substrates in high
yields [20].
Published literature on chloramine formation is limited to batch
procedures, however, the use of continuous processes could
offer significant advantages. Use of continuous flow reactors to
achieve steady-state allows precise control over the reaction
parameters to improve safety, selectivity, productivity and
consistency. Reduced reactor volumes compared to conventional batch reactors limit the quantity of reacting material at
any one time; particularly important for the preparation of
hazardous or unstable products. Furthermore smaller volumes
with higher surface areas enable faster heat removal and better
temperature control to limit unwanted side reactions. Further
kinetic control is achieved with reactant concentrations, feed
rates, mixing regime and residence time resulting in higher
product yields.
Herein we report the use of different types of bespoke continuous reactors for preparing different N-chloro-N,N-dialkylamines. The use of these materials in forming a range of
different nitrogen containing products via a cascade/tandem
procedure will be reported elsewhere. This atom efficient procedure, with sodium hydroxide and water the only byproducts,
should have better green metrics than other methods. Using
biphasic reaction conditions with the amine dissolved in a water
immiscible, organic solvent such as toluene enabled facile separation of the organic soluble product from the water soluble

NaOH (Scheme 1). Such separation of biphasic mixtures is
known in continuous systems, for example membrane-based
separators [26,27].

Scheme 1: Two-phase reaction of N,N-dialkylamine and sodium
hypochlorite.

Mixing is a key parameter for reactions in multiphasic systems
and characterisation of material flows within different continuous reactors is widely studied by both modelling and experiment [28,29]. The rate of reaction of NaOCl and amines at high
pH is very fast with a second order rate constant, k obs of
1.52 × 105 L·mol−1·min−1 reported for dimethylamine [30]. In
this case it is the rate of mass transfer of the reagents, partitioned between the two liquid phases that limits the rate of
product formation, rather than the chemical rate of reaction
between the two species. Continuous liquid biphasic reactions
are usually poorly mixed within micro-scale reactors, as low
fluid velocities and frictional wall effects cause laminar flow
and phase separation into alternating organic–aqueous
segmented flow; whilst meso-scale reactors are much better
suited, and provide more accurate and reliable information for
scale-up. Interaction of the reactants occurs only at the phase
interface, so efficient mixing increases the surface area and
promotes product formation. Within batch or continuous stirred
tank reactors an increase in mixing intensity is achieved with
optimised impellor design and speed, alongside a reactor
designed to disrupt the flow and increase turbulence. Within
meso-scale tubular reactors the addition of in-line aids such as
split and recombination streams [31,32], or static mixers
[32,33], can enhance mixing and mass transfer between phases.
Phase-transfer catalysts (PTCs) can also be used to promote
reactions across phase boundaries [31], their use would,
however, incur additional financial costs for the reaction, and
also the need for purification and removal of the catalyst from
the reaction solution.

Results and Discussion
Calorimetry
In view of the potential dangers involved in making chloramines we began our studies with calorimetric analysis. The
formation N-chloromorpholine was studied by feeding 1.1 M
NaOCl (aq) into a 1 M morpholine (aq) at a rate of 1 g/min. The
calorimeter jacket temperature was set at −15 °C, and power
compensation used to maintain the reactor at 5 °C. 20 mL of the
NaOCl solution were added to 20 mmol of morpholine over
20 min, and after subtracting the feed solution temperature
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(Q Dose) from compensatory power (Q Comp) the total was
2.76 W. For this calibrated calorimeter this equates to −1.47 kJ
which gives a heat of reaction, ΔHr = −73.4 kJ·mol−1 for the
formation of N-chloromorpholine (Figure 1). Calculation of the
heat of reaction by bond forming/bond breaking calculation,
according to mechanisms proposed in the literature, give a ΔHr
of −72 kJ·mol−1 (Supporting Information File 1) [30].
Figure 1 shows the calorimetric trace for the formation of
N-chloromorpholine. Following the addition of NaOCl (aq)
there is a small delay in the reaction which may be mixing
related. A rapid exotherm then occurs with 1.37 kJ energy
released continuously over the 20 minute feed. When the
NaOCl (aq) addition is stopped there is a further release of
0.09 kJ energy over 2 minutes indicating a small accumulation
of heat. Analysis of the crude reaction product shows no side
products, and no decomposition of the N-chloromorpholine
product.
When the same reaction was carried out using a toluene–water
biphasic system, the calorimeter trace was more complex with
mass transfer effects making interpretation difficult (Supporting
Information File 1).
The calorimetric analysis shows chloramine formation to be an
energetic process with a significant associated exotherm illustrating the need for efficient temperature control during the
reaction to ensure a safe process. In batch it would be necessary to cool the reaction with an ice bath or similar, however,

the continuous reactors employed in this work, with increased
surface area-to-volume ratio, allows effective heat dissipation
under ambient conditions.

Continuous reactor
A nylon/PTFE tubular reactor was constructed that incorporates static mixers for enhanced mixing of the biphasic reaction
solution, made of the acetal homopolymer, Delrin® that are
solvent and oxidant resistant [34]. The set-up comprised one
pump for the organic phase (amine/toluene) and one for the
aqueous phase (NaOCl/water). The feeds were connected via a
stainless steel T-piece to tubing (1/4 inch OD, 3/16 inch ID)
containing static mixer tubes (1/8 inch ID, 3/16 inch OD) along
the flow channel (Figure 2). The length of the reactor and
number of static mixer inserts were adjusted to vary the residence time, thus maintaining sufficient flow rate to give effective mixing.
Initial experiments using toluene and an aqueous dye were used
to assess static mixer performance. Figure 3 shows the solutions being pumped simultaneously into a T-piece with equal
flow rates. As the solution progresses into the tube containing
the static mixers, it can be seen to be a well-mixed emulsion.
Shortly after emanating from the mixed region, the biphase
separates into a segmented flow before being collected into a
flask.
Initial reactions looked at the effect of increasing the number of
static mixers within the reactor and also increasing residence

Figure 1: Calorimeter trace for the single phase reaction of morpholine (aq) and NaOCl (aq). Q Comp: compensatory power, Q Total: total power,
Q Dose: power delivered by dosing of room temperature NaOCl (aq) to cooled reaction solution. Energy: heat energy.
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Figure 2: Meso-scale static mixer set-up for continuous N-chloramine formation. (a) Pumps, (b) reagent solution reservoirs, (c) reactor tube
containing static mixers, (d) collection vessel, (e) back pressure regulator (75 psi).

Figure 3: Effect of static mixers on biphasic solution.

time by decreasing the flow rate of reagents. The progress of the
reaction was studied to determine the point at which steady state
is achieved and to assess the consistency of the reaction over
several reactor volumes (Figure 4). The reaction reaches steady
state after 6 minutes (2 residence times) with fairly consistent
conversion achieved thereafter. The N-chloromorpholine yield
was measured by direct sampling of the toluene solution and
measuring by quantitative 1H NMR.
Table 1 entry 1 shows the poor conversion observed using the
T-piece alone, whilst higher conversions are seen with
increased static mixed volume. Table 1 entry 2 shows higher
chloramine formation with increased residence time (Tres) as a
result of lower flow rates, with a maximum 89% conversion at a
Tres of 20 min. Even at flow rates of 0.15 mL/min there appears
to be intimate mixing of the aqueous–organic phases. Both
intense mixing and long residence times are required because
the N-benzylmethanamine partitions mainly in the organic
phase with KD [organic]/[aqueous] = 28.8, causing the reaction
to be limited by the mass transfer rate. For example mixing in
the T-piece alone gives 11% conversion with N-benzylmethanamine, but 46% with 1,4-morpholine; also 65% conversion is seen with 0.8 min of intense mixing of N-benzylmethanamine with NaOCl, whilst 68% is seen with 1,4-morpholine mixed for half this time, because it partitions more
favourably into the aqueous phase with K D = 0.01.

Figure 4: Progress of reaction for continuous formation of N-chloromorpholine. Morpholine (toluene) 0.9 M 1 mL/min, NaOCl (aq) 0.9 M,
1.1 mL/min, 6 mL total reactor volume, of which 0.8 mL is static
mixers. Residence time = 2.9 min. Conversion refers to composition of
organic phase of reaction solution.

Substrates
The formation of a range of N-chloro-N,N-dialkylamines was
investigated. Some were found to react relatively slowly, partly
for the mass transfer reasons discussed above, and possibly for
electronic and steric reasons as well. The tube reactor did not
conveniently allow sufficient residence times for full conversion of amine to chloramine to be achieved, and in such cases a
continuous stirred tank reactor (CSTR), able to provide longer
residence times, was used instead (Figure 5 and Figure 6).
Table 2 shows reaction parameters investigated for the reaction
of different amines: residence time, reactor volume, number of
static mixers and molar equivalents of NaOCl. Formation of
N-chloromorpholine and N-chloropiperidine (Table 2, entries 1
and 2) proceeded with high yields under short reaction times
using the static mixers. N-chloro-N-methyl-p-toluenesulfonamide and N-chloro-N-benzylmethanamine proceeded with
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Table 1: Effect of reactor parameters on chloramine formation.a

Entry

Product

1

NaOCl
(equiv)

Mixed volume
(mL)

Total RV
(mL)

Tres
(min)

Amine conv.
(%)b

1.1

0c
0c
0.8
1.6

<0.1
6
6
6

<0.05
3
3
3

11
39
57
65
41
65
69
78
89

46
68

2

1.1

1.6

6

1.2d
3
6e
12f
20g

3

1.1

0c
0.8

<0.1
6

<0.05
3

aT

res = residence time, RV = reactor volume. Reaction conditions: 1 M amine in toluene and 1.1 M NaOCl (aq) at equal flow rates of 1 mL/min, room
temperature. bSteady state conversion by NMR vs internal standard. cT-piece only. dFlow rates = 2.5 mL/min. eFlow rates = 0.5 mL/min. fFlow rates =
0.25 mL/min. gFlow rates = 0.15 mL/min.

Figure 5: CSTR set-up for N-chloramine formation. (a) Syringe pump, (b) collection vessels, (c) reactor (50 mL), (d) stirrer plate: stirring rate
1200 rpm.

Figure 6: Interior of 50 mL CSTR.

good yields in both the tube reactor and CSTR, however, for the
tube reactor 1.5 equiv NaOCl were required for complete reaction of N-methyl-p-toluenesulfonamide, and 20 min residence
time was required for high yields of N-chloro-N-benzylmethylamine. Due to the low solubility of N-methyl-p-toluenesulfonamide in toluene the tube reactor was susceptible to blockage.
This was overcome using EtOAc as the organic phase, and gave
more consistent results. Formation of N-chlorodibutylamine
proceeded slowly within the tube reactor and the longer residence times leant themselves to the CSTR. Table 2 entry 8
shows the need for 2 equiv NaOCl with 20 min residence time
to give 35% conversion of the chloramine product with the
tubular reactor. However, the conversion was improved
markedly using the CSTR and enabled use of only 1.1 equiv of
NaOCl to give quantitative formation of the product. The reaction of dibenzylamine with NaOCl proceeds slowly within the
CSTR achieving only 40% conversion in 50 min, which may
reflect its lower reactivity, since the partition coefficient is
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Table 2: Formation of secondary chloramines.a

Entry

Product

KD

Reactor type

Reactor vol.
(mL)b

Tres
(min)

Amine conv.
(%)c

Yield
(%)c

1d

0.01

Static mixers

6 (0.8)

4

100

84

2e

0.84

Static mixers

4 (1.6)

4

100

94

3f

28.9

Static mixers

6 (1.6)

3

97

100

4

28.9

CSTR

50

50

100

72–98g

5

28.8

Static mixers

6 (1.6)

20

89

87

6

28.8

CSTR

50

25

100

100

7h

118

Static mixers

4 (1.6)

20

35

Not determined

8

118

CSTR

50

50

100

100

9

114

CSTR

50

50

40h

Not determined

aK

D = [amine] in organic/[amine] in aqueous phase. Reaction conditions: Equal flow rates of amine and NaOCl solutions used. 1 M amine in toluene
and 1.1 M NaOCl (aq) were used. Reactions conducted at room temperature. bStatic mixed volume in parentheses. cDetermined by NMR vs internal
standard. dNaOCl (aq) 2.2 M, flow rate 0.5 mL/min, amine 1 M in toluene, flow rate 1 mL/min. e1.5 M NaOCl (aq). fEtOAc solvent instead of toluene
used due to solubility of amine. gLow solubility of starting material in toluene caused problems with amine feed giving variation in yields. g2 M NaOCl
(aq) used. h40% N-chlorodibenzylamine and 60% residual dibenzylamine observed by 1H NMR, no other products observed.

similar to that of dibutylamine. The productivities of N-chloramine formation are in the range of 0.04–0.06 mol/h.

Green metrics
A key driver within the chemical industry is the need for
greener, more sustainable processes. In order to assess the
sustainability of the continuous process for chloramine formation described in this publication, the metrics of the reaction
were assessed and compared with existing literature procedures
[35]. The results are summarised in Table 3.
The yields of the continuous N-chloramine process were high,
and comparable to literature batch procedures. The atom
economy of our process was increased compared to the use of
N-chlorosuccinimide [3], or NaOCl/t-BuOH, Table 3, entries 2

and 3 [20]. There are also improvements to the total mass intensity of the flow procedure, primarily by avoiding work-up and
purification procedures. The mass efficiency remains low, but is
comparable to literature procedures. Whilst increasing the reactant concentrations is possible, the safe removal of the heat of
reaction must be considered, moreover the flow process is much
more productive than batch. Nevertheless the N-chloramine
solution that is generated should be used directly, so is ideally
coupled with a second flow process, and the results of this will
be reported elsewhere.

Conclusion
The facile synthesis of N,N-dialkyl-N-chloramines is described
using either a tubular reactor with static mixers or a continuous
stirred tank reactor; both are able to promote efficient mixing of
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Table 3: Comparison of green metrics for different chloramine formation procedures.

1a

2b

4d

5e

NaOCl

NaOCl/ t-BuOH

Flow
toluene, H2O
–
100
94

Batch
TBME, H2O
H2O, brine
100
100

N-chloro
succinimide
Batch
Et2Of
H2O
100
90

NaOCl

NaOCl

Batch
H2O
Et2O
100
88

Flow
toluene, H2O
–
100
84

57.73

63.42

46.37

63.44

60.24

74.94

53.94

54.69

75.25

75.25

18.17

37.5

80.3

12.39

15.09

18.17

7.56

33.71

8.43

15.09

1.73

2.03

2.16

1.58

1.66

16.43

5.54

31.55

6.85

13.43

3.96

–

Entry

3c

Amine

Chlorine source
Reactor
Reaction solvent
Work-up solvents
Conversion
Yield
Reaction mass
efficiency
Atom economy
Mass intensity:
total
Mass intensity: reaction
Mass intensity: reaction
chemicals
Mass intensity: reaction
solvents
Mass intensity: work-up
aSee

Table 2, entry 3.
amines with NCS [3].

bReference

–
[20].

cReference

29.94
[36].

dReference

[11].

the biphasic reaction solution. Those amines which partition
mainly in the organic phase required longer reaction times to
compensate for the reduced mass transfer between the organic
and aqueous phases, and good yields with useful productivities
were achieved for most. The green metrics of the reaction have
been assessed and compared to existing procedures for chloramine formation, and have shown the continuous process is improved over previous procedures. Work to expand the scope of
N-chloramines, and their subsequent use in flow reactions with
alkenes to make amines, aldehydes to make amides, and base to
make imines is ongoing.

Experimental
All reagents were used as received from suppliers without
purification. Sodium hypochlorite solution 10–15% available
chlorine was purchased from Sigma-Aldrich. The accurate
NaOCl concentration was determined by titration (Supporting
Information File 1) and diluted to the required concentration
with distilled water. CDCl3 purchased from Sigma-Aldrich was
used for NMR analysis. NMR spectra ( 1 H and 13 C) were
obtained on either a Bruker Advance 500 MHz, 400 MHz or a
Bruker DPX 300 MHz spectrometer. NMR spectra were referenced to either TMS or CHCl3. The partitioning of the amine
reagents in the organic phase of a biphasic organic/aqueous

46.58
eSee

Table 2, entry 1.

fDCM

has also been used for reactions of other

solution was determined by GC analysis using an Agilent HP
6890 with FID (Supporting Information File 1). Calorimetry
experiments were carried out using HEL AutoMATE parallel
reactors with HEL WinISO 2225 and HEL IQ 1.2.16 software.
For the tube reactor, Harvard syringe pumps (model 981074) or
JASCO PU-980 HPLC pumps were connected via a syringe and
1.5 inch, 21 guage disposable needle to PTFE tubing with 1/16
inch OD. The 1/16 inch stainless steel T-piece and stainless
steel 1/16 inch to 1/4 inch increasing connector were obtained
from Swagelok. The reactor tube comprises of PTFE tubing 1/4
inch OD and in-line plastic static mixers supplied by Nordson
EFD (3/16 inch OD, mixer element diameter 1/8 inch, 3.5 inch
length). For the CSTR, the same Harvard syringe pumps were
used along with PTFE tubing with 1/8 inch OD.

General procedure for N-chloramine formation using the tube reactor and static mixers
The required number of static mixers (3/16 inch OD, 1/8 inch
mixing element diameter 3.5 inch length) was inserted into a
length of 1/4 inch PTFE tubing to give the overall required
reactor volume. The reactor was connected to 1/16 inch tubing
via a 1/4–1/16 inch reducing adapter. The tubing was split with
a T-piece to 2 pumps (either piston or syringe pumps). A 1 M
solution of amine in toluene was prepared and fed via pump 1 at
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the required flow rate. A 1.1 M solution of aqueous NaOCl was
fed via pump 2 at the required flow rate. The reaction solution
was flowed through the reactor and collected in residence time
fractions. The organic phase was separated from each fraction
to avoid further interaction with the NaOCl solution. The
organic phase was analysed by 1H NMR. For non-volatile products yields were obtained by removal of toluene from the
organic phase of each residence time fraction and weighing the
resulting product. For volatile products yields were obtained by
1H NMR analysis. 100 μL or the organic phase was weighed
and analysed by 1H NMR. The ratio of toluene/starting material/product and mass of 100 μL of the solution was used to
determine the N-chloramine concentration in the solution. From
this the yield of N-chloramine in the full organic phase could be
determined.

General procedure for N-chloramine formation using the CSTR
Through the lid of a 50 mL jacketed glass vessel containing a
stirrer bar was inserted 2 lengths of 1/8 inch PTFE tubing
connected to syringe pumps. A third length of tubing was
inserted so that it ended flush with the base of the lid to act as
an overflow tube out of the reactor into a collection vessel. The
reactor was secured on a stirrer plate.
A 1 M solution of amine in toluene was prepared and fed via
pump 1 at the required flow rate. A 1.1 M solution of aqueous
NaOCl was fed via pump 2 at the required flow rate. The reaction solution was flowed into the reactor, and once full was
eluted from the reactor via the overflow tube and collected. The
solution was collected in residence time fractions. The organic
phase was separated from each fraction to avoid further interaction with the NaOCl solution. The organic phase was
analysed by 1H NMR. For non-volatile products yields were
obtained by removal of toluene from the organic phase of each
residence time fraction and weighing the resulting product. For
volatile products, yields were obtained by 1H NMR analysis.
100 μL or the organic phase was weighed and analysed by
1 H NMR. The ratio of toluene/starting material/product and
mass of 100 μL of the solution was used to determine the
N-chloramine concentration in the organic solution. From this
the yield of N-chloramine in the full organic phase could be
determined.

N-Chloro-1,4-morpholine
Prepared according to the general procedure using the tube
reactor with 2 static mixers, a 6 mL reactor volume and a residence time of 4 min, 2.2 M NaOCl (aq) at 0.5 mL/min and 1 M
morpholine in toluene at 1 mL/min. Due to the high volatility of
N-chloromorpholine and its reported instability the product was
not isolated and was instead obtained as a solution in toluene

(0.84 M, 84%) by separation of the organic phase form the
aqueous phase of the reaction solution. The yield of product
was determined by NMR analysis as in the typical procedure for
volatile products. The toluene solution was analysed by NMR
and data matches that reported in the literature [17]. 1H NMR
(CDCl3, 500 MHz) δ ppm 3.69 (br s, 4H, CH2OCH2), 3.12 (br
s, 4H CH2NClCH2); 13C NMR (CDCl3, 125 MHz) δ ppm 67.72
(CH2OCH2), 63.03 (CH2NClCH2).

N-Chloropiperidine
Prepared according to the general procedure using the tube
reactor with 4 static mixers, a 4 mL reactor volume and a residence time of 4 min, 1.5 M NaOCl (aq) at 0.5 mL/min and 1 M
piperidine in toluene at 0.5 mL/min. Due to the high volatility
of N-chloropiperidine the product was not isolated and was
instead obtained as a solution in toluene (0.94 M, 94%) by separation of the organic phase from the aqueous phase of the reaction solution. The yield of product was determined by NMR
analysis as in the typical procedure for volatile products. The
toluene solution was analysed by NMR and data matches that
reported in the literature [17]. 1H NMR (CDCl3, 300 MHz) δ
ppm 3.49–2.63 (br m, 4H, CH2NClCH2), 1.84 (quin, J = 5.8
Hz, 4H, 2 x CH2CH2CH2), 1.75–1.32 (br m, 2H,
NCH2CH2CH2); 13C NMR (CDCl3, 125 ppm) δ ppm 64.00 (2 ×
CH2NCl), 27.68 (2 × CH2CH2NCl), 23.07 (CH2(CH2)2NCl).

N-Benzyl-N-chloromethanamine
Prepared according to the general procedures. 1) Tube reactor
with 4 static mixers, a 6 mL reactor volume and a residence
time of 3 min, 1.1 M NaOCl (aq) at 0.15 mL/min and 1 M
N-benzylmethylamine in toluene at 0.15 mL/min. 2) CSTR with
a reactor volume of 50 mL, and residence time of 25 min. 1.1 M
NaOCl (aq) at 1 mL/min and 1 M N-benzylmethylamine in
toluene at 1 mL/min were used. Due to the volatility of
N-benzyl-N-chloromethanamine the product was not isolated
and was instead obtained as a solution in toluene (1 M, quantitative yield) by separation of the organic phase from the
aqueous phase of the reaction solution. The yield of product
was determined by NMR analysis as in the typical procedure or
volatile products. The toluene solution was analysed by NMR
and data matches that reported in the literature [17]. 1H NMR
(CDCl3, 300 MHz) δ ppm 7.32–7.28 (m, 5H, CHAr), 3.99 (s,
2H, CH2), 2.88 (s, 3H, CH3); 13C NMR (CDCl3, 125 MHz) δ
ppm 139.37 (CAr), 128.58 (2 × CHAr), 128.49 (2 × CHAr),
127.32 (CHAr), 55.85 (CH2), 35.68 (CH3).

N-Chloro-N-methyl-p-toluenesulfonamide
Prepared according to the general procedures. 1) Tube reactor
with 4 static mixers, a 6 mL reactor volume and a residence
time of 3 min, 1.5 M NaOCl (aq) at 1 mL/min and 1 M
N-benzylmethylamine in EtOAc at 1 mL/min. 2) CSTR with a
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reactor volume of 50 mL, and residence time of 25 min. 1.1 M
NaOCl (aq) at 1 mL/min and 1 M N-benzylmethylamine in
toluene at 1 mL/min were used. The product was isolated for
each reactor volume by separation of the organic phase for each
reactor volume of solution and removal of the solvent by rotary
evaporation to give a white solid (1 reactor volume gives
666 mg, 3.0 mmol, quantitative yield). NMR data matches that
reported in the literature [37]. 1H NMR (CDCl3, 500 MHz) δ
ppm 7.82 (d, J = 8.4 Hz, 2H, CHAr), 7.42 (d, J = 8.4 Hz, 2H,
CHAr), 3.09 (s, 3H, NCH3), 2.48 (s, 3H, Ar-CH3); 13C NMR
(CDCl 3 , 125 MHz) δ ppm 145.75 (CAr), 129.80 (2CHAr),
129.78 (2 CHAr), 128.28 (CAr), 45.51 (NCH3), 21.70 (ArCH3).

N-Chloro-N,N-dibutylamine
Prepared according to the general procedures. 1) Tube reactor
with 4 static mixers, a 4 mL reactor volume and a residence
time of 20 min, 2 M NaOCl (aq) at 0.1 mL/min and 1 M dibutylamine in toluene at 0.1 mL/min. 2) CSTR with a reactor
volume of 50 mL, and residence time of 50 min. 1.1 M NaOCl
(aq) at 0.5 mL/min and 1 M dibutylamine in toluene
0.5 mL/min were used. The product was isolated for each
reactor volume by separation of the organic phase for each
reactor volume of solution and removal of the solvent by rotary
evaporation to give a colourless oil (1 reactor volume gives
8.17 g, 50 mmol, quantitative yield). NMR data matches that
reported in the literature [17]. 1H NMR (CDCl3, 300 MHz) δ
ppm 3.07–3.02 (m, 4H, 2 × NClCH2), 1.85–1.74 (m, 4H, 2 ×
NCH2CH2CH2), 1.54–1.45 (m, 4H, 2 × CH2CH3), 1.11–1.05 (t,
J = 7.4 Hz, 6H, 2 × CH3); 13C NMR (CDCl3, 125 MHz) δ ppm
64.04 (2 × CH 2 NCl), 30.01 (2 × CH 2 CH 2 NCl), 20.03 (2 ×
CH 2 (CH 2 ) 2 NCl), 13.90 (2 × CH 3 ).

Supporting Information
Supporting Information File 1
Details of the titration method for determination of NaOCl
strength, determination of amine partition coefficients, GC
analytical conditions and calorimetry.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-11-262-S1.pdf]

Acknowledgements
The research for this work has received funding from the Innovative Medicines Initiative joint undertaking project Chem21
under grant agreement no. 115360, resources of which are
composed of financial contribution from the European Union’s
Seventh Framework Programme (FP7/2007-2013) and EFPIA
companies in kind contribution.

References
1. Chemler, S. R.; Bovino, M. T. ACS Catal. 2013, 3, 1076–1091.
doi:10.1021/cs400138b
2. Göttlich, R. Synthesis 2000, 1561–1564. doi:10.1055/s-2000-7605
3. Heuger, G.; Kalsow, S.; Göttlich, R. Eur. J. Org. Chem. 2002,
1848–1854.
doi:10.1002/1099-0690(200206)2002:11<1848::AID-EJOC1848>3.0.C
O;2-V
4. Liu, X.-Y.; Gao, P.; Shen, Y.-W.; Liang, Y.-M. Adv. Synth. Catal. 2011,
353, 3157–3160. doi:10.1002/adsc.201100382
5. Porcheddu, A.; De Luca, L. Adv. Synth. Catal. 2012, 354, 2949–2953.
doi:10.1002/adsc.201200659
6. Vanjari, R.; Guntreddi, T.; Singh, K. N. Green Chem. 2014, 16,
351–356. doi:10.1039/C3GC41548A
7. Vanjari, R.; Guntreddi, T.; Singh, K. N. Org. Lett. 2013, 15, 4908–4911.
doi:10.1021/ol4023886

N-Chloro-N,N-dibenzylamine
Prepared according to the general procedure using the CSTR
with a reactor volume of 50 mL, and residence time of 50 min,
1.1 M NaOCl (aq) at 0.5 mL/min and 1 M dibenzylamine in
toluene 0.5 mL/min were used. The product was not isolated
and was instead obtained as a solution in toluene (0.4 M, 40%
conversion) by separation of the organic phase from the
aqueous phase of the reaction solution and removal of the
solvent by rotary evaporation. The conversion to product was
determined by NMR analysis of dried product (orange oil) and
data obtained matches that reported in the literature [38].
1H NMR (CDCl , 300 MHz) 40% conversion to chloramine δ
3
ppm 7.56–7.44 (m, 20H, CHAr in amine and chloramine), 4.28
(s, 4H, 2 × NClCH2 in chloramine), 3.80 (s, 4H 2 × NHCH2 in
amine); 13 C NMR (CDCl 3 , 125 MHz) δ ppm chloramine:
137.17 (2 × CAr), 129.18 (4 × CHAr), 128.52 (4 × CHAr),
127.95 (2 × CHAr), 67.24 (2 × CH2NCl); amine: 136.26 (2 ×
CAr), 128.47 (4 × CHAr), 128.39 (4 × CHAr), 127.19 (2 ×
CHAr), 52.94 (2 × CH2NH).

8. Bartsch, R. A.; Cho, B. R. J. Am. Chem. Soc. 1979, 101, 3587–3591.
doi:10.1021/ja00507a025
9. Anderson, P. S.; Lundell, G. F.; Cias, J. L.; Robinson, F. M.
Tetrahedron Lett. 1971, 12, 2787–2790.
doi:10.1016/S0040-4039(01)96980-1
10. Qin, Q.; Yu, S. Org. Lett. 2015, 17, 1894–1897.
doi:10.1021/acs.orglett.5b00582
11. Lindsay Smith, J. R.; McKeer, L. C.; Taylor, J. M. Org. Synth. 1989, 67,
222–228. doi:10.15227/orgsyn.067.0222
12. Cossy, J.; Tresnard, L.; Gomez Pardo, D. Tetrahedron Lett. 1999, 40,
1125–1128. doi:10.1016/S0040-4039(98)02585-4
13. Leal, R. A.; Beaudry, D. R.; Alzghari, S. K.; Sarpong, R. Org. Lett.
2012, 14, 5350–5353. doi:10.1021/ol302535r
14. Enders, D.; Schaumann, E., Eds. Science of Science - Houben-Weyl
Methods of Molecular Transformations: Compounds with one saturated
carbon-heteroatom bond; Thieme: Stuuttgart, Germany, 2008; Vol.
40b, pp 901–919.
15. Urben, P. G.; Pitt, M. J., Eds. Bretherick's Handbook of Reactive
Chemical Hazards; Academic Press: Oxford, UK, 2006; Vol. 2,
pp 167–168.
16. Kovacic, P.; Lowery, M. K.; Field, K. W. Chem. Rev. 1970, 70,
639–665. doi:10.1021/cr60268a002

2416

Beilstein J. Org. Chem. 2015, 11, 2408–2417.

17. Barker, T. J.; Jarvo, E. R. J. Am. Chem. Soc. 2009, 131, 15598–15599.
doi:10.1021/ja907038b

License and Terms

18. Paquette, L. A., Ed. Encyclopedia of Reagents for Organic Synthesis;
John Wiley and Sons: New York, 1995; Vol. 2.
19. Zimmer, H.; Audrieth, L. F. J. Am. Chem. Soc. 1954, 76, 3856–3857.
doi:10.1021/ja01643a082
20. Zhong, Y.-L.; Zhou, H.; Gauthier, D. R.; Lee, J.; Askin, D.;
Dolling, U. H.; Volante, R. P. Tetrahedron Lett. 2005, 46, 1099–1101.
doi:10.1016/j.tetlet.2004.12.088

This is an Open Access article under the terms of the
Creative Commons Attribution License
(http://creativecommons.org/licenses/by/2.0), which
permits unrestricted use, distribution, and reproduction in
any medium, provided the original work is properly cited.

21. Paquette, L. A., Ed. Encyclopedia of Reagents for Organic Synthesis;
John Wiley and Sons: New York, 1995; Vol. 2, pp 889–891.
22. Zhu, R.; Xu, Z.; Ding, W.; Liu, S.; Shi, X.; Lu, X. Chin. J. Chem. 2014,
32, 1039–1048. doi:10.1002/cjoc.201400471
23. Padegimas, S. J.; Kovacic, P. J. Org. Chem. 1972, 37, 2672–2676.

The license is subject to the Beilstein Journal of Organic
Chemistry terms and conditions:
(http://www.beilstein-journals.org/bjoc)

doi:10.1021/jo00982a008
24. Pedder, D. J.; Fales, H. M.; Jaouni, T.; Blum, M.; MacConnell, J.;
Crewe, R. M. Tetrahedron 1976, 32, 2275–2279.
doi:10.1016/0040-4020(76)88001-5

The definitive version of this article is the electronic one
which can be found at:
doi:10.3762/bjoc.11.262

25. Lee, S. J.; Terrazas, M. S.; Pippel, D. J.; Beak, P. J. Am. Chem. Soc.
2003, 125, 7307–7312. doi:10.1021/ja0300463
26. Adamo, A.; Heider, P. L.; Weeranoppanant, N.; Jensen, K. F.
Ind. Eng. Chem. Res. 2013, 52, 10802–10808. doi:10.1021/ie401180t
27. Hamlin, T. A.; Lazarus, G. M. L.; Kelly, C. B.; Leadbeater, N. E.
Org. Process Res. Dev. 2014, 18, 1253–1258. doi:10.1021/op500190j
28. Nagy, K. D.; Shen, B.; Jamison, T. F.; Jensen, K. F.
Org. Process Res. Dev. 2012, 16, 976–981. doi:10.1021/op200349f
29. Schwolow, S.; Hollmann, J.; Schenkel, B.; Röder, T.
Org. Process Res. Dev. 2012, 16, 1513–1522. doi:10.1021/op300107z
30. Weil, I.; Morris, J. C. J. Am. Chem. Soc. 1949, 71, 1664–1671.
doi:10.1021/ja01173a033
31. Zhang, Y.; Born, S. C.; Jensen, K. F. Org. Process Res. Dev. 2014, 18,
1476–1481. doi:10.1021/op500158h
32. Darvas, F.; Dorman, G.; Hessel, V. Flow Chemistry Fundamentals;
Walter De Gruyter and Co KG: Berlin, 2014.
33. Van Waes, F. E. A.; Seghers, S.; Dermaut, W.; Cappuyns, B.;
Stevens, C. V. J. Flow Chem. 2014, 4, 118–124.
doi:10.1556/JFC-D-14-00006
34. In-line static mixers obtained from Nordsen EFD. 3/16 inch OD, 1/8
inch ID, 839 cm length.
35. McElroy, C. R.; Constantinou, A.; Jones, L. C.; Summerton, L.;
Clark, J. H. Green Chem. 2015, 17, 3111–3121.
doi:10.1039/C5GC00340G
36. Grandl, J.; Sakr, E.; Kotzyba-Hibert, F.; Krieger, F.; Bertrand, S.;
Bertrand, D.; Vogel, H.; Goeldner, M.; Hovius, R.
Angew. Chem., Int. Ed. 2007, 46, 3505–3508.
doi:10.1002/anie.200604807
37. Pastoriza, C.; Antelo, J. M.; Crugeiras, J. J. Phys. Org. Chem. 2013,
26, 551–559. doi:10.1002/poc.3127
38. Pandiancherri, S.; Lupton, D. W. Tetrahedron Lett. 2011, 52, 671–674.
doi:10.1016/j.tetlet.2010.11.142

2417

A convergent, umpoled synthesis of 2-(1-amidoalkyl)pyridines
Tarn C. Johnson and Stephen P. Marsden*

Letter
Address:
Institute of Process Research and Development, School of Chemistry,
University of Leeds, Woodhouse Lane, Leeds LS2 9JT, UK

Open Access
Beilstein J. Org. Chem. 2016, 12, 1–4.
doi:10.3762/bjoc.12.1

Email:
Stephen P. Marsden* - s.p.marsden@leeds.ac.uk

Received: 05 October 2015
Accepted: 21 December 2015
Published: 04 January 2016

* Corresponding author

This article is part of the Thematic Series "Sustainable catalysis".

Keywords:
azlactones; pyridines; pyridine N-oxides; substitution

Guest Editor: N. Turner
© 2016 Johnson and Marsden; licensee Beilstein-Institut.
License and terms: see end of document.

Abstract
A convenient, one-pot, two-component synthesis of 2-(1-amidoalkyl)pyridines is reported, based upon the substitution of suitablyactivated pyridine N-oxides by azlactone nucleophiles, followed by decarboxylative azlactone ring-opening. The synthesis obviates
the need for precious metal catalysts to achieve a formal enolate arylation reaction, and constitutes a formally ‘umpoled’ approach
to this valuable class of bioactive structures.

Introduction
Pyridines constitute the most frequently observed class of
heterocycles found in pharmaceutical products [1]. As such,
there is significant demand for synthetic methods that enable
access both to structurally novel and diverse substituted
pyridines for new medicines discovery, and for the development of clean, efficient and robust methods for their manufacture on large scale. Pyridines bearing a 1-amidoalkyl substituent
at the 2-position are found in numerous biologically active
natural products such as the antitumour antibiotic kedarcidin
chromophore 1 [2] and the RNA polymerase inhibitor cyclothiazomycin B1 2 [3] (Figure 1). Additionally, the motif is
commonly incorporated into synthetic pharmaceutical candidates, for example in the factor XIa inhibitor 3 [4], the orallyactive renin inhibitor 4 [5] and the threonine tyrosine kinase
inhibitor CFI-401870 (5) [6].

The 2-(1-amidoalkyl)pyridines are almost always synthesised
by acylation of the related 2-(1-aminoalkyl)pyridines,
which can be prepared by reduction of ketimines derived
from 2-acylpyridines [5] or 2-cyanopyridines [6], addition of
carbon nucleophiles to aldimines derived from pyridine-2carboxaldehydes [4,7], or nucleophilic substitution of 2-(1hydroxyalkyl)pyridines [8]. Alternatively, acyclic precursors
bearing the amidoalkyl (or protected aminoalkyl) substituent
can be applied in de novo construction of the pyridine ring,
exemplified by approaches to the core of the cyclothiazomycins [9,10]. Regardless of the method employed, these are
multistep protocols, frequently employing moisture-sensitive
organometallic agents or reducing agents. In this paper, we
report a new one-pot, two-component synthesis of 2-(1-amidoalkyl)pyridines that arises from a formally ‘umpoled’ coupling
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Figure 1: Examples of naturally-occurring and synthetic bioactive (amidoalkyl)pyridines.

of an α-(amidoalkyl) anion equivalent with a pyridyl electrophile.

Results and Discussion
Reaction discovery
Our research group has a longstanding interest in the synthesis
of α,α-disubstituted amino acids [11-15], and in particular has
developed methods for the preparation of α-aryl variants by
palladium-catalysed enolate arylation reactions [13-15]. More
recently, we have sought to develop more sustainable methods
for the arylation of amino acid enolate equivalents that avoid
the use of precious metal salts and expensive bespoke ligands,
based upon the electrophilic activation of pyridine N-oxides and
subsequent reaction with acidic carbon nucleophiles [16-20].
Specifically, we have demonstrated that α-pyridyl,α-alkylamino acid derivatives can be prepared in a one-pot three
component coupling between readily-available azlactones and
pyridine N-oxides in the presence of p-toluenesulfonyl chloride
as an activating agent, followed by opening of the arylated
azlactone intermediate with nucleophiles such as alcohols, primary and secondary amines, and N,O-dialkylhydroxylamines
[21] (Scheme 1). However, in the reaction of alanine-derived
azlactone 6 with 4-methylpyridine N-oxide (7) we found that
when water (in the form of 1 M HCl) was employed as a
nucleophile, the product isolated was in fact the 2-(1-benzamidoethyl)-4-methylpyridine (8a), formed by facile decarboxylation of the intermediate pyridylamino acid 9 (Nu = OH)
[22,23]. After some minor process optimisation, this product
was isolated in 64% yield.

Scheme 1: Discovery of the azlactone arylation/decarboxylative
hydrolysis approach to 2-(1-amidoalkyl)pyridines.

We recognised that this constitutes a formally ‘umpoled’ [24]
coupling of an α-amino- or amidoalkyl anion [25-27] with a
pyridyl electrophile and hence would complement existing synthetic methods. Given the ready availability of azlactones
bearing differential functionality at C2 and C4, a wide range of
2-(1-amidoalkyl)pyridines should become available and we
elected to exemplify this process.
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Substrate scope
We first examined variation of azlactone substituents in their
reaction with 4-methylpyridine N-oxide (Scheme 2). Pleasingly,
bulkier C4-substituents such as benzyl or isobutyl groups
(derived from phenylalanine and leucine, respectively) were
well tolerated, with isolated yields for the products 8b and 8c of
75% and 69%, respectively. Variation of the C2-azlactone
substituent was also evaluated: swapping a phenyl substituent
for a tert-butyl substituent gave rise to the pivaloyl amide 8d,
albeit in a modest 36% yield.

tone decomposition pathways to compete with the desired
substitution.
Finally, we examined the regiochemical outcome of the reaction of pyridine N-oxides with other substitution patterns. Pyridine N-oxide itself delivered a ca. 2:1 mixture of the separable
4- and 2-substituted isomers of 8h in overall 60% yield. Statistically corrected for the available reactive positions, this reflects
an inherent 4:1 preference for reaction at the 4-position, which
may in part be due to steric hindrance at the C2-positions by the
activated N-oxide. The high C4-selectivity was also evident in
the formation of a >5:1 selectivity for the formation of the 2,4isomer of 8i over the 2,6-isomer when 2-methylpyridine
N-oxide was used as substrate. Finally, the use of 3-methylpyridine N-oxide gave a ca. 7:2:2 mixture of 3,4-:2,3-:2,5-isomers
of 8j. Although the regioselectivities are not exceptionally high,
the ready chromatographic separation of the various isomers
makes this a synthetically tractable approach to 4-substituted
(1-amidoalkyl)pyridine derivatives.

Conclusion
In summary, we have demonstrated a new umpoled disconnection for the one-pot, two-component synthesis of 2-(1amidoalkyl)pyridines using simple, widely-available coupling
partners without the requirement for expensive or criticallyavailable reagents and catalysts. The reactions display good
generality over 10 examples (36–75% yields, average 60%).
Given the medicinal relevance of the (amidoalkyl)pyridine
products, and the convergent nature of the reaction, we believe
that the method should find ready application in the concise
synthesis of bioactive molecules.

Supporting Information
Supporting Information File 1
Experimental procedures and full compound
characterisation data for products 8a–j.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-12-1-S1.pdf]
Scheme 2: Substrate scope of the direct amidoalkylation of pyridine
N-oxides.

Next we examined the behaviour of different 4-substituted pyridine N-oxides (either commercially available or prepared by
oxidation of the corresponding pyridine with m-chloroperbenzoic acid) with a leucine-derived azlactone. The presence of
bulkier alkyl or aromatic substituents was well tolerated, giving
products 8e and 8f in good yield; however, the presence of an
electron-donating methoxy group led to a lower yield of 8g
(45%). This may reflect the lower electrophilicity of the activated pyridine N-oxide, which may allow non-productive azlac-

Supporting Information File 2
Copies of spectra for products 8a–j.
[http://www.beilstein-journals.org/bjoc/content/
supplementary/1860-5397-12-1-S2.pdf]
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Abstract
The methylene group of various substituted 2- and 4-benzylpyridines, benzyldiazines and benzyl(iso)quinolines was successfully
oxidized to the corresponding benzylic ketones using a copper or iron catalyst and molecular oxygen as the stoichiometric oxidant.
Application of the protocol in API synthesis is exemplified by the alternative synthesis of a precursor to the antimalarial drug
Mefloquine. The oxidation method can also be used to prepare metabolites of APIs which is illustrated for the natural product papaverine. ICP–MS analysis of the purified reaction products revealed that the base metal impurity was well below the regulatory limit.

Introduction
Direct oxidation of C(sp3)–H bonds is a useful and fast method
to convert fairly unreactive substrates to useful functional
groups for organic synthesis like alcohols, ketones, aldehydes
and carboxylic acids. Classical oxidation protocols rely on the
use of (super)stoichiometric quantities of oxyanions of toxic
metals like Mn(VII) and Cr(VI) [1,2]. The amount of waste
these oxidants produce and limitations on their use by new
legislation [3] has prompted scientists to search for more sustainable oxidation methods. The use of transition metal- or
organocatalysis in combination with molecular oxygen has
received a great deal of attention from the scientific community

[4-7]. Molecular oxygen is considered to be the greenest
oxidant available and it is already widely employed by the
commodity chemical industry [8]. However, when looking at
the preparation of more complex molecules, typical for fine
chemicals, the use of aerobic oxidations is more the exception
than the norm [9]. This is partly due to the limited synthetic
scope and selectivity of the available oxidation methods.
Further research into selective and mild aerobic oxidations is
therefore of vital importance. Of special interest are the transition metal- and organocatalyzed oxidations of activated methylenes such as in benzylic methylenes or their heteroaromatic an-
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alogues. Due to the activation, the formation of the corresponding ketones and aldehydes becomes feasible under mild conditions. Oxidations of this kind using Oxone® [10,11], NaOCl
[12] or especially peroxides [13-19] as the terminal oxidant are
quite numerous. However, transformations using molecular
oxygen are rare. Ishii showed that organocatalysts such as
N-hydroxyphthalimide (NHPI) in combination with molecular
oxygen can be used to perform benzylic oxidations [20]. The
aerobic copper-catalyzed α-oxygenation of 2-arylthioacetamides was reported by Moghaddam [21]. In this transformation CuCl2 and K2CO3 in DMF were used to produce
α-ketoarylthioacetamides. The coupling of 2-arylacetaldehydes
with anilines resulting in the formation of 2-aryl-α-ketoacetamides was reported by Jiao [22] and a closely related intramolecular variant leading to isatins has been published by
Ilangovan [23]. A remarkable Cu-catalyzed chemoselective oxidative C–C bond cleavage of methyl ketones was reported by
the group of Liu and Bi [24]. This useful transformation makes
use of CuI/O2 in DMSO to convert methyl ketones into aldehydes in a sustainable manner.
Recently our group reported a synthetic protocol for the copperand iron-catalyzed aerobic oxidation of the methylene group of
aryl(di)azinylmethanes using acetic acid as a promotor [25].
The resulting ketones are very valuable as they are intermediates in the synthesis of a variety of pharmaceuticals such as the
antimalarial Mefloquine (Lariam®), the antihistamine Acrivastine, the β2-adrenergic agonist Rimiterol and the anxiolytic
Bromazepam [26]. Furthermore, they can also be used to
synthesize the 1st and 2nd generation antihistamines Carbinoxamine, Bepotastine and Triprolidine through an alternative synthetic route. In addition to these synthetic examples it has been
shown by Kamijo that 4-benzoylpyridines can act as efficient
organocatalysts in the photoinduced oxidation of secondary
alcohols [27]. Very recently the group of Zhuo and Lei
disclosed an alteration to our reaction conditions to further
extend the substrate scope [28]. Ethyl chloroacetate was used as
the promotor instead of acetic acid, allowing the authors to additionally oxidize less reactive alkyl-substituted pyridines. Gao
showed that NH4I can also be used as an organocatalyst in combination with AcOH to facilitate the oxidation of benzylpyridines to benzoylpyridines [29]. Satoh and Miura showed
that when replacing O2 for Na2S2O8 chemoselective methylenation occurred over oxygenation of the methylene with DMA
acting as a one-carbon source [30]. An alternative method to
synthesize picolinic amides from picolines and ammonium
acetate or amines using a similar oxidation protocol was simultaneously proposed by the groups of Deng and Yin [31,32]. In
the current work we study the expansion of the scope of our
previously disclosed method and provide specific examples of
applications in organic synthesis.

Results and Discussion
Substrate scope
In our communication we provided a reaction scope of phenylsubstituted 2-benzylpyridines and showed that both, electronwithdrawing and donating groups are well tolerated. The results
additionally indicated that either Cu and Fe catalysts (CuI and
FeCl2·4H2O) worked equally well for this substrate class [25].
In the framework of this work a similar study was executed for
the regioisomeric 4-benzylpyridines using FeCl2·4H2O as the
catalyst. Under the standard conditions previously developed
for 2-benzylpyridines these substrates smoothly oxidized giving
the corresponding ketones in moderate to good yields (Table 1).
Also in this case electron-donating as well as electron-withdrawing substituents on the phenyl ring are well tolerated and
their electronic properties have little influence on the yield of
the reaction. Even substituents that are sensitive to oxidation
such as NH2 (2b) and SMe (2c) appear to be no problem although the reaction products were isolated in slightly lower
yields.

Table 1: Iron-catalyzed aerobic oxidation of phenyl-substituted
4-benzylpyridines (1).a

Entry

Substrate

R

Product

Yield (%)b

1
2
3
4
5
6
7
8
9
10
11
12

1a
1b
1c
1d
1e
1f
1g
1h
1i
1j
1k
1l

H
NH2
SMe
OMe
Me
I
Br
Cl
F
CO2Et
CN
NO2

2a
2b
2c
2d
2e
2f
2g
2h
2i
2j
2k
2l

70
55
56
67
79
77
85
66
76
61
79
60

aReactions

were performed on a 0.5 mmol scale in 1 mL of solvent
using 1 atmosphere of O2 (balloon). bIsolated yields.

Next, pyridine rather than phenyl-substitution was studied. In
contrast to the phenyl-substituted compounds, substitution on
the pyridine ring exerted a large influence on the rate of the
reaction (Table 2). This is not surprising when considering the
mechanism of the reaction involving an initial acid catalyzed
imine–enamine tautomerization (the calculation of the equilibrium constants can be found in Supporting Information File 1,
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Table 2: Iron and copper-catalyzed aerobic oxidation of pyridine-substituted 2-benzylpyridines (3).a

Entry

Catalyst

Substrate

R

Product

Yield 3 (%)b

Yield 4 (%)b

1
2
3
4
5
6
7
8
9
10
11
12
13
14
15
16
17
18
19
20
21
22
23
24
25

FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI
CuI

3a
3a
3a
3b
3b
3b
3c
3c
3c
3d
3d
3e
3e
3e
3f
3f
3g
3g
3g
3h
3h
3h
3i
3i
3i

5-CN
5-CN
5-CNc
5-Me
5-Me
5-Mec
5-OMe
5-OMe
5-OMed,e
5-CO2Me
5-CO2Me
5-NHCOMe
5-NHCOMe
5-NHCOMec
4-Cl
4-Cl
3-Cl
3-Cl
3-Cld,e
5-Cl
5-Cl
5-Cld,e
6-Cl
6-Cl
6-Cle, f

4a
4a
4a
4b
4b
4b
4c
4c
4c
4d
4d
4e
4e
4e
4f
4f
4g
4g
4g
4h
4h
4h
4i
4i
4i

19
18
0
9
9
0
65
66
0
0
0
0
27
0
0
8
73
71
0
70
69
0
90
91
0

67
66
83
73
82
72
15
15
65
69
62
64
56
91
85
88
23
22
87
20
15
92
0
0
59

aReactions
e130

were performed on a 0.5 mmol scale in 1 mL of solvent using 1 atmosphere of O2 (balloon). bIsolated yields. c48 h. dAcOH (3 equiv).
°C. fTFA (3 equiv).

Table S1) [33]. As the substituent is now located in the ring
where the tautomerization will take place the electronic effect
and the position of this substituent is expected to have a large
effect on it. In general one expects the tautomerization to
proceed more efficiently when the pyridine nitrogen becomes
more basic and the methylene hydrogen becomes more acidic.
In Table 2 the results on pyridine-substituted 2-benzylpyridines
using both Fe and Cu catalysis are shown. Under the standard
conditions only a small number of substrates reached full
conversion after 24 hours. Based on our findings that placing
substituents on the phenyl ring, both in 2- and 4-benzylpyridines and irrespective of their electronic nature, has little influence on the yield of the reaction the largest substituent effect
is expected to be on the basicity of the pyridine nitrogen and not
that much on the acidity of the methylene hydrogen.

While the thermodynamical equilibrium constant between the
imine and enamine tautomers predicts whether or not a substrate can be oxidized (see Supporting Information File 1), it
does not provide an explanation for the incomplete conversion
that is seen in most cases of the pyridine-substituted 2-benzylpyridines. We attribute the low conversions to the fact that the
pyridine nitrogen becomes less basic and therefore protonation
by AcOH becomes unfavored. This is supported by the fact that
the rate of deuterium incorporation in the benzylic position of
16 and 3h through acid-catalyzed imine–enamine tautomerization is dependent on the strength of the acid used (Figure 1).
The rate of deuterium incorporation in 2-benzylpyridine (16,
pKa ≈ 5.2) is much faster when using TFA-d1 than with AcOHd4 [34,35]. With the less basic 2-benzyl-5-chloropyridine (3h,
pKa ≈ 3.0) the difference is even more pronounced: Almost no
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Figure 1: Hydrogen–deuterium exchange through acid-catalyzed imine–enamine tautomerization of 3h (0.5 M) and 16 (0.5 M) using AcOH-d4 (0.5 M)
or TFA-d1 (0.5 M). 1H NMR spectroscopy was used to quantify the monodeuterated species.
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deuterium incorporation could be detected using AcOH-d 4
while the reaction ran smoothly using the stronger acid TFA-d1.
From this we conclude that when the pyridine nitrogen becomes
less basic and protonation by the acid thus becomes more difficult, using more equivalents of the acid or a stronger acid
is needed to reach full conversion. When we compare the
different pK a values of substituted pyridines we see that
2-benzylpyridine (16, pK a ≈ 5.2) is one of the most basic
pyridines [34,35]. Substituents in the 5-position generally give
poor conversion in accordance with their lower pKa values:
5-CN (pKa ≈ 1.3, Table 2, entries 1 and 2), 5-OMe (pKa ≈ 4.9,
Table 2, entries 7 and 8) and 5-Cl (pKa ≈ 3.0, Table 2, entries 20
and 21) with the exception of 5-CO2Me (pKa ≈ 3.1, Table 2,
entries 10 and 11). When investigating regioisomeric substrates
featuring chloro substituents in all possible positions of the
pyridine ring only the 4-Cl (pKa ≈ 3.8, Table 2, entries 15 and
16) substrate reaches full conversion under the standard conditions. The 3-Cl and 5-Cl regioisomers have a similar pKa value
(pKa ≈ 2.98) and therefore show similar reactivity (Table 2,
entries 17 and 18 and entries 20 and 21) with only limited
conversion. A remarkable case is the 6-Cl-substituted substrate
(pKa ≈ 0.8, Table 2, entries 23 and 24), which did not react at all
under the standard conditions. The low basicity of the pyridine
nitrogen is the reason for this lack of reactivity. In addition the
enamine form of this compound is also highly unfavored (see
Supporting Information File 1).
To reach full conversion for all substrates we re-optimized the
reaction conditions. Although similar results for Fe and Cu catalysis were obtained after 24 h, CuI was selected for this

purpose. The reasoning behind this is reflected in the chemoselectivity experiments (vide infra), where it was shown that CuI
is a slightly more potent catalyst than FeCl2·4H2O. Additionally, comparison of the reaction rate for both catalysts on the
standard substrate 2-benzylpyridine (16) further supports this
(vi,Cu = 1.088 × 10−3 M min−1; vi,Fe = 1.013 × 10−3 M min−1,
see Supporting Information File 1, Figure S2). For substrates
that already gave reasonable conversions (>60%) using the standard conditions (Table 2, entries 3, 6 and 14) the reaction time
was doubled to 48 hours which was sufficient to achieve full
conversion. For substrates that are harder to oxidize (<60%
conversion) due to too low pKa a combination of a higher temperature and the addition of more (three) equivalents of acetic
acid was needed (Table 2, entries 9, 19 and 22). Considering the
low basicity of compound 3i, 3 equivalents of the stronger acid
TFA were used (Table 2, entry 25).
Next, the effect of benzoannulation (quinoline) and C–H for N
substitution (diazines) in the pyridine ring was studied.
Scheme 1 provides an overview of the results for these more
challenging substrates. Interestingly, phenyl(quinolin-2yl)methanone (6a) and phenyl(quinolin-4-yl)methanone (6b)
were formed in moderate yields indicating that larger aromatic
systems are compatible with the reaction conditions. In the case
of 2-(4-chlorobenzyl)pyrimidine (5c) the standard conditions
allowed smooth oxidation providing the target compound
in an excellent yield. For the regioisomeric diazine, (4-chlorobenzyl)pyrazine (5d), no oxidation was observed after 24 h at
100 °C. To our delight, by increasing the reaction temperature
to 130 °C, (4-chlorophenyl)(pyrazin-2-yl)methanone (6d) could

Scheme 1: Benzylic oxygenation of benzoannulated azines and diazines (5).
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be obtained in 92% yield. In contrast to the two former cases,
4-(4-chlorobenzyl)pyrimidine (5e) could neither be oxidized at
100 °C nor at 130 °C. Competitive C–H activation of the 2 position is presumed to be the reason for this observation. Blocking
this position by a methyl group (5f) delivered the corresponding ketone 6f, albeit in a poor yield of 40%, thus supporting the
metalation hypothesis. The regioisomer of diazine 5f, 3-benzyl6-methylpyridazine (5g), could be smoothly oxidized to the corresponding ketone in 81% yield. It is worth mentioning that in
5f as well as 5g no additional oxidation of the methyl group was
seen [25].

strate. This compound is structurally interesting as it is activated by both a pyridin-2-yl and a quinolin-4-yl moiety
(Scheme 2, bottom). The synthesis of substrate 12 was accomplished by a cross-coupling reaction of pyridine alcohol 11 with
commercial 4-chloro-2,8-bis(trifluoromethyl)quinoline (7b) according to a procedure published by Oshima [40]. In this way,
12 was obtained in 63% yield and its subsequent Fe-catalyzed
oxidation provided 10 in 63% isolated yield. In principle substrate 7a could also be used but the chloro analogue is cheaper.
The final reduction of 10 into Mefloquine has been described
earlier and can also be achieved in an enantioselective manner
[41].

Applications
An example of an important pharmaceutical which is industrially prepared from an azinyl benzoazinyl ketone, namely (2,8bis(trifluoromethyl)quinolin-4-yl)(pyridin-2-yl)methanone (10),
is the antimalarial Mefloquine (13) [36]. This drug is listed on
the World Health Organization essential medicines list and
despite numerous side effects it remains one of the most effective antimalarial drugs on the market [37,38]. Its classical synthesis (Scheme 2, top) is based on the lithiation of 4-bromo-2,8bis(trifluoromethyl)quinoline (7a) and quenching with CO2 resulting in the formation of 2,8-bis(trifluoromethyl)quinoline-4carboxylic acid (8). Reaction of 8 with in situ generated
2-pyridyllithium (9) finally yields ketone 10 [39].
We considered a new approach based on 4-(pyridin-2ylmethyl)-2,8-bis(trifluoromethyl)quinoline (12) as the sub-

Human metabolism can produce metabolites of pharmaceuticals that possess completely different properties such as for
instance biological activity, toxicity and clearance rates. Rapid
identification and synthesis of potential drug metabolites is
therefore of great importance to facilitate the drug discovery
process [42]. For this purpose chemoselective oxidation protocols are a valuable tool since they can provide us with metabolites typically generated by cytochrome P450 enzymes. Bearing
this in mind we attempted to oxygenate the benzylic position of
the antispasmodic drug papaverine (14) applying our oxidation
protocol (Scheme 3). The resulting compound is known as
papaveraldine (15), a byproduct from the extraction of papaverine from Papaver somniferum. Papaverine is a challenging
substrate as besides the methylene part it also features two oxidation sensitive veratrole units. Interestingly, a highly chemose-

Scheme 2: Classical (top) and new formal (bottom) synthesis of Mefloquine.
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Scheme 3: Iron-catalyzed aerobic oxidation of papaverine (15).

lective oxidation was observed and compound 15 was isolated
in 60% yield.

Trace metal analysis
When using transition metal catalysis in the synthesis of compounds designated for application (pharmaceuticals, agrochemicals, materials) it is of vital importance to control and determine any metal impurity in the reaction product. In case the
selected purification methods proved insufficient to get the
metal contaminations below the maximum allowed threshold
value set for active ingredients (AIs), an extra treatment might
be required. This is especially true if the catalysis is performed
in a late stage of a synthesis thus making the method less attractive and sustainable. While class 1 metals such as Pd and Pt
have oral exposure limits of 10 ppm, Cu and Fe are respectively class 2 and class 3 metals with oral exposure limits of
250 ppm and 1300 ppm [43]. The fact that Cu and Fe are more
abundant, cheaper and benign makes them an interesting choice
as transition metal catalysts. To determine the Cu and Fe
contents present in our samples ICP–MS analysis was performed. Copper contents ranged from 5 to 21 ppm, all well
below the limit of 250 ppm. Iron contents were slightly higher
ranging from 29 to 57 ppm but again still well below the regulatory maximum value (see Supporting Information File 1, Figure
S1). It should be noted that these values pertain to the purified
compounds after column chromatography. The influence of the
work-up procedure on the remaining metal impurities was investigated for one of our applications, namely the papaveraldine (15) synthesis (Table 3). Applying the standard purifica-

tion resulted in 54 ppm of Fe remaining. Omitting the column
chromatography step and solely performing the aqueous extraction provided a much higher value, namely 1097 ppm. However, if after the extraction a recrystallization step of the reaction
product is performed the Fe level can be lowered further to
300 ppm which is well below the legal limit for oral exposure
(see Supporting Information File 1).

Alternative solvents
A solvent screening was subsequently performed focusing
mainly on greener solvents than DMSO with a boiling point
above 100 °C in order to allow a direct comparison at the same
reaction temperature [44,45] (Table 4). All reactions were performed in a round-bottomed flask equipped with a reflux
condenser under oxygen atmosphere at a 5 mmol scale to
be able to reliably quantify remaining starting material.
2-Benzylpyridine (16) was selected as the substrate for this
study. The reaction in anisole and n-BuOAc gave full conversion after 24 hours with excellent yields. With 1,4-dioxane, toluene, cyclopentyl methyl ether and n-BuOH as the solvent some
starting product was recovered, however, with a good mass
balance suggesting that the reaction is just slower in these solvents than in DMSO. From this we can conclude that the reaction is compatible with a variety of other solvents. In addition to
the above results, Kappe et al. successfully applied our protocol
in a flow process [46]. They intensified the process by working
at 200 °C which allowed them to lower the catalyst loading
(FeCl3) to 5 mol % and to omit acetic acid as the activator. As
DMSO degraded and produced repulsive odors at these high

Table 3: The influence of the purification method on the amount of Fe impurities in papaveraldine (15) after oxidation.

Entry

Purification method

Fe impurity in 15 (ppm)

1
2
3

Extractiona + column chromatographyb
Extractiona
Extractiona + recrystallizationc

54
1097
300

aWashing

subsequently with sat. aq NaHCO3 and brine, extraction with dichloromethane. bSilica flash cartridge applying a heptane/ethyl acetate
gradient. cRecrystallization from a 2 M HCl solution.
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temperatures the authors switched to propylene carbonate as the
solvent.

Table 4: An extended solvent screening for the base metal-catalyzed
aerobic oxidation reaction.a

Entry

Solventb

Yield 16 (%)c

Yield 17 (%)c

1
2
3
4
5
6
7

DMSOd
anisolee
n-BuOAce
1,4-dioxanef
toluened
CPMEd
n-BuOHe

0
0
0
2
18
5
5

87
85
89
85
67
80
73

aReactions

were performed on a 5 mmol scale in 10 mL of solvent
using 1 atmosphere of O2 (balloon). bClassification of solvents as provided in [44]. cIsolated yields. dProblematic. eRecommended.
fHazardous.

benzyl)-2-methylpyrazine (18a). Pyrazine 18a features three
possible positions for methylene oxidation: a benzyl,
benzhydryl and a 1,4-diazinylmethyl moiety. When 18a was
submitted to the Cu-catalyzed reaction conditions at 130 °C,
only the bis-oxidation product 6-(4-methylbenzoyl)pyrazine-2carbaldehyde (20a) was obtained in 61% (Table 5, entry 1).
Interestingly, when switching to FeCl2·4H2O as the catalyst
in the reaction, only mono-oxidation at the benzhydrylic
methylene occurred, providing (6-methylpyrazin-2-yl)(ptolyl)methanone (19a) in 57% yield (Table 5, entry 2). A similar chemoselectivity was observed for the oxidation of 18b
where Cu catalysis lead to bis-oxidation (20b, Table 5, entry 4)
while Fe catalysis resulted in mono-oxidation (19b, Table 5,
entry 5).
When the reaction with 18a using Cu catalysis is performed in
n-BuOAc as solvent instead of DMSO only compound 19a was
isolated after 48 hours of reaction (starting material was still
present after 24 hours, Table 5, entry 3). The same trend was
observed in the reaction of 18b. Here under Cu catalysis at
130 °C in n-BuOAc also only benzhydrylic oxidation occurred
and (6-methylpyridin-2-yl)(p-tolyl)methanone (19b) was isolated in 64% yield as the sole product. These results demonstrate
that the oxidation power of the catalytic system can be tuned by
careful selection of the solvent as well as the base metal.

Chemoselectivity
When multiple activated methylene motifs are present the
chemoselective oxidation of one of these positions can be
achieved as we previously exemplified for 2-methyl-6-(4methylbenzyl)pyridine (18b, Table 5, entries 4 and 5). This
interesting selectivity was further expanded on 6-(4-methyl-

Conclusion
This work shows that the oxidation protocol disclosed in 2012
by our group can be applied to a much broader substrate scope
than originally investigated. Furthermore we have shown that
when the nature of the substituents does not permit full conver-

Table 5: Chemoselectivity obtained by selection of catalyst and solvent.a

Entry

Substrate

Catalyst

Solvent

Yield 19 (%)b

Yield 20 (%)b

1
2
3
4
5
6

18a
18a
18a
18bd
18bd
18b

CuI
FeCl2·4H2O
CuI
CuI
FeCl2·4H2O
CuI

DMSO
DMSO
n-BuOAc
DMSO
DMSO
n-BuOAc

0
57
78c
0
85
64

61
0
0
62
0
0

aReactions

were performed on a 0.5 mmol scale in 1 mL of solvent using 1 atmosphere of O2 (balloon). bIsolated yields. c48 h. dReported in our communication, see [25].

151

Beilstein J. Org. Chem. 2016, 12, 144–153.

sion after 24 hours, the standard conditions can be easily
amended to increase the rate of the reaction. ICP–MS analysis
was performed on a representative set of molecules from the
scope disclosed to determine the Cu or Fe impurities remaining
after work-up of the reaction products. This revealed that only
low amounts remained, that are well below the regulatory
limits. In addition, for papaveraldine a comparison between different purification procedures was performed in order to determine their influence on the amount of metal impurity
remaining. While the reaction is compatible with a large number of solvents including sustainable ones, DMSO appears to
give the fastest reactions. This is also reflected in the chemoselectivity studies where DMSO is the only solvent in which oxidation of a (di)azinylmethyl is possible.
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Abstract
This study aimed to prepare robust immobilized formate dehydrogenase (FDH) preparations which can be used as effective biocatalysts along with functional oxidoreductases, in which in situ regeneration of NADH is required. For this purpose, Candida
methylica FDH was covalently immobilized onto Immobead 150 support (FDHI150), Immobead 150 support modified with ethylenediamine and then activated with glutaraldehyde (FDHIGLU), and Immobead 150 support functionalized with aldehyde groups
(FDHIALD). The highest immobilization yield and activity yield were obtained as 90% and 132%, respectively when Immobead
150 functionalized with aldehyde groups was used as support. The half-life times (t1/2) of free FDH, FDHI150, FDHIGLU and
FDHIALD were calculated as 10.6, 28.9, 22.4 and 38.5 h, respectively at 35 °C. FDHI150, FDHIGLU and FDHIALD retained 69,
38 and 51% of their initial activities, respectively after 10 reuses. The results show that the FDHI150, FDHIGLU and FDHIALD
offer feasible potentials for in situ regeneration of NADH.

Introduction
Dehydrogenases are one of the most promising enzymes in
biocatalysis since these enzymes have a great potential in the
enantioselective reduction of ketones [1,2] and/or carbon–car-

bon double bonds [3,4] to produce optically active compounds.
However, most dehydrogenases use an expensive cofactor such
as NAD(H) or NADP(H) [5]. Therefore, the regeneration of the
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cofactor is required to decrease operational costs. NAD+-dependent formate dehydrogenase (FDH, EC 1.2.1.2) catalyzes
oxidation of formate to carbon dioxide (CO2) [6]. FDH is industrially used as coenzyme for the regeneration of NADH [7,8], as
sensor for the determination of formic acid [9], and as catalyst
for the production of methanol or formate from CO2 [10,11]. It
was reported that FDH is a promising enzyme for the regeneration of NADH since the reaction product of FDH-catalyzed
formate oxidation is CO2 which does not interfere with the
purification of the final product [12,13]. However, free FDHs
have low thermal stability [14] and lack of reusability, therefore, the immobilization of FDH has been of increasing interest
in the recent years. For example, Netto et al. [15] immobilized
FDH from Candida boidinii on three different magnetic
supports and the results showed that conversion rates and recycling values were changed depending on the support used for
immobilization. Bolivar et al. [16] used different strategies for
the immobilization of FDH from Candida boidinii and reported
that the stabilization factors were changed depending on the immobilization protocol. Kim et al. [17] immobilized FDH from
Candida boidinii as cross-linked enzyme aggregate (CLEA) and
demonstrated that the residual activity and thermal stability of
CLEA were strictly dependent on the type of cross-linker.
Epoxy group containing supports are widely used in enzyme
immobilization studies to obtain highly stable enzyme preparations by using multi-point attachment strategies [18-20]. The
immobilization mechanism of enzymes is based on the hydrophobic adsorption of enzymes onto the supports and then the
covalent immobilization of enzymes. Besides, these supports
are easily modified to generate new groups for the immobilization of enzymes with different mechanism. This allows us the
preparation of biocatalysts with different properties [21-23].
Glutaraldehyde-activated supports have been extensively used
in enzyme immobilization studies for many years [24]. However, the exact structure of the groups formed by glutaraldehyde is
still under discussion, a Schiff base reaction between the carbonyl group of glutaraldehyde and the terminal amino functional group could be expected [25,26].
Candida methylica FDH is a dimeric enzyme [27] and it may be
easily inactivated by the dissociation of its subunits depending
on reaction conditions. Hence, the use of a proper immobilization technique and support could stabilize its dimeric form. In
this study, NAD+-dependent FDH from Candida methylica was
covalently immobilized onto Immobead 150, an epoxy group
containing commercial support, and Immobead 150 support
modified with ethylenediamine and then activated with
glutaraldehyde, and Immobead 150 support functionalized with
aldehyde groups. The optimum conditions of free and immobilized FDH preparations were determined for formate oxidation.

The thermal stability of free and immobilized FDH preparations was tested at 35 and 50 °C. The operational stability
studies of the immobilized FDHs were performed in a batch
reactor. As far as we know, this is the first report regarding the
covalent immobilization of Candida methylica FDH.

Results and Discussion
It is well documented that one of the factors affecting the performance of an immobilized enzyme is the type of binding
groups on the support which provides higher loading of enzyme and higher retention of activity [28]. Epoxy group containing supports are widely used in the immobilization of many
enzymes through multi-point covalent attachments since epoxy
groups can easily react with different nucleophiles highly abundant in the protein surface such as primary amine, sulfhydryl
and carboxylic groups [21]. In this study, Immobead 150 was
used as epoxy group containing supports for the immobilization of C. methylica FDH (Figure 1a). The amount of bound
protein was determined as 85% of the initial loading protein per
gram of Immobead 150 support and the immobilized FDH
(FDHI150) showed 31% activity of the free FDH upon immobilization. Another commonly used strategy to covalently immobilize enzyme is using a bifunctional reagent glutaraldehyde. A
Schiff base is formed between the carbonyl group of glutaraldehyde and the amino functional groups of the enzyme [29]. In
this study, Immobead 150 support was modified with ethylenediamine and then activated with glutaraldehyde for the covalent
immobilization of C. methylica FDH (Figure 1b). The amount
of bound protein was determined as 75% of the initial loading
protein per gram of the support and the immobilized FDH
(FDHIGLU) showed 105% activity of the free FDH upon immobilization. In recent years, using short spacer arm containing
supports has become very popular in enzyme immobilization
due to enhancement of the stability of the enzyme [30]. In this
study, Immobead 150 support was kept in 1 M acetic acid solution to produce vicinal diols and then the formed diols were oxidatively cleaved with NaIO4 to produce aldehyde groups onto
the support (Figure 1c). The amount of bound protein was determined as 90% of the initial loading protein per gram of the
support and the immobilized FDH (FDHIALD) showed 132%
activity of the free FDH upon immobilization. The higher retention activities of FDHIGLU and FDHIALD may be related to
the prevention of subunit dissociation depending on the immobilization procedure.
The activity changes of free and immobilized FDH preparations depending on the medium pH were given in Figure 2. The
free FDH showed 2% of its maximum activity at pH 4.0 whereas FDHI150, FDHIGLU and FDHIALD showed 64, 45 and
59% of their maximum activities at the same pH. The activities
of both free and immobilized FDH preparations increased by in-
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Figure 1: The immobilization scheme of FDH onto Immobead 150 and modified Immobead 150 supports.

creasing the pH and all the FDH preparations showed their
maximum activities at pH 7.0. When the pH was further increased to 8.0, the determined activities of free FDH, FDHI150,
FDHIGLU and FDHIALD were 95, 90, 71 and 79% of their
maximum activities, respectively. Gao et al. [31] reported the
optimal pH values were 7.0 for both free FDH and immobilized
FDH onto polydopamine-coated iron oxide nanoparticles (PDIONPs). The optimum pH values of the both free Pseudomonas
sp. 101 FDH and its immobilized form onto glyoxylagarose
were reported as 7.0 [16].

Figure 2: The effect of pH on the activities of free and immobilized
FDH preparations. The FDH activity at pH 7.0 was taken as 100% for
the each preparation. The experiments were run in triplicate.

The temperature–activity profiles of free and immobilized FDH
preparations were given in Figure 3. The relative activities were
67, 78, 64 and 88%, respectively for free FDH, FDHI150,
FDHIGLU and FDHIALD at 25 °C. The activities of free and
immobilized FDHs increased with the temperature increasing
from 25 to 35 °C and all the FDH preparations showed their
maximum activities at 35 °C. The activities of free and immobi-
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lized FDH preparations decreased at the temperatures above
35 °C. Netto et al. [15] reported that the optimum temperature
of free Candida boidinii FDH was 37 °C whereas the optimum
temperatures of its immobilized forms were quite different
depending on the used immobilization procedure. The optimum
temperature of C. boidinii FDH immobilized onto magnetite
nanoparticles silanized with (3-aminopropyl)triethoxysilane was
42 °C whereas the optimum temperature was 27 °C when this
support was further coated with glyoxylagarose and then
C. boidinii FDH was immobilized onto it.

incubation time. However, FDHI150, FDHIGLU and
FDHIALD retained 62, 48 and 69% of their initial activities, respectively at 35 °C after 24 h incubation time. At 50 °C, the free
FDH completely lost its initial activity whereas FDHI150,
FDHIGLU and FDHIALD retained 54, 35 and 56% of their
initial activities, respectively after 24 h incubation time
(Figure 5). The half-life times (t1/2) of free FDH, FDHI150,
FDHIGLU and FDHIALD were calculated as 10.6, 28.9, 22.4
and 38.5 h, respectively at 35 °C (Table 1). The corresponding
t1/2 values were 8.1, 23.1, 15.1 and 23.9 h at 50 °C. These
results showed that the free FDH was stabilized 2.7, 2.1 and
3.1 fold at 35 °C and 2.8, 1.9 and 2.9 fold at 50 °C when it was
immobilized onto Immobead 150, Immobead 150 via
glutaraldehyde spacer arm, and Immobead 150 support functionalized with aldehyde group. These results show that a strong
and stable imino bond could be formed between the aldehyde
group of the modified Immobead 150 support and the terminal

Figure 3: The effect of temperature on the activities of free and immobilized FDH preparations. The enzyme activity at 35 °C is taken as
100% for the each preparation. The experiments were run in triplicate.

It is generally expected from the covalently immobilized enzymes that they should be more durable against temperature
inactivation than their free forms. As shown in Figure 4, the
free FDH completely lost its initial activity at 35 °C after 24 h

Figure 5: Thermal stability of free and immobilized FDH preparations
at 50 °C.

Table 1: The results of thermal stability experiments of free and immobilized FDH at 35 and 50 °C.

Catalyst

Figure 4: Thermal stability of free and immobilized FDH preparations
at 35 °C.

Temperature

t1/2
(h)

ki
(h−1)

Stabilization
factor

Free FDH 35 °C
50 °C

10.6
8.1

6.5 × 10−2
8.5 × 10−2

–
–

FDHI150

35 °C
50 °C

28.9
23.1

2.4 × 10−2
3.0 × 10−2

2.7
2.8

FDHIGLU 35 °C
50 °C

22.4
15.1

3.1 × 10−2
4.6 × 10−2

2.1
1.9

FDHIALD 35 °C
50 °C

38.5
23.9

1.8 × 10−2
2.9 × 10−2

3.6
2.9
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amino group of the enzyme at pH 6.0. Kim et al. [17] investigated the thermal stability of free C. boidinii FDH and immobilized FDH as cross-linked enzyme aggregates and reported that
cross-linked enzyme aggregates of C. boidinii FDH prepared
with dextrane polyaldehyde and glutaraldehyde showed 3.6 and
4.0 folds higher stability than the free FDH at 50 °C.
It is an important feature to reuse a biocatalyst for many cycles
without loss of initial activity. In this study, the operational
stability of immobilized FDHs was tested in the batch type
reactor for 10 reuses (Figure 6). The immobilized FDHs nearly
protected their initial activities after 2 reuses. The remaining activities of FDHI150, FDHIGLU and FDHIALD were 69, 38 and
51%, respectively after 10 reuses. Gao et al. [31] reported that
mutant FDH immobilized onto PD-IONPs protected 60% of its
initial activity after 17 cycles. Kim et al. [17] determined that
C. boidinii FDH immobilized as cross-linked enzyme aggregates prepared with dextrane polyaldehyde and glutaraldehyde,
retained 96 and 89% of their initial activities, respectively after
10 reuses.

Figure 6: The reusability of immobilized FDHs.

Conclusion
In this study, the covalent immobilization of C. methylica FDH
onto Immobead 150 support and modified Immobead 150
supports were investigated. A higher immobilization yield was
obtained when tthe Immobead 150 support functionalized with
aldehyde groups was used as support. Of the tested FDH preparations, FDHIALD showed highest catalytic efficiency and
stability than the free FDH, FDHI150 and FDHIGLU.
FDHI150, FDHIGLU and FDHIALD retained 69, 38 and 51%
of their initial activities, respectively after 10 reuses. In conclusion, Immobead 150 support functionalized with aldehyde
groups may be a potential candidate for the immobilization of
enzymes and the immobilized FDHs, especially FDHIALD, is a

robust biocatalyst and it may be used in the combination with
other dehydrogenases to regenerate NADH.

Experimental
Nicotinamide adenine dinucleotide hydrate (NAD+) was purchased from Acros Organics (New Jersey, USA). Sodium
formate, Immobead 150 (Polyacrylic matrix, particle size
250 μm, oxirane content ≥200 μmol/g dry support), ethylenediamine (EDA), glutaraldehyde and sodium metaperiodate were
obtained from Sigma-Aldrich (St. Louis, MO, USA). All other
chemicals used in this study were of analytical grade and used
without further purification.

Purification of C. methylica FDH
The purification of FDH was performed according to Demir et
al. [32]. Briefly, 7 g of wet E. coli BL21 (DE3) cell paste containing the expressed FDH protein was suspended in 10 mL
buffer solution (20 mM Tris–HCl, pH 7.8, 0.5 M NaCl, 5 mM
imidazole) at 4 °C. Then, the cells were disrupted by sonication
and the sonicated cells were harvested by centrifugation
(28000 × g, 30 min) at 4 °C. The cell pellet was resuspended in
an ice-cold buffer (20 mM NaH 2 PO 4 , 0.5 M NaCl, 30 mM
imidazole, pH 7.4). The resuspended cells were further lysed by
adding lysozyme. Then the lysate was filtered through a
0.45 μm filter. The filtered samples were loaded to a His-trap
column after equilibration with 5 mL of the ice-cold buffer.
Then the column was washed with 5 mL of the same buffer.
FDH was eluted with a series of elution buffers: 3 mL of elution
buffer (20 mM phosphate buffer, 0.5 M NaCl with 100 mM
imidazole pH 7.4), 5 mL of elution buffer (20 mM phosphate
buffer, 0.5 M NaCl with 0.2 M imidazole pH 7.4), and finally
3 mL of elution buffer (20 mM phosphate buffer, 0.5 M NaCl
with 0.4 M imidazole pH 7.4). The collected fractions were
analyzed on SDS-PAGE.

Preparation of modified supports
The modification of Immobead 150 support with EDA and
glutaraldehyde was performed according to Yildirim et al. [33].
One gram of Immobead 150 support was treated with 10 mL of
EDA solution (1 M in water, pH 10) for 12 h with mild stirring
at room temperature. Then, the obtained supports were washed
with distilled water and then dried at room temperature. One
gram of EDA treated support was mixed with 25 mL phosphate
buffer (50 mM, pH 7.0) containing 2.5% glutaraldehyde (w/v).
After gently 2 h stirring, the supports were washed with
distilled water and then dried at room temperature.
One gram of Immobead 150 support was treated with 10 mL of
1 M acetic acid solution for 12 h with mild stirring at room temperature. Then, the obtained supports were washed with
distilled water and then dried at room temperature. One gram of
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the support was added onto 25 mL of sodium meta periodate
solution. After 2 h stirring time the supports were washed with
distilled water and then dried at room temperature.

blank tube containing no free or immobilized FDH sample. One
unit of FDH activity was defined as the amount of enzyme produced 1.0 µmol of CO2 from formate in the presence of NAD+
under the assay conditions.

Immobilization of FDH
The covalent immobilization of FDH onto Immobead 150
support was performed according to Alagöz et al. [34]. One
gram of Immobead 150 support was mixed with 9.0 mL of FDH
solution containing 1.0 mg/mL protein in 1.0 M, pH 7.0 phosphate buffer. The mixture was gently shaken at 25 °C in a water
bath during 24 h immobilization time. The immobilized FDH
preparations were filtrated to collect them and washed with
distilled water.
The covalent immobilization of FDH onto Immobead 150 via a
glutaraldehyde spacer arm was performed according to Yildirim
et al. [33] with slight modification. One gram of the modified
support was treated with 9.0 mL of FDH solution containing
1.0 mg/mL protein in 50 mM, pH 7.0 phosphate buffer. The immobilization was allowed to continue in a water bath at 5 °C for
4 h with slow shaking. Then, the immobilized FDH preparations were filtrated to collect them and washed with distilled
water.
The covalent immobilization of FDH onto Immobead 150 functionalized with aldehyde groups was carried out by adding
9.0 mL of FDH solution containing 1.0 mg/mL protein in
50 mM, pH 6.0 citrate buffer onto 1 g of the support. The immobilization was allowed to continue in a water bath at 5 °C for
4 h with slow shaking. Then, the immobilized FDH preparations were filtrated to collect them and washed with distilled
water.

Characterization of FDH
The effect of pH on the activities of free and immobilized FDHs
was investigated at different pHs ranging from 5.0 to 8.0 at
35 °C. The optimal temperatures of free and immobilized FDH
preparations were determined in a temperature range of
25–50 °C at pH 7.0.
The thermal stability of free and immobilized FDH preparations was tested by incubating the preparations at 35 and 50 °C
and measuring the activities of the samples in certain time intervals.

Operational stability of immobilized FDH
The operational stability of the immobilized FDHs was investigated in a batch type column reactor. The immobilized FDH
preparation (0.1 g of each) was loaded to the reactor and 2.6 mL
of phosphate buffer (0.1 M, pH 7.0) and 0.5 mL of 0.2 M sodium formate solution (0.1 M in pH 7.0 phosphate buffer) were
added. The reaction was started by the addition of 0.1 mL
NAD+ solution (10 mM in water) at 25 °C in a water bath. The
reaction mixture was separated from the immobilized FDH and
its absorbance was measured at 340 nm. For the next cycle, the
immobilized FDH was rinsed with the phosphate buffer (5 mL)
and the freshly prepared reaction mixture was added onto it.
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